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ɄŮɟɑɚɖɣɖ ȹɘŬŰɟɘɓɐɠ 

ɇŬ ůɡɜɗŮŰɘəɎ ˊɞɚɡɛŮɟɐ, ŮɡɟɨŰŮɟŬ ɔɜɤůŰɎ əŬɘ ɤɠ ˊɚŬůŰɘəɎ, ŬˊɞŰŮɚɞɨɜ ɛɑŬ Ŭˊɧ 

Űɘɠ ˊɘɞ ɛŬɕɘəɎ ˊŬɟŬɔɧɛŮɜŮɠ əŬŰɖɔɞɟɑŮɠ ɡɚɘəɩɜ ˊŬɔəɞůɛɑɤɠ, əŬɗɩɠ ůɡɜŭɡɎɕɞɡɜ 

ˊɟɞɖɔɛɏɜŮɠ ɘŭɘɧŰɖŰŮɠ ́ ɞɡ ŰŬ əŬɗɘůŰɞɨɜ ŮɝŬɘɟŮŰɘəɎ ɢɟɐůɘɛŬ ůŮ ˊɚɐɗɞɠ ŮűŬɟɛɞɔɩɜ. ɇɞ 

ɢŬɛɖɚɧ əɧůŰɞɠ ˊŬɟŬɔɤɔɐɠ Űɞɡɠ, ɖ ŬɜɗŮəŰɘəɧŰɖŰŬ, Űɞ ɛɘəɟɧ ɓɎɟɞɠ, ɖ ɢŬɛɖɚɐ 

ɖɚŮəŰɟɘəɐ ŬɔɤɔɘɛɧŰɖŰŬ, ɖ ˊŮɟɘɞɟɘůɛɏɜɖ ŭɘŬˊŮɟŬŰɧŰɖŰŬ əŬɘ ɖ ɡɣɖɚɐ ɛɖɢŬɜɘəɐ ŬɜŰɞɢɐ 

ŮɑɜŬɘ ɞɟɘůɛɏɜɞɘ ɛɧɜɞ Ŭˊɧ Űɞɡɠ ɚɧɔɞɡɠ ˊɞɡ ɏɢɞɡɜ əŬŰŬůŰɐůŮɘ ŰŬ ˊɚŬůŰɘəɎ, ŬˊŬɟŬɑŰɖŰŬ 

ɡɚɘəɎ ɔɘŬ Űɖ ɓɘɞɛɖɢŬɜɑŬ Űɟɞűɑɛɤɜ, Űɘɠ əŬŰŬůəŮɡɏɠ, Űɖɜ ɘŬŰɟɘəɐ, Űɖ ɔŮɤɟɔɑŬ əŬɘ 

ɔŮɜɘəɧŰŮɟŬ ɔɘŬ Űɖ ůɨɔɢɟɞɜɖ ɞɘəɞɜɞɛɑŬ. ȷɜɎɚɞɔŬ ɛŮ Űɖ ůɡɛˊŮɟɘűɞɟɎ Űɞɡɠ ůŰɖ 

ɗŮɟɛɧŰɖŰŬ, ŰŬ ˊɚŬůŰɘəɎ ŭɘŬəɟɑɜɞɜŰŬɘ ůŮ ɗŮɟɛɞˊɚŬůŰɘəɎ, ŰŬ ɞˊɞɑŬ ɛˊɞɟɞɨɜ ɜŬ 

ŬɜŬŭɘŬɛɞɟűɤɗɞɨɜ, əŬɘ ůŮ ɗŮɟɛɞůəɚɖɟŬɘɜɧɛŮɜŬ, ŰŬ ɞˊɞɑŬ ůəɚɖɟŬɑɜɞɡɜ ɛɖ 

ŬɜŰɘůŰɟŮˊŰɎ. 

ȼ ŮɡɟɨŰŬŰɖ ɢɟɐůɖ Űɤɜ ˊɚŬůŰɘəɩɜ ɞŭɐɔɖůŮ ůŮ ŮəɟɖəŰɘəɐ Ŭɨɝɖůɖ Űɖɠ ˊŬɟŬɔɤɔɐɠ 

Űɞɡɠ, Ŭűɞɨ Űɞ 1950, ŮəŮɑɜɖ ŬɜŮɟɢɧŰŬɜ ůŮ ɛɧɚɘɠ 1,7 ŮəŬŰɞɛɛɨɟɘŬ Űɧɜɞɡɠ, əŬɘ Űɞ 2018 

ŮɑɢŮ űɗɎůŮɘ Űɞɡɠ 360 ŮəŬŰɞɛɛɨɟɘŬ Űɧɜɞɡɠ. Ƀ ŮŰɐůɘɞɠ ɟɡɗɛɧɠ Ŭɨɝɖůɖɠ Űɖɠ ˊŬɟŬɔɤɔɐɠ 

ɡˊɞɚɞɔɑɕŮŰŬɘ ˊŮɟɑˊɞɡ ůŰɞ 9% əŬɘ ŮəŰɘɛɎŰŬɘ ɧŰɘ ɖ ˊɞůɧŰɖŰŬ ŬɡŰɐ ɗŬ ŭɘˊɚŬůɘŬůŰŮɑ ɛɏůŬ 

ůŰɘɠ ŮˊɧɛŮɜŮɠ ŭɨɞ ŭŮəŬŮŰɑŮɠ. ɆŰɖɜ ȺɡɟɤˊŬɥəɐ Ȱɜɤůɖ, Űɞ ɛŮɔŬɚɨŰŮɟɞ ɛɏɟɞɠ Űɖɠ 

ɕɐŰɖůɖɠ əŬɚɨˊŰŮŰŬɘ Ŭˊɧ ɚɑɔŮɠ ɓŬůɘəɏɠ əŬŰɖɔɞɟɑŮɠ ˊɞɚɡɛŮɟɩɜ, ɧˊɤɠ Űɞ ˊɞɚɡŬɘɗɡɚɏɜɘɞ 

(ɅȺ), Űɞ ˊɞɚɡˊɟɞˊɡɚɏɜɘɞ (ɅɅ), Űɞ ˊɞɚɡɓɘɜɡɚɞɢɚɤɟɑŭɘɞ (PVC), Űɖɜ ˊɞɚɡɞɡɟŮɗɎɜɖ 

(PU), Űɞɜ ˊɞɚɡŰŮɟŮűɗŬɚɘəɧ ŬɘɗɡɚŮůŰɏɟŬ (PET) əŬɘ Űɞ ˊɞɚɡůŰɡɟɏɜɘɞ (PS), ŰŬ ɞˊɞɑŬ, 

ůɨɛűɤɜŬ ɛŮ ŰŬ ŭŮŭɞɛɏɜŬ Űɞɡ 2019, ŬɜŰɘůŰɞɘɢɞɨůŬɜ ůɡɜɞɚɘəɎ ůŰɞ 80% Űɖɠ ůɡɜɞɚɘəɐɠ 

ɕɐŰɖůɖɠ. 

ȼ ůɡɜŮɢɐɠ Ŭɨɝɖůɖ Űɖɠ ˊŬɟŬɔɤɔɐɠ, Űɖɠ ɢɟɐůɖɠ, ŬɚɚɎ əŬɘ Űɖɠ Ŭˊɧɟɟɘɣɖɠ 

ůɡɜɗŮŰɘəɩɜ ˊɞɚɡɛŮɟɩɜ ɏɢŮɘ ɞŭɖɔɐůŮɘ ůŰɖ ůɡůůɩɟŮɡůɖ ŰŮɟɎůŰɘɤɜ ˊɞůɞŰɐŰɤɜ 

ˊɚŬůŰɘəɩɜ ŬˊɞɓɚɐŰɤɜ ůŰɞ ˊŮɟɘɓɎɚɚɞɜ, əŬɗɘůŰɩɜŰŬɠ Űɖɜ ˊɚŬůŰɘəɐ ɟɨˊŬɜůɖ ɏɜŬ Ŭˊɧ 

ŰŬ ˊɚɏɞɜ əɟɑůɘɛŬ ˊŮɟɘɓŬɚɚɞɜŰɘəɎ ˊɟɞɓɚɐɛŬŰŬ Űɖɠ ůɨɔɢɟɞɜɖɠ Ůˊɞɢɐɠ. ɇŬ ˊŮɟɘůůɧŰŮɟŬ 

ˊɚŬůŰɘəɎ ɢŬɟŬəŰɖɟɑɕɞɜŰŬɘ Ŭˊɧ ɡɣɖɚɐ ɢɖɛɘəɐ ůŰŬɗŮɟɧŰɖŰŬ əŬɘ ŭɞɛɘəɐ ŬɜɗŮəŰɘəɧŰɖŰŬ, 

ɛŮ ŬˊɞŰɏɚŮůɛŬ, ɧŰŬɜ ŬˊɞɟɟɑˊŰɞɜŰŬɘ, ɜŬ ˊŬɟŬɛɏɜɞɡɜ ůŰɞ ˊŮɟɘɓɎɚɚɞɜ ɔɘŬ ŭŮəŬŮŰɑŮɠ, 

ɡˊɞɓŬɗɛɑɕɞɜŰŬɠ ŮŭɎűɖ əŬɘ ɡŭɎŰɘɜŬ ɞɘəɞůɡůŰɐɛŬŰŬ. Ƀɘ ɡűɘůŰɎɛŮɜŮɠ ɛɏɗɞŭɞɘ 

ŭɘŬɢŮɑɟɘůɖɠ, ɧˊɤɠ ɖ ɛɖɢŬɜɘəɐ ŬɜŬəɨəɚɤůɖ, ɖ ɢɖɛɘəɐ ŮˊŮɝŮɟɔŬůɑŬ əŬɘ ɖ əŬɨůɖ, ŭŮɜ 

ŮˊŬɟəɞɨɜ ɔɘŬ Űɖɜ ŬɜŰɘɛŮŰɩˊɘůɖ Űɞɡ ˊɟɞɓɚɐɛŬŰɞɠ, əŬɗɩɠ ŮɑŰŮ ɞŭɖɔɞɨɜ ůŮ ɡˊɞɓɎɗɛɘůɖ 

Űɖɠ ˊɞɘɧŰɖŰŬɠ Űɤɜ ɡɚɘəɩɜ ŮɑŰŮ ůɡɜɞŭŮɨɞɜŰŬɘ Ŭˊɧ ɡɣɖɚɧ ŮɜŮɟɔŮɘŬəɧ əɧůŰɞɠ əŬɘ 

ˊŬɟŬɔɤɔɐ ŭŮɡŰŮɟɞɔŮɜɩɜ ɟɨˊɤɜ.  
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ȼ ŬɡɝŬɜɧɛŮɜɖ ŬɜɖůɡɢɑŬ ɔɘŬ Űɖ ůɡůůɩɟŮɡůɖ ˊɚŬůŰɘəɩɜ ŬˊɞɓɚɐŰɤɜ ɏɢŮɘ ůŰɟɏɣŮɘ 

Űɞ ŮɜŭɘŬűɏɟɞɜ ˊɟɞɠ ɓɘɞŬˊɞɘəɞŭɞɛɐůɘɛŬ ˊɞɚɡɛŮɟɐ. ɇŬ ɓɘɞŬˊɞɘəɞŭɞɛɐůɘɛŬ ˊɚŬůŰɘəɎ 

ŮɑɜŬɘ ɡɚɘəɎ ˊɞɡ ɛˊɞɟɞɨɜ ɜŬ Ŭˊɞŭɞɛɖɗɞɨɜ Ŭˊɧ ɛɘəɟɞɞɟɔŬɜɘůɛɞɨɠ, Ůɜɩ ɛˊɞɟŮɑ ɜŬ 

ˊɟɞɏɟɢɞɜŰŬɘ ŮɑŰŮ Ŭˊɧ ɞɟɡəŰɏɠ ˊɟɩŰŮɠ ɨɚŮɠ ŮɑŰŮ Ŭˊɧ ˊɖɔɏɠ űɡůɘəɐɠ ˊɟɞɏɚŮɡůɖɠ 

(ɓɘɞˊɚŬůŰɘəɎ). ɄŬɟɎ ŰŬ ˊɚŮɞɜŮəŰɐɛŬŰɎ Űɞɡɠ, ŰŬ ɓɘɞŬˊɞɘəɞŭɞɛɐůɘɛŬ ˊɞɚɡɛŮɟɐ ŭŮɜ 

ŭɨɜŬŰŬɘ ɜŬ ŭɩůɞɡɜ ɚɨůɖ ůŰɞ ˊɟɧɓɚɖɛŬ Űɖɠ ɟɨˊŬɜůɖɠ ˊɞɡ ˊɟɞəŬɚŮɑŰŬɘ Ŭˊɧ ŰŬ 

ˊɚŬůŰɘəɎ ŬˊɧɓɚɖŰŬ, Ŭűɞɨ Űɞ əɧůŰɞɠ ˊŬɟŬɔɤɔɐɠ Űɞɡɠ ˊŬɟŬɛɏɜŮɘ ɡɣɖɚɧ, ůɡɢɜɎ 

ˊɞɚɚŬˊɚɎůɘɞ Ŭˊɧ ŬɡŰɧ Űɤɜ ůɡɛɓŬŰɘəɩɜ, ŮɝŬɘŰɑŬɠ Űɧůɞ Űɤɜ ˊɟɩŰɤɜ ɡɚɩɜ ɧůɞ əŬɘ Űɤɜ 

ŮɝŮɘŭɘəŮɡɛɏɜɤɜ ŭɘŮɟɔŬůɘɩɜ ˊɞɡ ŬˊŬɘŰɞɨɜŰŬɘ. Ⱥˊɘˊɚɏɞɜ, ɖ ɏɜŰŬɝɐ Űɞɡɠ ůŰŬ ɡˊɎɟɢɞɜŰŬ 

ůɡůŰɐɛŬŰŬ ŬɜŬəɨəɚɤůɖɠ ŮɑɜŬɘ ˊɟɞɓɚɖɛŬŰɘəɐ, əŬɗɩɠ ŬˊŬɘŰɞɨɜ ɜɏŮɠ ŰŮɢɜɞɚɞɔɑŮɠ 

ŭɘŬɚɞɔɐɠ əŬɘ ŮˊŮɝŮɟɔŬůɑŬɠ. ɇɏɚɞɠ, ˊŬɟɧŰɘ ŰŬ ɓɘɞŬˊɞɘəɞŭɞɛɐůɘɛŬ ˊɚŬůŰɘəɎ ɛˊɞɟɞɨɜ 

ɜŬ Ŭˊɞŭɞɛɖɗɞɨɜ ůŰɞ ˊŮɟɘɓɎɚɚɞɜ, ɖ ŭɡɜŬŰɧŰɖŰŬ ŬɡŰɐ ŮɝŬɟŰɎŰŬɘ ɏɜŰɞɜŬ Ŭˊɧ Űɘɠ 

ˊŮɟɘɓŬɚɚɞɜŰɘəɏɠ ůɡɜɗɐəŮɠ Űɘɠ ɞˊɞɑŮɠ ŮəŰɑɗŮɜŰŬɘ, Ŭűɞɨ ɞ ɟɡɗɛɧɠ Ŭˊɞɘəɞŭɧɛɖůɖɠ 

ůɡɜŭɏŮŰŬɘ ɛŮ ˊŬɟŬɛɏŰɟɞɡɠ ɧˊɤɠ ɖ ɗŮɟɛɞəɟŬůɑŬ, ɖ ɡɔɟŬůɑŬ, Űɞ pH əŬɘ Űɞ ɞɝɡɔɧɜɞ, 

ˊŬɟɎɛŮŰɟɞɘ ˊɞɡ ɛŮŰŬɓɎɚɚɞɜŰŬɘ ŬɜɎɚɞɔŬ ɛŮ Űɞ ɛɏɟɞɠ ůŰɞ ɞˊɞɑɞ ŬˊɞɟɟɑˊŰɞɜŰŬɘ.  

ȰɜŬ Ŭˊɧ ŰŬ ůɖɛŬɜŰɘəɧŰŮɟŬ ˊŬɟɎɔɤɔŬ Űɞɡ ˊɟɞɓɚɐɛŬŰɞɠ Űɖɠ Ŭˊɧɟɟɘɣɖɠ Űɤɜ 

ˊɚŬůŰɘəɩɜ ůŰɞ ˊŮɟɘɓɎɚɚɞɜ ŮɑɜŬɘ ɞ ůɢɖɛŬŰɘůɛɧɠ ɛɑəɟɞ- əŬɘ ɜɎɜɞ- ˊɚŬůŰɘəɩɜ. ɇŬ 

ɛɘəɟɞˊɚŬůŰɘəɎ ůɢɖɛŬŰɑɕɞɜŰŬɘ əŬŰɎ Űɖ ɗŮɟɛɘəɐ, ɢɖɛɘəɐ, ɓɘɞɚɞɔɘəɐ ɐ ɛɖɢŬɜɘəɐ 

əŬŰŬˊɧɜɖůɖ Űɤɜ ˊɚŬůŰɘəɩɜ, əŬŰɎ Űɖɜ ɞˊɞɑŬ ůɤɛŬŰɑŭɘŬ ɛɘəɟɧŰŮɟŬ Ŭˊɧ 5 mm 

ŬˊɞůˊɩɜŰŬɘ Ŭˊɧ Űɖɜ ŮˊɘűɎɜŮɘŬ ɐ Űɞ ŮůɤŰŮɟɘəɧ Űɤɜ ɡɚɘəɩɜ. Ƀɘ ŮˊɘˊŰɩůŮɘɠ Űɤɜ 

ɛɘəɟɞˊɚŬůŰɘəɩɜ ůŰɖɜ ɡɔŮɑŬ ˊɟɞəŬɚɞɨɜ ɏɜŰɞɜɖ ŬɜɖůɡɢɑŬ, ŮɎɜ əŬɘ ɎɔɜɤůŰŮɠ 

ˊŬɟŬɛɏɜɞɡɜ ŬəɧɛŬ ɞɘ ɛŬəɟɞˊɟɧɗŮůɛŮɠ ůɡɜɏˊŮɘŮɠ Űɖɠ ŮɛűɎɜɘůɖɠ Űɞɡɠ ůŰɞɡɠ 

ɞɟɔŬɜɘůɛɞɨɠ. Ʉɘɞ ůɡɔəŮəɟɘɛɏɜŬ, ɞ ŮɜŰɞˊɘůɛɧɠ ɛɘəɟɞˊɚŬůŰɘəɩɜ ůŰŬ ɡŭɟɧɓɘŬ ɕɩŬ ɏɢŮɘ 

ůɡɜŭŮɗŮɑ ɛŮ ɓɚɎɓŮɠ ůŰɞ ˊŮˊŰɘəɧ ůɨůŰɖɛŬ, Ŭɜɞůɞɚɞɔɘəɏɠ əŬɘ ɞɝŮɘŭɤŰɘəɏɠ ŭɘŬŰŬɟŬɢɏɠ, 

ŬɜŬˊŬɟŬɔɤɔɘəɎ ˊɟɞɓɚɐɛŬŰŬ əŬɘ ŬɜŬůŰɞɚɐ ŬɜɎˊŰɡɝɖɠ. ɆŰŬ ɗɖɚŬůŰɘəɎ ɖ ůɡůůɩɟŮɡůɖ 

ɛɘəɟɞˊɚŬůŰɘəɩɜ ůŮ ɧɟɔŬɜŬ ɧˊɤɠ Űɞ ɐˊŬɟ, ɞɘ ɜŮűɟɞɑ əŬɘ ɞɘ ŬɜŬˊŬɟŬɔɤɔɘəɞɑ ɘůŰɞɑ, 

ůɡɜŭɏɞɜŰŬɘ ɛŮ ŮˊŬəɧɚɞɡɗŬ ɧˊɤɠ űɚŮɔɛɞɜɏɠ, ɛŮŰŬɓɞɚɘəɏɠ ŭɘŬŰŬɟŬɢɏɠ əŬɘ ˊɘɗŬɜɏɠ 

ŮˊɘŭɟɎůŮɘɠ ůŰɖ ɔɞɜɘɛɧŰɖŰŬ. ɆŰɞɜ Ɏɜɗɟɤˊɞ, ɖ ɏəɗŮůɖ ɔɑɜŮŰŬɘ ɛɏůɤ əŬŰɎˊɞůɖɠ, 

Ůɘůˊɜɞɐɠ ɐ ŭŮɟɛŬŰɘəɐɠ ŮˊŬűɐɠ, Ůɜɩ ɖ ŬɜɑɢɜŮɡůɐ Űɞɡɠ ůŰɞ ŬɑɛŬ, ůŰɞɜ ˊɚŬəɞɨɜŰŬ əŬɘ 

ůŰɞ ɛɖŰɟɘəɧ ɔɎɚŬ ŬɜŬŭŮɘəɜɨŮɘ Űɖ ůɞɓŬɟɧŰɖŰŬ Űɞɡ ˊɟɞɓɚɐɛŬŰɞɠ.  

ɀɏůŬ ůŮ ŬɡŰɧ Űɞ ˊŮɟɘɓŬɚɚɞɜŰɘəɧ əŬɘ ŰŮɢɜɞɚɞɔɘəɧ ˊɚŬɑůɘɞ, ɖ ɓɘɞŰŮɢɜɞɚɞɔɘəɐ 

Ŭˊɞɘəɞŭɧɛɖůɖ Űɤɜ ˊɚŬůŰɘəɩɜ ɏɢŮɘ ŬɜŬŭŮɘɢɗŮɑ ɤɠ ɛɘŬ ɘŭɘŬɑŰŮɟŬ ŮɜŭɘŬűɏɟɞɡůŬ 

ŮɜŬɚɚŬəŰɘəɐ ˊɟɞůɏɔɔɘůɖ. ȼ ɓŬůɘəɐ Ŭɟɢɐ Űɖɠ ˊɟɞůɏɔɔɘůɖɠ ŬɡŰɐɠ, ɝŮəɘɜɎ Ŭˊɧ Űɞɡɠ 

ɛɘəɟɞɞɟɔŬɜɘůɛɞɨɠ, ŬɜɎɛŮůŬ ůŮ ŬɡŰɞɨɠ əŬɘ ŬɟəŮŰɞɑ ɛɨəɖŰŮɠ, ɞɘ ɞˊɞɑɞɘ ŭɘŬɗɏŰɞɡɜ 
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ŮɜɕɡɛɘəɎ ůɡůŰɐɛŬŰŬ ɘəŬɜɎ ɜŬ Űɟɞˊɞˊɞɘɞɨɜ əŬɘ ůŮ ɞɟɘůɛɏɜŮɠ ˊŮɟɘˊŰɩůŮɘɠ ɜŬ 

Ŭˊɞŭɞɛɞɨɜ ůɡɜɗŮŰɘəɎ ˊɞɚɡɛŮɟɐ. Ƀ ɚɧɔɞɠ ˊɞɡ ɖ ˊŬɟɞɨůŬ ŭɘŬŰɟɘɓɐ ŮůŰɘɎɕŮɘ Űɞ 

ŮɜŭɘŬűɏɟɞɜ Űɖɠ ůŰɞɡɠ ɛɨəɖŰŮɠ ɞűŮɑɚŮŰŬɘ əɡɟɑɤɠ ůŰɞ ɔŮɔɞɜɧɠ ɧŰɘ ɞɘ ůɡɔəŮəɟɘɛɏɜɞɘ 

ɛɘəɟɞɞɟɔŬɜɘůɛɞɑ ɏɢɞɡɜ ŮɝŮɚɑɝŮɘ ˊɞɚɨˊɚɞəŬ ŮɜɕɡɛɘəɎ ůɡůŰɐɛŬŰŬ ɔɘŬ Űɖɜ Ŭˊɞŭɧɛɖůɖ 

űɡůɘəɩɜ ˊɞɚɡɛŮɟɩɜ, ɧˊɤɠ ɖ ɚɘɔɜɞəɡŰŰŬɟɑɜɖ, ŰŬ ɞˊɞɑŬ ŮɛűŬɜɑɕɞɡɜ ŭɞɛɘəɏɠ əŬɘ ɢɖɛɘəɏɠ 

ɞɛɞɘɧŰɖŰŮɠ ɛŮ ˊɞɚɚɎ ˊɚŬůŰɘəɎ. ȳˊɤɠ əŬɘ ůŰŬ űɡůɘəɎ ůɡůŰɐɛŬŰŬ, ɖ ŭɘŬŭɘəŬůɑŬ Űɖɠ 

Ŭˊɞɘəɞŭɧɛɖůɖɠ ˊŮɟɘɚŬɛɓɎɜŮɘ ŬɟɢɘəɎ Űɞɜ Ŭˊɞɘəɘůɛɧ Űɖɠ ŮˊɘűɎɜŮɘŬɠ Űɞɡ ˊɚŬůŰɘəɞɨ Ŭˊɧ 

Űɞɜ ŮəɎůŰɞŰŮ ɛɘəɟɞɞɟɔŬɜɘůɛɧ, Űɖɜ ɏəəɟɘůɖ Ůɜɕɨɛɤɜ ˊɞɡ ŭɘŬůˊɞɨɜ Űɘɠ ˊɞɚɡɛŮɟɘəɏɠ 

ŬɚɡůɑŭŮɠ ůŮ ɛɘəɟɧŰŮɟŬ ɛɧɟɘŬ əŬɘ Űɏɚɞɠ Űɖɜ Ŭűɞɛɞɑɤůɖ Űɤɜ ˊɟɞɥɧɜŰɤɜ ɔɘŬ Űɖɜ əɎɚɡɣɖ 

Űɤɜ ŮɜŮɟɔŮɘŬəɩɜ Űɞɡɠ ŬɜŬɔəɩɜ. ȼ ŬˊɞŭɞŰɘəɧŰɖŰŬ Űɖɠ ŭɘŬŭɘəŬůɑŬɠ ŬɡŰɐɠ ŮˊɖɟŮɎɕŮŰŬɘ 

ůɖɛŬɜŰɘəɎ Ŭˊɧ Űɖ ŭɞɛɐ Űɞɡ ˊɞɚɡɛŮɟɞɨɠ, Űɞ ɛɞɟɘŬəɧ Űɞɡ ɓɎɟɞɠ, Űɖɜ əɟɡůŰŬɚɚɘəɧŰɖŰɎ 

Űɞɡ əŬɘ Űɘɠ ˊŮɟɘɓŬɚɚɞɜŰɘəɏɠ ůɡɜɗɐəŮɠ. Ⱥˊɘˊɚɏɞɜ, ɞɘ ɛɨəɖŰŮɠ ɛˊɞɟɞɨɜ ŮəŰɧɠ Űɤɜ 

əŬŰŬɚɡŰɘəɩɜ Ůɜɕɨɛɤɜ, ɛˊɞɟɞɨɜ əŬɘ Ůəəɟɑɜɞɡɜ ɛɖ əŬŰŬɚɡŰɘəɎ ɛɧɟɘŬ, ɧˊɤɠ 

ɡŭɟɞűɞɓɑɜŮɠ əŬɘ ɓɘɞŮˊɘűŬɜŮɘɞŭɟŬůŰɘəɎ, ˊɞɡ ŭɘŮɡəɞɚɨɜɞɡɜ Űɖɜ ˊɟɧůɓŬůɖ Űɤɜ Ůɜɕɨɛɤɜ 

ůŰɘɠ ɡŭɟɧűɞɓŮɠ ŮˊɘűɎɜŮɘŮɠ Űɤɜ ˊɚŬůŰɘəɩɜ. ȷɜɎɛŮůŬ ůŰɞɡɠ ɛɨəɖŰŮɠ ˊɞɡ ɗŮɤɟɞɨɜŰŬɘ 

ɘŭɘŬɑŰŮɟŬ ůɖɛŬɜŰɘəɞɑ ɔɘŬ Űɖ ɛɘəɟɞɓɘŬəɐ Ŭˊɞɘəɞŭɧɛɖůɖ əŬɘ ɏɢɞɡɜ ůɡůɢŮŰɘůŰŮɑ ɛŮ Űɖ 

ŭɘɎůˊŬůɖ ŭɘŬűɞɟŮŰɘəɩɜ Űɨˊɤɜ ˊɞɚɡɛŮɟɩɜ ůɡɔəŬŰŬɚɏɔɞɜŰŬɘ ŰŬ Ůɑŭɖ Űɤɜ ɔŮɜɩɜ 

Aspergillus, Penicillium, Fusarium, Cladosporium, Phanerochaete, Pleurotus əŬɘ 

Trichoderma. 

ɇŬ ɏɜɕɡɛŬ ˊɞɡ ŮəəɟɑɜɞɜŰŬɘ Ŭˊɧ Űɞɡɠ ɛɘəɟɞɞɟɔŬɜɘůɛɞɨɠ əŬɘ ůɡɛɓɎɚɚɞɡɜ ůŰɖɜ 

Ůɜɕɡɛɘəɐ Ŭˊɞɘəɞŭɧɛɖůɖ Űɤɜ ˊɚŬůŰɘəɩɜ ŭɘŬəɟɑɜɞɜŰŬɘ ůŮ ŭɨɞ ɛŮɔɎɚŮɠ ɚŮɘŰɞɡɟɔɘəɏɠ 

əŬŰɖɔɞɟɑŮɠ. ȼ ˊɟɩŰɖ ˊŮɟɘɚŬɛɓɎɜŮɘ ŰŬ ŮůŰŮɟɞɚɡŰɘəɎ ɏɜɕɡɛŬ, ɧˊɤɠ ɞɘ ŮůŰŮɟɎůŮɠ, ɞɘ 

əɞɡŰɘɜɎůŮɠ, ɞɘ ɚɘˊɎůŮɠ əŬɘ ɞɘ PETases, ŰŬ ɞˊɞɑŬ ŮɛűŬɜɑɕɞɡɜ ɘŭɘŬɑŰŮɟɖ ŭɟŬůŰɘəɧŰɖŰŬ 

ɏɜŬɜŰɘ Űɤɜ ˊɞɚɡɛŮɟɩɜ ɛŮ ŮůŰŮɟɘəɞɨɠ ŭŮůɛɞɨɠ, Ůɜɩ ɖ ŭŮɨŰŮɟɖ ɛŮɔɎɚɖ əŬŰɖɔɞɟɑŬ 

ˊŮɟɘɚŬɛɓɎɜŮɘ ɞɝŮɘŭɞŬɜŬɔɤɔɘəɎ ɏɜɕɡɛŬ, ɧˊɤɠ ɞɘ ɚŬəəɎůŮɠ əŬɘ ɞɘ ɡˊŮɟɞɝŮɘŭɎůŮɠ, ŰŬ 

ɞˊɞɑŬ ɗŮɤɟɞɨɜŰŬɘ ůɖɛŬɜŰɘəɎ ɔɘŬ Űɖɜ Űɟɞˊɞˊɞɑɖůɖ ˊɞɚɡɛŮɟɩɜ ɛŮ ŭŮůɛɞɨɠ ɎɜɗɟŬəŬï

ɎɜɗɟŬəŬ, ɧˊɤɠ Űɞ ɅȺ, Űɞ ɅɅ əŬɘ Űɞ ɅS. ɇŬ ɏɜɕɡɛŬ ŬɡŰɎ ŭŮɜ ɞŭɖɔɞɨɜ ŬˊŬɟŬɑŰɖŰŬ ɎɛŮůŬ 

ůŮ ˊɚɐɟɖ Ŭˊɞɘəɞŭɧɛɖůɖ, ŬɚɚɎ ɛˊɞɟɞɨɜ ɜŬ ŮɘůŬɔɎɔɞɡɜ ɞɛɎŭŮɠ ɞɝɡɔɧɜɞɡ ůŰɖɜ 

ŮˊɘűɎɜŮɘŬ Űɤɜ ˊɞɚɡɛŮɟɩɜ, ŬɡɝɎɜɞɜŰŬɠ Űɖɜ ɡŭɟɞűɘɚɘəɧŰɖŰɎ Űɞɡɠ əŬɘ ŭɘŮɡəɞɚɨɜɞɜŰŬɠ 

ɛŮŰɏˊŮɘŰŬ Űɖ ɓɘɞɚɞɔɘəɐ ɐ ɢɖɛɘəɐ ŭɘɎůˊŬůɖ. ɆŰɖɜ ˊŮɟɑˊŰɤůɖ Űɖɠ PU, ɖ ɞˊɞɑŬ ˊŮɟɘɏɢŮɘ 

Űɞɜ ɞɡɟŮɗŬɜɘəɧ ŭŮůɛɧ, ɖ Ŭˊɞŭɧɛɖůɖ ŮɑɜŬɘ ˊɘɞ ůɨɜɗŮŰɖ, əŬɗɩɠ ɛˊɞɟɞɨɜ ɜŬ ŮɛˊɚŬəɞɨɜ 

ŮůŰŮɟɎůŮɠ, ŬɛɘŭɎůŮɠ, ɞɡɟŮɎůŮɠ, ˊɟɤŰŮɎůŮɠ ŬɚɚɎ əŬɘ ɞɝŮɘŭɞŬɜŬɔɤɔɘəɎ ɏɜɕɡɛŬ, ɚɧɔɤ 

Űɤɜ ŭɞɛɘəɩɜ ɞɛɞɘɞŰɐŰɤɜ Űɞɡ ɞɡɟŮɗŬɜɘəɞɨ ŭŮůɛɞɨ ɛŮ Ɏɚɚɞɡɠ ɢɖɛɘəɞɨɠ ŭŮůɛɞɨɠ, ɧˊɤɠ 

ɞɘ ŮůŰŮɟɘəɞɑ, ɞɘ ˊŮˊŰɘŭɘəɞɑ əŬɘ Űɖɠ ɞɡɟɑŬɠ. 
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ȼ ŬɜŬəɎɚɡɣɖ ɜɏɤɜ Ůɜɕɨɛɤɜ ɘəŬɜɩɜ ɜŬ Űɟɞˊɞˊɞɘɞɨɜ ɐ ɜŬ ŭɘŬůˊɞɨɜ ůɡɜɗŮŰɘəɎ 

ˊɞɚɡɛŮɟɐ ŬˊɞŰŮɚŮɑ ɛɘŬ ɘŭɘŬɑŰŮɟŬ ŬˊŬɘŰɖŰɘəɐ əŬɘ ɢɟɞɜɞɓɧɟŬ ŭɘŬŭɘəŬůɑŬ, ɖ ɞˊɞɑŬ 

ɛˊɞɟŮɑ ɜŬ ˊɟŬɔɛŬŰɞˊɞɘɖɗŮɑ ŮɑŰŮ ɛɏůɤ ůɡɛɓŬŰɘəɩɜ ɛɘəɟɞɓɘɞɚɞɔɘəɩɜ ɛŮɗɧŭɤɜ ŮɑŰŮ 

ɛɏůɤ ůɨɔɢɟɞɜɤɜ ɞɛɘəɩɜ əŬɘ ɛŮŰŬɔɞɜɘŭɘɤɛŬŰɘəɩɜ ˊɟɞůŮɔɔɑůŮɤɜ. Ƀɘ ůɡɛɓŬŰɘəɏɠ 

ɛɏɗɞŭɞɘ ɓŬůɑɕɞɜŰŬɘ əɡɟɑɤɠ ůŰɖɜ Ŭˊɞɛɧɜɤůɖ əŬɘ əŬɚɚɘɏɟɔŮɘŬ ɛɘəɟɞɞɟɔŬɜɘůɛɩɜ 

ˊŬɟɞɡůɑŬ ˊɚŬůŰɘəɩɜ ɡˊɞůŰɟɤɛɎŰɤɜ, ɛŮ ůŰɧɢɞ Űɞɜ ŮɜŰɞˊɘůɛɧ ůŰŮɚŮɢɩɜ ˊɞɡ ɛˊɞɟɞɨɜ 

ɜŬ Ůˊɘɓɘɩůɞɡɜ əŬɘ ŮɛűŬɜɑɕɞɡɜ ůɢŮŰɘəɐ ŬˊɞɘəɞŭɞɛɖŰɘəɐ ɘəŬɜɧŰɖŰŬ. ɄŬɟɎ Űɖ 

ɢɟɖůɘɛɧŰɖŰɎ Űɞɡɠ, ɞɘ ɛɏɗɞŭɞɘ ŬɡŰɏɠ ˊŮɟɘɞɟɑɕɞɜŰŬɘ Ŭˊɧ Űɞ ɔŮɔɞɜɧɠ ɧŰɘ ɛɧɜɞ ɏɜŬ ˊɞɚɨ 

ɛɘəɟɧ ˊɞůɞůŰɧ Űɖɠ ɛɘəɟɞɓɘŬəɐɠ ˊɞɘəɘɚɧŰɖŰŬɠ ɛˊɞɟŮɑ ɜŬ əŬɚɚɘŮɟɔɖɗŮɑ ŮɟɔŬůŰɖɟɘŬəɎ. 

ũɘŬ Űɞɜ ɚɧɔɞ ŬɡŰɧ, ɖ ɏɟŮɡɜŬ ŰŬ ŰŮɚŮɡŰŬɑŬ ɢɟɧɜɘŬ ɏɢŮɘ ůŰɟŬűŮɑ əŬɘ ůŮ 

ɛŮŰŬɔɞɜɘŭɘɤɛŬŰɘəɏɠ ˊɟɞůŮɔɔɑůŮɘɠ, ɞɘ ɞˊɞɑŮɠ ŮˊɘŰɟɏˊɞɡɜ Űɖɜ ˊɟɧůɓŬůɖ ůŮ ɔŮɜŮŰɘəɧ 

ɡɚɘəɧ ɛɖ əŬɚɚɘŮɟɔɐůɘɛɤɜ ɛɘəɟɞɞɟɔŬɜɘůɛɩɜ, ŬɚɚɎ ŬˊŬɘŰɞɨɜ ůŰɖ ůɡɜɏɢŮɘŬ ˊɞɚɨˊɚɞəŮɠ 

ŭɘŬŭɘəŬůɑŮɠ ɏəűɟŬůɖɠ əŬɘ ɚŮɘŰɞɡɟɔɘəɐɠ ŮˊŬɚɐɗŮɡůɖɠ Űɤɜ ɡˊɞɣɐűɘɤɜ ɔɞɜɘŭɑɤɜ. 

ɄŬɟɎɚɚɖɚŬ, ɖ ŬɜɎˊŰɡɝɖ ɜɏɤɜ ɛŮɗɧŭɤɜ Ůɚɏɔɢɞɡ əŬɘ ŭɘŬɚɞɔɐɠ Ůɜɕɨɛɤɜ, ɏɢŮɘ ŮˊɘŰɟɏɣŮɘ 

Űɖɜ ŰŬɢɨŰŮɟɖ əŬɘ ˊɘɞ ŬɝɘɧˊɘůŰɖ Ŭɝɘɞɚɧɔɖůɖ Űɖɠ Ůɜɕɡɛɘəɐɠ ŭɟŬůŰɘəɧŰɖŰŬɠ, ɛɏůɤ 

ɢɟɤɛɞűɧɟɤɜ, űɗɞɟɘɕɧɜŰɤɜ ɐ ůɡɜɗŮŰɘəɩɜ ɡˊɞůŰɟɤɛɎŰɤɜ ˊɞɡ ɛɘɛɞɨɜŰŬɘ Űɖ ŭɞɛɐ Űɤɜ 

ˊɞɚɡɛŮɟɩɜ. ȽŭɘŬɑŰŮɟɖ ŬɝɑŬ ɏɢŮɘ Ůˊɑůɖɠ əŬɘ ɖ ˊɟɤŰŮɤɛɘəɐ ŬɜɎɚɡůɖ, əŬɗɩɠ ŮˊɘŰɟɏˊŮɘ 

Űɖɜ ŰŬɡŰɞˊɞɑɖůɖ ˊɟɤŰŮɥɜɩɜ ˊɞɡ ŮəűɟɎɕɞɜŰŬɘ ŮɘŭɘəɎ ˊŬɟɞɡůɑŬ ˊɚŬůŰɘəɩɜ, ˊŬɟɏɢɞɜŰŬɠ 

ˊɘɞ ɎɛŮůŮɠ ŮɜŭŮɑɝŮɘɠ ɔɘŬ ŰŬ ɏɜɕɡɛŬ ˊɞɡ ŮɜŭɏɢŮŰŬɘ ɜŬ ŮɛˊɚɏəɞɜŰŬɘ ůŰɖɜ Ŭˊɞɘəɞŭɧɛɖůɐ 

Űɞɡɠ. ȾŬŰɎ ůɡɜɏˊŮɘŬ, ɖ ůɨɔɢɟɞɜɖ ůŰɟŬŰɖɔɘəɐ ŬɜŬəɎɚɡɣɖɠ ɜɏɤɜ Ůɜɕɨɛɤɜ ɛŮ ɘəŬɜɧŰɖŰŬ 

Ŭɞ́ɘəɞŭɧɛɖůɖɠ ˊɚŬůŰɘəɩɜ ůŰɖɟɑɕŮŰŬɘ ɞɚɞɏɜŬ əŬɘ ˊŮɟɘůůɧŰŮɟɞ ůŰɞɜ ůɡɜŭɡŬůɛɧ 

ɛɘəɟɞɓɘɞɚɞɔɘəɩɜ ˊŮɘɟŬɛɎŰɤɜ, ɞɛɘəɩɜ ŬɜŬɚɨůŮɤɜ, ůɡɜɞŭŮɡɧɛŮɜŬ Ŭˊɧ ŭŮŭɞɛɏɜŬ 

ɓɘɞˊɚɖɟɞűɞɟɘəɐɠ əŬɘ ɚŮɘŰɞɡɟɔɘəɐɠ ŮˊɘɓŮɓŬɑɤůɖɠ. 

Ʉɟɞɠ Űɖɜ əŬŰŮɨɗɡɜůɖ Űɖɠ ŬɜŰɘɛŮŰɩˊɘůɖɠ Űɖɠ ˊɚŬůŰɘəɐɠ ɟɨˊŬɜůɖɠ 

ɢɟɖůɘɛɞˊɞɘɩɜŰŬɠ ɓɘɞŰŮɢɜɞɚɞɔɘəɏɠ ˊɟŬəŰɘəɏɠ ŮɜŰɎůůŮŰŬɘ əŬɘ ɞ ɓŬůɘəɧɠ ůŰɧɢɞɠ Űɖɠ 

ˊŬɟɞɨůŬɠ ŭɘŭŬəŰɞɟɘəɐɠ ŭɘŬŰɟɘɓɐɠ ˊɞɡ ŮɑɢŮ ɤɠ əɨɟɘɞ ɛɏɚɖɛŬ Űɖɜ ŬɜŬɔɜɩɟɘůɖ əŬɘ Űɞɜ 

ɢŬɟŬəŰɖɟɘůɛɧ ɛɡəɖŰɘŬəɩɜ Ůɜɕɨɛɤɜ ɘəŬɜɩɜ ɜŬ ɡˊɞɓŬɗɛɑɕɞɡɜ/ɡŭɟɞɚɨɞɡɜ ˊɚŬůŰɘəɎ, 

əŬɗɩɠ əŬɘ Űɖɜ Ŭɝɘɞɚɧɔɖůɖ Űɖɠ ŭɡɜŬŰɧŰɖŰɎɠ Űɞɡɠ ɜŬ Ŭɝɘɞˊɞɘɖɗɞɨɜ ůŮ ŭɘŮɟɔŬůɑŮɠ 

ŬɜŬəɨəɚɤůɖɠ əŬɘ Ŭɝɘɞˊɞɑɖůɖɠ Űɤɜ əɚŬůɛɎŰɤɜ ɡŭɟɧɚɡůɖɠ. ɄŬɟɎɚɚɖɚŬ, ŮˊɘŭɘɩɢɗɖəŮ 

ɖ ŬɜɎˊŰɡɝɖ ɛɘŬɠ ɞɚɞəɚɖɟɤɛɏɜɖɠ ɛŮɗɞŭɞɚɞɔɘəɐɠ ˊɟɞůɏɔɔɘůɖɠ, ɖ ɞˊɞɑŬ ůɡɜŭɡɎɕŮɘ Űɖ 

ɛɘəɟɞɓɘŬəɐ Ŭɝɘɞɚɧɔɖůɖ, Űɞɜ Ůɜɕɡɛɘəɧ ɢŬɟŬəŰɖɟɘůɛɧ əŬɘ Űɖ ɛŮɚɏŰɖ Űɤɜ ɡɚɘəɩɜ, ɛŮ 

ŬˊɩŰŮɟɞ ůŰɧɢɞ Űɖ ůɡɛɓɞɚɐ ůŰɖɜ ɏɜɜɞɘŬ Űɖɠ əɡəɚɘəɧŰɖŰŬɠ Űɤɜ ˊɚŬůŰɘəɩɜ. 

ũɘŬ Űɖɜ ŮˊɑŰŮɡɝɖ Űɤɜ ůŰɧɢɤɜ ŬɡŰɩɜ, ůɡɚɚɞɔɐ ɛɡəɖŰɘŬəɩɜ ůŰŮɚŮɢɩɜ ˊɞɡ 

ŬˊɞɛɞɜɩɗɖəŬɜ Ŭˊɧ ŭɘŬűɞɟŮŰɘəɎ ˊŮɟɘɓŬɚɚɞɜŰɘəɎ ŭŮɑɔɛŬŰŬ ŮɝŮŰɎůŰɖəŮ ɤɠ ˊɟɞɠ Űɖɜ 
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ɘəŬɜɧŰɖŰɎ Űɞɡɠ ɜŬ ŬɜŬˊŰɨůůɞɜŰŬɘ ˊŬɟɞɡůɑŬ ŭɘŬűɧɟɤɜ Űɨˊɤɜ ˊɚŬůŰɘəɩɜ, ɧˊɤɠ 

ˊɞɚɡŮůŰɏɟŮɠ, ˊɞɚɡɞɚŮűɑɜŮɠ, PU əŬɘ PS. ɆŰɞ ˊɚŬɑůɘɞ ŬɡŰɧ, ŬɜŬˊŰɨɢɗɖəŬɜ ɛɏɗɞŭɞɘ 

əŬɚɚɘɏɟɔŮɘŬɠ ůŮ ůŰŮɟŮɎ ɡˊɞůŰɟɩɛŬŰŬ ɛŮ Űɖ ɢɟɐůɖ ɞɚɘɔɞɛŮɟɩɜ əŬɘ ŮɜŭɘɎɛŮůɤɜ 

ŮɜɩůŮɤɜ ˊɞɡ ˊɟɞůɞɛɞɘɎɕɞɡɜ Űɖ ŭɞɛɐ Űɤɜ ˊɟŬɔɛŬŰɘəɩɜ ˊɞɚɡɛŮɟɩɜ əŬɘ ɚŮɘŰɞɡɟɔɞɨɜ 

ɤɠ ŮˊŬɔɤɔŮɑɠ Űɖɠ ɏəűɟŬůɖɠ Ůɜɕɨɛɤɜ Ŭˊɞɘəɞŭɧɛɖůɖɠ. ɇŬ ˊɚɏɞɜ ɡˊɞůɢɧɛŮɜŬ ůŰŮɚɏɢɖ 

əŬɚɚɘŮɟɔɐɗɖəŬɜ ɡˊɧ ŮˊŬɔɤɔɘəɏɠ ůɡɜɗɐəŮɠ əŬɘ ŰŬ ŮəəɟɘɜɧɛŮɜŬ ŮɜɕɡɛɘəɎ Űɞɡɠ 

ůɡůŰɐɛŬŰŬ ɛŮɚŮŰɐɗɖəŬɜ ɛɏůɤ ˊɟɤŰŮɤɛɘəɐɠ ŬɜɎɚɡůɖɠ, ɛŮ ůŰɧɢɞ Űɖɜ ŰŬɡŰɞˊɞɑɖůɖ 

Ůɜɕɨɛɤɜ ˊɞɡ ŮɛˊɚɏəɞɜŰŬɘ ůŰɖ ɛŮŰŬŰɟɞˊɐ əŬɘ Ŭˊɞŭɧɛɖůɖ Űɤɜ ˊɞɚɡɛŮɟɩɜ. 

ũɘŬ Űɖɜ Ŭɝɘɞɚɧɔɖůɖ Űɖɠ ɘəŬɜɧŰɖŰŬɠ Ŭˊɞɘəɞŭɧɛɖůɖɠ Űɖɠ PU, ɢɟɖůɘɛɞˊɞɘɐɗɖəŮ ɤɠ 

ˊɟɧŰɡˊɞ ɡˊɧůŰɟɤɛŬ ɏɜŬ ɔŬɚɎəŰɤɛŬ PU, ŮɛˊɞɟɘəɎ ɔɜɤůŰɧ əŬɘ ɤɠ Impranil. ȼ 

ŮɛűɎɜɘůɖ ɕɤɜɩɜ ŬˊɞɢɟɤɛŬŰɘůɛɞɨ ɔɨɟɤ Ŭˊɧ Űɘɠ ŬˊɞɘəɑŮɠ ŬˊɞŰɏɚŮůŮ ɏɜŭŮɘɝɖ 

ɡŭɟɧɚɡůɖɠ Űɞɡ ɔŬɚŬəŰɩɛŬŰɞɠ əŬɘ ŮˊɏŰɟŮɣŮ Űɖɜ Ůˊɘɚɞɔɐ ůŰŮɚŮɢɩɜ ɛŮ Ŭɡɝɖɛɏɜɖ 

ŭɟŬůŰɘəɧŰɖŰŬ. ȷɜŰɑůŰɞɘɢŬ, ɔɘŬ Űɖ ŭɘŮɟŮɨɜɖůɖ Űɖɠ ŭɡɜŬŰɧŰɖŰŬɠ Űɟɞˊɞˊɞɑɖůɖɠ 

ˊɞɚɡɞɚŮűɘɜɩɜ, ŮűŬɟɛɧůŰɖəŮ screening ɢɟɖůɘɛɞˊɞɘɩɜŰŬɠ ɤɠ ɡˊɧůŰɟɤɛŬ ŬɚəɎɜɘŬ 

ɛŬəɟɎɠ Ŭɚɨůɞɡ (lcAlk), ŰŬ ɞˊɞɑŬ ɢɟɖůɘɛɞˊɞɘɐɗɖəŬɜ ɤɠ ɡˊɞəŬŰɎůŰŬŰŬ Űɞɡ ɅȺ. ȼ 

ɘəŬɜɧŰɖŰŬ ŬɜɎˊŰɡɝɖɠ Űɤɜ ůŰŮɚŮɢɩɜ ˊŬɟɞɡůɑŬ Űɞɡ ɛɑɔɛŬŰɞɠ ŬɚəŬɜɑɤɜ ŮˊɏŰɟŮɣŮ Űɞɜ 

ŮɜŰɞˊɘůɛɧ ɛɘəɟɞɞɟɔŬɜɘůɛɩɜ ɛŮ ˊɘɗŬɜɐ ɘəŬɜɧŰɖŰŬ ɞɝŮɑŭɤůɖɠ Ŭɚɡůɑŭɤɜ C-C. 

ɄŬɟɎɚɚɖɚŬ, ɔɘŬ Űɖɜ ŮɜŰɞˊɘůɛɧ ůŰŮɚŮɢɩɜ ɛŮ ŭɡɜŬŰɧŰɖŰŬ Ŭˊɞɘəɞŭɧɛɖůɖɠ 

ˊɞɚɡŮůŰɏɟɤɜ, ɢɟɖůɘɛɞˊɞɘɐɗɖəŬɜ ŭɘŬűɞɟŮŰɘəɎ ɛɞɜŰɏɚŬ ɡˊɞůŰɟɩɛŬŰŬ. Ƀ ŭɘɠ(2-

ɡŭɟɞɝɡŬɘɗɡɚɞ)ŰŮɟŮűɗŬɚɘəɧɠ ŮůŰɏɟŬɠ (BHET) ŬɝɘɞˊɞɘɐɗɖəŮ ɤɠ ŮɜŭɘɎɛŮůɞ Űɞɡ PET, 

ŮˊɘŰɟɏˊɞɜŰŬɠ Űɖɜ ɏɛɛŮůɖ Ŭɝɘɞɚɧɔɖůɖ Űɖɠ ɘəŬɜɧŰɖŰŬɠ ɡŭɟɧɚɡůɖɠ Űɞɡ ˊɞɚɡɛŮɟɞɨɠ, Ůɜɩ 

ŭɞəɘɛɏɠ ˊɟŬɔɛŬŰɞˊɞɘɐɗɖəŬɜ əŬɘ ɛŮ ɔŬɚŬəŰɩɛŬŰŬ ˊɞɚɡəŬˊɟɞɚŬəŰɧɜɖɠ (PCL) əŬɘ 

ˊɞɚɡɔŬɚŬəŰɘəɞɨ ɞɝɏɞɠ (PLA). ȼ ŬɜɎˊŰɡɝɖ Űɤɜ ůŰŮɚŮɢɩɜ əŬɘ, ɧˊɞɡ ɐŰŬɜ ŮűɘəŰɧ, ɖ 

ŭɖɛɘɞɡɟɔɑŬ ɕɤɜɩɜ Ŭˊɞɘəɞŭɧɛɖůɖɠ ɢɟɖůɘɛɞˊɞɘɐɗɖəŬɜ ɤɠ ɓŬůɘəɎ əɟɘŰɐɟɘŬ Ůˊɘɚɞɔɐɠ. 

ɀɏůɤ ŬɡŰɐɠ Űɖɠ ˊɟɞůɏɔɔɘůɖɠ, ŮɜŰɞˊɑůŰɖəŬɜ ůŰŮɚɏɢɖ ɛŮ ɘəŬɜɧŰɖŰŬ Ŭɝɘɞˊɞɑɖůɖɠ 

ˊɞɚɚŬˊɚɩɜ Űɨˊɤɜ ɡˊɞůŰɟɤɛɎŰɤɜ, ɔŮɔɞɜɧɠ ˊɞɡ ɡˊɞŭɖɚɩɜŮɘ ɛŮŰŬɓɞɚɘəɐ ŮɡŮɚɘɝɑŬ əŬɘ 

ˊɘɗŬɜɐ ɨˊŬɟɝɖ Ůɡɟɏɞɠ űɎůɛŬŰɞɠ Ůɜɕɡɛɘəɩɜ ůɡůŰɖɛɎŰɤɜ. ɇɏɚɞɠ, ɖ ŭɡɜŬŰɧŰɖŰŬ 

Ŭˊɞɘəɞŭɧɛɖůɖɠ PS ŭɘŮɟŮɡɜɐɗɖəŮ ɝŮɢɤɟɘůŰɎ, ɢɟɖůɘɛɞˊɞɘɩɜŰŬɠ ůŰŬŰɘəɏɠ əŬɚɚɘɏɟɔŮɘŮɠ 

ɛŮ PS əŬɘ ŭɘɞɔəɤɛɏɜɖ ˊɞɚɡůŰŮɟɑɜɖ (EPS).  

ɀŮ ɓɎůɖ ŰŬ ŬˊɞŰŮɚɏůɛŬŰŬ Űɞɡ screening ůŮ ŰɟɡɓɚɑŬ əŬɘ ůŮ ůŰŮɟŮɏɠ əŬɚɚɘɏɟɔŮɘŮɠ, 

ŮˊɘɚɏɢɗɖəŬɜ ŰŬ ˊɚɏɞɜ ɡˊɞůɢɧɛŮɜŬ ůŰŮɚɏɢɖ ɔɘŬ ˊŮɟŬɘŰɏɟɤ ɛŮɚɏŰɖ, ŰŬ ɞˊɞɑŬ 

ŰŬɡŰɞˊɞɘɐɗɖəŬɜ ɛɞɟɘŬəɎ ɛɏůɤ ŬɜɎɚɡůɖɠ Űɤɜ ITS Ŭɚɚɖɚɞɡɢɘɩɜ. ɇŬ ůŰŮɚɏɢɖ ŬɡŰɎ 

ŬɜɐəŬɜ əɡɟɑɤɠ ůŰŬ ɔɏɜɖ Aspergillus, Penicillium əŬɘ Fusarium, Ůɜɩ ɞ ɓŬůɘŭɘɞɛɨəɖŰŬɠ 

Abortiporous biennis LGAM 436 ŬɜŬŭŮɑɢɗɖəŮ ɤɠ əŬŰɎɚɚɖɚɞ ůŰɏɚŮɢɞɠ ɔɘŬ Űɖ ɛŮɚɏŰɖ 
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Űɖɠ Ŭˊɞɘəɞŭɧɛɖůɖɠ Űɞɡ PS. ȰˊŮɘŰŬ Ŭˊɧ Űɖɜ Ůˊɘɚɞɔɐ Űɤɜ ůŰŮɚŮɢɩɜ ɛŮ ɓɎůɖ Űɖɜ 

ɘəŬɜɧŰɖŰŬ Űɞɡɠ Ŭɜ ŬɜŬˊŰɨůůɞɜŰŬɘ ůŮ ɞɚɘɔɞɛŮɟɐ ɐ ɔŬɚŬəŰɩɛŬŰŬ ˊɞɚɡɛŮɟɩɜ, 

ŬɝɘɞɚɞɔɐɗɖəŮ Űɞ ŮɝɤəɡŰŰŬɟɘəɧ əɚɎůɛŬ ɤɠ ɓɘɞəŬŰŬɚɨŰɖɠ ɔɘŬ Űɖɜ Ŭˊɞɘəɞŭɧɛɖůɖ 

ůɡɜɗŮŰɘəɩɜ ˊɞɚɡɛŮɟɩɜ. ũɘŬ Űɞ ɚɧɔɞ ŬɡŰɧ, ŰŬ ˊŬɟŬˊɎɜɤ ůŰŮɚɏɢɖ əŬɚɚɘŮɟɔɐɗɖəŬɜ ůŮ 

ɡɔɟɏɠ əŬɚɚɘɏɟɔŮɘŮɠ ɢɟɖůɘɛɞˊɞɘɩɜŰŬɠ ɤɠ ˊɖɔɏɠ ɎɜɗɟŬəŬ ŰŬ ɡˊɞůŰɟɩɛŬŰŬ ˊɞɡ ŮɑɢŬɜ 

ŮˊɘɚŮɔŮɑ Ŭˊɧ ŰŬ ˊɟɞɖɔɞɨɛŮɜŬ ˊŮɘɟɎɛŬŰŬ. ɆɡɔəŮəɟɘɛɏɜŬ, ɔɘŬ Űɖɜ ŮˊŬɔɤɔɐ Ůɜɕɨɛɤɜ ɛŮ 

ɡŭɟɞɚɡŰɘəɐ ŭɟɎůɖ ŮˊɘɚɏɢɗɖəŮ ɤɠ ˊɖɔɐ ɎɜɗɟŬəŬ Űɞ Impranil, əŬɗɩɠ ɐŰŬɜ ɐŭɖ ɔɜɤůŰɧ 

Ŭˊɧ Űɖ ɓɘɓɚɘɞɔɟŬűɑŬ ɧŰɘ ɛˊɞɟŮɑ ɜŬ ŭɘŮɔŮɑɟŮɘ Űɖɜ ˊŬɟŬɔɤɔɐ Ůɜɧɠ ŮɡɟɨŰŮɟɞɡ űɎůɛŬŰɞɠ 

ˊɞɚɡŮůŰŮɟŬůɩɜ əŬɘ ˊɟɤŰŮŬůɩɜ. 

ɆŰɞ ˊɚŬɑůɘɞ ŬɡŰɧ, ŰŬ ůŰŮɚɏɢɖ F. oxysporum BPOP18, Fusarium sp. IA2 əŬɘ 

Aspergillus sp. MM36 əŬɚɚɘŮɟɔɐɗɖəŬɜ ˊŬɟɞɡůɑŬ Impranil əŬɘ ɛŮɚŮŰɐɗɖəŮ ɖ Ůɜɕɡɛɘəɐ 

ŭɟŬůŰɘəɧŰɖŰŬ Űɤɜ ŮɝɤəɡŰŰŬɟɘəɩɜ Űɞɡɠ əɚŬůɛɎŰɤɜ ɤɠ ˊɟɞɠ Űɖɜ Ŭˊɞɘəɞŭɧɛɖůɖ Űɖɠ 

PU. ȷˊɧ Űɖɜ ŬɜɎɚɡůɖ Űɤɜ ŬˊɞŰŮɚŮůɛɎŰɤɜ ˊɟɞɏəɡɣŮ ɧŰɘ ŰŬ ŭɨɞ ůŰŮɚɏɢɖ Űɞɡ ɔɏɜɞɡɠ 

Fusarium ŮɛűɎɜɘůŬɜ ůŬűɩɠ ɡɣɖɚɧŰŮɟɖ ɘəŬɜɧŰɖŰŬ ɡˊɞɓɎɗɛɘůɖɠ Űɞɡ ˊɞɚɡɛŮɟɞɨɠ, 

əŬɗɩɠ Űɞ Fusarium sp. IA2 ˊɟɞəɎɚŮůŮ ɛŮɑɤůɖ Űɖɠ ɛɎɕŬɠ Űɖɠ PU əŬŰɎ 13,5% əŬɘ 

ɛŮɑɤůɖ Űɞɡ ɛɏůɞɡ Ŭɟɘɗɛɞɨ ɛɞɟɘŬəɞɨ ɓɎɟɞɡɠ (ὓ  əŬŰɎ 5,5%, Ůɜɩ Űɞ F. oxysporum 

BPOP18 ɞŭɐɔɖůŮ ůŮ ɛŮɑɤůɖ Űɖɠ ɛɎɕŬɠ əŬŰɎ 9,0% əŬɘ Űɞɡ ὓ  əŬŰɎ 7,2%. ɇŬ 

ŬˊɞŰŮɚɏůɛŬŰŬ ŬɡŰɎ əŬŰɏŭŮɘɝŬɜ ɧŰɘ ŰŬ ŮɝɤəɡŰŰŬɟɘəɎ ɏɜɕɡɛŬ Űɤɜ ŭɨɞ ůŰŮɚŮɢɩɜ Űɞɡ 

Fusarium ŮɑɜŬɘ ˊɘɞ ŬˊɞŰŮɚŮůɛŬŰɘəɎ ůŰɖɜ Ŭˊɞɘəɞŭɧɛɖůɖ Űɖɠ PU ůŮ ůɨɔəɟɘůɖ ɛŮ ŮəŮɑɜŬ 

Űɞɡ Aspergillus, ɔɘô ŬɡŰɧ əŬɘ Űɞ ŰŮɚŮɡŰŬɑɞ ŭŮɜ ɛŮɚŮŰɐɗɖəŮ ˊŮɟŬɘŰɏɟɤ ɤɠ ˊɟɞɠ Űɞ 

ůɡɔəŮəɟɘɛɏɜɞ ˊɞɚɡɛŮɟɏɠ. ɆŰɖ ůɡɜɏɢŮɘŬ, ˊɟɞəŮɘɛɏɜɞɡ ɜŬ ůɡɔəɟɘɗɞɨɜ ɛŮ ɛŮɔŬɚɨŰŮɟɖ 

ŬɝɘɞˊɘůŰɑŬ ŰŬ ŭɨɞ ůŰŮɚɏɢɖ Űɞɡ Fusarium, ŰŬ ŮɝɤəɡŰŰŬɟɘəɎ Űɞɡɠ əɚɎůɛŬŰŬ 

ɡˊɞɓɚɐɗɖəŬɜ ůŮ ˊɟɤŰŮɤɛɘəɐ ŬɜɎɚɡůɖ, ɩůŰŮ ɜŬ ŰŬɡŰɞˊɞɘɖɗɞɨɜ ŰŬ ɏɜɕɡɛŬ ˊɞɡ 

ŮˊɎɔɞɜŰŬɘ ɡˊɧ Űɘɠ ůɡɔəŮəɟɘɛɏɜŮɠ ůɡɜɗɐəŮɠ. 

ɄɏɟŬ Ŭˊɧ Űɖɜ PU, ŮɝŮŰɎůŰɖəŮ əŬɘ ɖ ŭɡɜŬŰɧŰɖŰŬ ɢɟɐůɖɠ Űɤɜ ŮɝɤəɡŰŰŬɟɘəɩɜ 

əɚŬůɛɎŰɤɜ Űɞɡ Aspergillus sp. MM36 ɔɘŬ Űɖɜ Űɟɞˊɞˊɞɑɖůɖ Űɞɡ LDPE. ɇɞ ůŰɏɚŮɢɞɠ 

ŬɡŰɧ əŬɚɚɘŮɟɔɐɗɖəŮ ɢɟɖůɘɛɞˊɞɘɩɜŰŬɠ ɤɠ ˊɖɔɐ ɎɜɗɟŬəŬ lcAlk, ŰŬ ɞˊɞɑŬ ɗŮɤɟɞɨɜŰŬɘ 

əŬŰɎɚɚɖɚŬ ɔɘŬ Űɖɜ ˊɟɞůɞɛɞɑɤůɖ Űɖɠ ɢɖɛɘəɐɠ ŭɞɛɐɠ Űɞɡ PE. ɇɞ ŮɝɤəɡŰŰŬɟɘəɧ əɚɎůɛŬ 

Űɞɡ ɛɨəɖŰŬ ɢɟɖůɘɛɞˊɞɘɐɗɖəŮ ɔɘŬ Űɖɜ əŬŰŮɟɔŬůɑŬ ůəɧɜɖɠ LDPE əŬɘ ɖ ˊɘɗŬɜɐ 

Űɟɞˊɞˊɞɑɖůɖ Űɞɡ ˊɞɚɡɛŮɟɞɨɠ ŬɝɘɞɚɞɔɐɗɖəŮ ɛŮ űŬůɛŬŰɞůəɞˊɑŬ ɡˊŮɟɨɗɟɞɡ (FT-IR). 

ɇŬ űɎůɛŬŰŬ Űɞɡ LDPE ɛŮŰɎ Űɖɜ ŮˊŮɝŮɟɔŬůɑŬ ɛŮ Űɞ ɡɔɟɧ əɚɎůɛŬ Űɖɠ əŬɚɚɘɏɟɔŮɘŬɠ 

ŮɛűɎɜɘůŬɜ ɜɏŮɠ ŬˊɞɟɟɞűɐůŮɘɠ ˊɞɡ ůɢŮŰɑɕɞɜŰŬɘ ɛŮ Űɞɜ ůɢɖɛŬŰɘůɛɧ ɡŭɟɞɝɡɚɞɛɎŭɤɜ, 



xxvii 

 

ŭŮůɛɩɜ CïO, əŬɘ C=C, ŮɜŭŮɑɝŮɘɠ Űɖɠ ɞɝŮɘŭɤŰɘəɐɠ Űɟɞˊɞˊɞɑɖůɖɠ, ŬɚɚɎ əŬɘ ɗɟŬɨůɖɠ 

Űɤɜ Ŭɚɡůɑŭɤɜ.  

ȼ ŰɟɑŰɖ əŬŰɖɔɞɟɑŬ ˊɞɚɡɛŮɟɩɜ ˊɞɡ ɛŮɚŮŰɐɗɖəŮ ůŰɞ ůŰɎŭɘɞ ŬɡŰɧ ɐŰŬɜ Űɞ PS. ũɘŬ 

Űɞɜ ůəɞˊɧ ŬɡŰɧ ɢɟɖůɘɛɞˊɞɘɐɗɖəŮ ɞ ɓŬůɘŭɘɞɛɨəɖŰŬɠ A. biennis LGAM 436, ɞ ɞˊɞɑɞɠ 

ŮɑɢŮ ɐŭɖ ŭŮɑɝŮɘ ɘəŬɜɧŰɖŰŬ ŬɜɎˊŰɡɝɖɠ ˊŬɟɞɡůɑŬ PS əŬɘ EPS. ȾŬŰɎ Űɖ ŭɘɎɟəŮɘŬ Űɖɠ 

əŬɚɚɘɏɟɔŮɘŬɠ ɛŮŰɟɐɗɖəŬɜ ɞɘ ŮɜŮɟɔɧŰɖŰŮɠ ŭɘŬűɧɟɤɜ ɞɝŮɘŭɤŰɘəɩɜ Ůɜɕɨɛɤɜ, ɛŮ Űɖ 

ɚŬəəɎůɖ ɜŬ ŬˊɞŰŮɚŮɑ Űɞ əɨɟɘɞ ɏɜɕɡɛɞ ˊɞɡ ŮəűɟɎůŰɖəŮ. ȼ Ŭˊɞɘəɞŭɧɛɖůɖ Űɞɡ PS 

ŬɝɘɞɚɞɔɐɗɖəŮ ˊŮɟŬɘŰɏɟɤ ɛɏůɤ ɞˊŰɘəɐɠ ɛɘəɟɞůəɞˊɑŬɠ, ɛɘəɟɞůəɞˊɑŬɠ ŬŰɞɛɘəɐɠ 

ŭɨɜŬɛɖɠ (AFM), FT-IR əŬɘ ŬɜɎɚɡůɖɠ əŬŰŬɜɞɛɐɠ ɛɞɟɘŬəɩɜ ɓŬɟɩɜ (GPC). ȼ AFM 

ɏŭŮɘɝŮ ɧŰɘ ɛŮŰɎ Ŭˊɧ 20 əŬɘ 30 ɖɛɏɟŮɠ əŬɚɚɘɏɟɔŮɘŬɠ ɖ ŮˊɘűɎɜŮɘŬ Űɞɡ PS film ŮɑɢŮ ɡˊɞůŰŮɑ 

ůɖɛŬɜŰɘəɐ ŭɘɎɓɟɤůɖ, ɛŮ ůɢɖɛŬŰɘůɛɧ ɟɤɔɛɩɜ, ɞˊɩɜ əŬɘ ɏɜŰɞɜɖɠ ŮˊɘűŬɜŮɘŬəɐɠ 

Ŭɚɚɞɑɤůɖɠ. ȷɜŰɑůŰɞɘɢŬ, ŰŬ űɎůɛŬŰŬ FT-IR ŮˊɘɓŮɓŬɑɤůŬɜ ɧŰɘ ɖ ˊŬɟɞɡůɑŬ Űɞɡ ɛɨəɖŰŬ 

ɞŭɐɔɖůŮ ůŮ ɢɖɛɘəɏɠ ŰɟɞˊɞˊɞɘɐůŮɘɠ Űɞɡ PS, əŬɗɩɠ əŬŰŬɔɟɎűɖəŮ ɛŮɑɤůɖ Űɖɠ ɏɜŰŬůɖɠ 

Űɖɠ əɞɟɡűɐɠ ˊɞɡ ŬɜŰɘůŰɞɘɢŮɑ ůŰɞɡɠ ɎɜɗɟŬəŮɠ Űɞɡ ŬɟɤɛŬŰɘəɞɨ ŭŬəŰɡɚɑɞɡ, Ůɜɩ 

ŮɛűŬɜɑůŰɖəŮ əŬɘ ɜɏŬ əɞɟɡűɐ ˊɞɡ ŬˊɞŭɧɗɖəŮ ůŰɞɜ ůɢɖɛŬŰɘůɛɧ əŬɟɓɞɜɡɚɘəɩɜ ɞɛɎŭɤɜ 

ɚɧɔɤ ɞɝŮɘŭɤŰɘəɐɠ Űɟɞˊɞˊɞɑɖůɖɠ. ȷɜŬűɞɟɘəɎ ɛŮ Űɞ ɛɞɟɘŬəɧ ɓɎɟɞɠ, ɖ GPC ŬɜɎɚɡůɖ 

ɏŭŮɘɝŮ ɧŰɘ ɛŮɑɤůɖ Űɞɡ ɛɞɟɘŬəɞɨ ɓɎɟɞɡɠ əŬŰɎ ˊŮɟɑˊɞɡ 10% ɛŮŰɎ Ŭˊɧ 30 ɖɛɏɟŮɠ 

əŬɚɚɘɏɟɔŮɘŬɠ. ɀŮ ɓɎůɖ ŰŬ ˊŬɟŬˊɎɜɤ, əŬɘ Űɞ ůɡɔəŮəɟɘɛɏɜɞ ůŰɏɚŮɢɞɠ ŮˊɘɚɏɢɗɖəŮ ɔɘŬ 

ŬɜɎɚɡůɖ Űɞɡ ˊɟɤŰŮɧɛŬŰɞɠ Űɞɡɠ ɛɏůɤ ɞɛɘəɩɜ ŬɜŬɚɨůŮɤɜ.  

ɆŰɞ ŮˊɧɛŮɜɞ ůŰɎŭɘɞ Űɖɠ ŭɘŬŰɟɘɓɐɠ ŬəɞɚɞɨɗɖůŮ ɖ ŰŬɡŰɞˊɞɑɖůɖ Űɤɜ ˊɟɤŰŮɥɜɩɜ ˊɞɡ 

ŮəəɟɑɜɞɜŰŬɘ ˊŬɟɞɡůɑŬ Űɤɜ Impranil, lcAlk  əŬɘ PS. ȷɟɢɘəɎ, ůŮ ɧŰɘ ŬűɞɟɎ Űɘɠ ˊɟɤŰŮȶɜŮɠ 

Űɤɜ ŭɡɞ ůŰŮɚŮɢɩɜ Fusarium ˊŬɟɞɡůɑŬ Impranil, ůŰɞɜ F. oxysporum BPOP18 

ŬɜɘɢɜŮɨɗɖəŬɜ ůɡɜɞɚɘəɎ 292 ˊɟɤŰŮȶɜŮɠ, Ŭˊɧ Űɘɠ ɞˊɞɑŮɠ Űɞ 60% ˊɟɞɓɚŮˊɧŰŬɜ ɤɠ 

ŮɝɤəɡŰŰɎɟɘŮɠ əŬɘ Űɞ 6% ɤɠ ůɡɜŭŮŭŮɛɏɜŮɠ ɛŮ Űɖ ɛŮɛɓɟɎɜɖ. ȷɜɎɛŮůŬ ůŰɘɠ ˊɟɤŰŮȶɜŮɠ 

ˊɞɡ ŬɜɘɢɜŮɨɗɖəŬɜ ŮɜŰɞˊɑůŰɖəŬɜ ˊɞɚɡɎɟɘɗɛŮɠ ɡŭɟɞɚɎůŮɠ, ɧˊɤɠ ɚɘˊɎůŮɠ, əɞɡŰɘɜɎůŮɠ, 

ŬəŮŰɡɚŮůŰŮɟɎůŮɠ, əŬɟɓɞɝɡˊŮˊŰɘŭɎůŮɠ əŬɘ ˊŮˊŰɘŭɎůŮɠ, ŬɚɚɎ əŬɘ ɞɝŮɘŭɞŬɜŬɔɤɔɘəɎ 

ɏɜɕɡɛŬ, ŰŬ ɞˊɞɑŬ ɏɢɞɡɜ ɐŭɖ ůɡůɢŮŰɘůɗŮɑ ɓɘɓɚɘɞɔɟŬűɘəɎ ɛŮ Űɖɜ Ŭˊɞɘəɞŭɧɛɖůɖ Űɖɠ PU. 

ɆŰɖ ŭŮɨŰŮɟɖ ˊŮɟɑˊŰɤůɖ Űɞɡ Fusarium sp. IA2 ŬɜɘɢɜŮɨɗɖəŬɜ ůɡɜɞɚɘəɎ 70 ˊɟɤŰŮȶɜŮɠ, 

Ŭˊɧ Űɘɠ ɞˊɞɑŮɠ Űɞ 74% ˊɟɞɓɚŮˊɧŰŬɜ ɤɠ ŮɝɤəɡŰŰɎɟɘŮɠ ɐ ɛŮɛɓɟŬɜɘəɏɠ. ȾŬɘ ůŮ ŬɡŰɐ Űɖɜ 

ˊŮɟɑˊŰɤůɖ, ůɖɛŬɜŰɘəɧ ˊɞůɞůŰɧ Űɤɜ ˊɘɞ ɡˊŮɟ-ŮəűɟŬůɛɏɜɤɜ ́ ɟɤŰŮɥɜɩɜ ŬɜŰɘůŰɞɘɢɞɨůŮ 

ůŮ ˊɟɤŰŮɎůŮɠ, Ůɜɩ ŬɜɘɢɜŮɨɗɖəŬɜ Ůˊɑůɖɠ əɞɡŰɘɜɎůŮɠ, ɚɘˊɎůŮɠ, əŬɘ ˊŮˊŰɘŭɎůŮɠ. 

ɆɡɜɞɚɘəɎ, əŬɘ ůŰŬ ŭɨɞ ůŰŮɚɏɢɖ Űɞɡ ɔɏɜɞɡɠ Fusarium, ɞɘ ˊɟɤŰŮɎůŮɠ ŬˊɞŰɏɚŮůŬɜ Űɖɜ 

əɡɟɑŬɟɢɖ əŬŰɖɔɞɟɑŬ Ůɜɕɨɛɤɜ ůŰɞ ŮɝɤəɡŰŰŬɟɘəɧ əɚɎůɛŬ. ɇɞ ŮɨɟɖɛŬ ŬɡŰɧ ɗŮɤɟɐɗɖəŮ 

ɘŭɘŬɑŰŮɟŬ ůɖɛŬɜŰɘəɧ, əŬɗɩɠ ɖ ˊŬɟɞɡůɑŬ Űɧůɞ ɏɜŰɞɜɖɠ ˊɟɤŰŮɞɚɡŰɘəɐɠ Ŭˊɧəɟɘůɖɠ ůŮ 
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əŬɚɚɘɏɟɔŮɘŮɠ ɛŮ Impranil ŭŮɜ ŬɜŬűɏɟŮŰŬɘ ůɡɢɜɎ ůŰɖ ɓɘɓɚɘɞɔɟŬűɑŬ, ˊŬɟɧŰɘ ɞɘ 

ˊɟɤŰŮɎůŮɠ ɏɢɞɡɜ ˊɟɞŰŬɗŮɑ ɤɠ ɘŭɘŬɑŰŮɟŬ ŬˊɞŰŮɚŮůɛŬŰɘəɎ ɏɜɕɡɛŬ ɔɘŬ Űɖ ŭɘɎůˊŬůɖ Űɞɡ 

ɞɡɟŮɗŬɜɘəɞɨ ŭŮůɛɞɨ. ɀŮ ɓɎůɖ ŰŬ ˊŬɟŬˊɎɜɤ, ůɡɛˊŮɟŬɑɜŮŰŬɘ ɧŰɘ ɖ Ŭˊɞɘəɞŭɧɛɖůɖ Űɖɠ 

PU ˊɘɗŬɜɧŰŬŰŬ ŭŮɜ ɞűŮɑɚŮŰŬɘ ŬˊɞəɚŮɘůŰɘəɎ ůŮ ŮůŰŮɟɎůŮɠ, ŬɚɚɎ ŬˊŬɘŰŮɑ Űɖ 

ůɡɜŮɟɔɘůŰɘəɐ ŭɟɎůɖ ŮůŰŮɟɞɚɡŰɘəɩɜ əŬɘ ˊɟɤŰŮɞɚɡŰɘəɩɜ Ůɜɕɨɛɤɜ. ɆŰɖ ůɡɜɏɢŮɘŬ, 

ˊɟŬɔɛŬŰɞˊɞɘɐɗɖəŮ ŬɜɎɚɡůɖ ŭɘŬűɞɟɘəɐɠ ɏəűɟŬůɖɠ ůŰɞ ŮɝɤəɡŰŰŬɟɘəɧ əɚɎůɛŬ Űɞɡ F. 

oxysporum BPOP18, Űɞ ɞˊɞɑɞ ŮɑɢŮ ɐŭɖ ŬɜŬŭŮɘɢɗŮɑ ɤɠ Űɞ ˊɘɞ ɡˊɞůɢɧɛŮɜɞ ůŰɏɚŮɢɞɠ ɔɘŬ 

ˊŮɟŬɘŰɏɟɤ ɛŮɚɏŰɖ. ȷˊɧ Űɖ ůɨɔəɟɘůɖ ŭɨɞ ɢɟɞɜɘəɩɜ ůɖɛŮɑɤɜ ˊɟɞɏəɡɣŮ ɧŰɘ ɛɧɜɞ 18 

ˊɟɤŰŮȶɜŮɠ ŮɛűɎɜɘůŬɜ ŭɘŬűɞɟɘəɐ ɏəűɟŬůɖ, ɔŮɔɞɜɧɠ ˊɞɡ ŭŮɑɢɜŮɘ ɧŰɘ ŰŬ ŭɨɞ ŭŮɑɔɛŬŰŬ 

ŮɑɢŬɜ ɔŮɜɘəɎ ˊŬɟɧɛɞɘŬ ůɨůŰŬůɖ. ɄŬɟô ɧɚŬ ŬɡŰɎ, ůŰɞ ˊɟɩɘɛɞ ɢɟɞɜɘəɧ ůɖɛŮɑɞ ŬɡɝɐɗɖəŮ 

ɖ ɏəűɟŬůɖ Űɟɘɩɜ ŮůŰŮɟŬůɩɜ, ɔŮɔɞɜɧɠ ˊɞɡ ɡˊɞŭɖɚɩɜŮɘ ɧŰɘ ŰŬ ɏɜɕɡɛŬ ŬɡŰɎ ůɢŮŰɑɕɞɜŰŬɘ 

əɡɟɑɤɠ ɛŮ Űɖɜ Ŭɟɢɘəɐ Ŭˊɧəɟɘůɖ Űɞɡ ɛɨəɖŰŬ ůŰɞ ɡˊɧůŰɟɤɛŬ, Ůɜɩ ůŰɞ ɛŮŰŬɔŮɜɏůŰŮɟɞ 

ɢɟɞɜɘəɧ ůɖɛŮɑɞ ŬɜɘɢɜŮɨɗɖəŬɜ ˊŮɟɘůůɧŰŮɟɞ ɞɝŮɘŭɞŬɜŬɔɤɔɘəɎ ɏɜɕɡɛŬ əŬɘ ˊɟɤŰŮȶɜŮɠ 

ɎɔɜɤůŰɖɠ ɚŮɘŰɞɡɟɔɑŬɠ, ɔŮɔɞɜɧɠ ˊɞɡ ɞŭɐɔɖůŮ ůŰɖɜ ɡˊɧɗŮůɖ ɧŰɘ ŬɡŰɎ ŮɜŭɏɢŮŰŬɘ ɜŬ 

ůɢŮŰɑɕɞɜŰŬɘ ɛŮ Űɖ ŭɘɎůˊŬůɖ ˊɘɞ ŬɜɗŮəŰɘəɩɜ ŭɞɛɘəɩɜ ůŰɞɘɢŮɑɤɜ Űɞɡ ˊɞɚɡɛŮɟɞɨɠ. 

ɆŮ ŬɜɎɚɞɔɞ ˊŮɑɟŬɛŬ ŭɘŬűɞɟɘəɐɠ ɏəűɟŬůɖɠ ůŰɞ ŮɝɤəɡŰŰŬɟɘəɧ əɚɎůɛŬ Űɞɡ 

Aspergillus sp. MM36 ˊɞɡ ŮɑɢŮ ŮˊŬɢɗŮɑ ˊŬɟɞɡůɑŬ lcAlk , ŰŬ ɏɜɕɡɛŬ ˊɞɡ ɗŮɤɟɐɗɖəŬɜ 

ˊɘɞ ůɖɛŬɜŰɘəɎ ɔɘŬ Űɖɜ Űɟɞˊɞˊɞɑɖůɖ Űɞɡ LDPE ˊŮɟɘɚŬɛɓɎɜɞɜŰŬɜ ɛɘŬ ŮɝɤəɡŰŰɎɟɘŬ 

ɢɚɤɟɞ-ɦˊŮɟɞɝŮɘŭɎůɖ, ŬɟəŮŰɎ ɞɝŮɘŭɤŬɜŬɔɤɔɘəɎ ɏɜɕɡɛŬ əŬɘ ɏɜŬ əɡŰɧɢɟɤɛŬ, Űɞ ɞˊɞɑɞ 

ŮɑɜŬɘ ɔɜɤůŰɧ ɧŰɘ ɛˊɞɟŮɑ ɜŬ əŬŰŬɚɨŮɘ ɡŭɟɞɝɡɚɘɩůŮɘɠ ŬɚəŬɜɑɤɜ. ȼ ˊŬɟɞɡůɑŬ Űɤɜ 

Ůɜɕɨɛɤɜ ŬɡŰɩɜ ɡˊɞůŰɖɟɑɕŮɘ Űɖɜ Ɏˊɞɣɖ ɧŰɘ ɞ Aspergillus sp. MM36 ŬˊɞəɟɑɜŮŰŬɘ ůŰɖɜ 

ˊŬɟɞɡůɑŬ lcAlk  ŮɜŮɟɔɞˊɞɘɩɜŰŬɠ ɏɜŬ ůɨůŰɖɛŬ ɞɝŮɘŭɤŰɘəɩɜ Ůɜɕɨɛɤɜ ˊɞɡ ɞŭɖɔŮɑ ůŰɖɜ  

Ŭɟɢɘəɐ ɞɝŮɑŭɤůɖ əŬɘ ɡˊɞɓɎɗɛɘůɖ Űɞɡ PE. ɄɏɟŬ Ŭˊɧ ŰŬ əŬɗŬɟɎ ɞɝŮɘŭɤŰɘəɎ ɏɜɕɡɛŬ, ɖ 

ˊɟɤŰŮɤɛɘəɐ ŬɜɎɚɡůɖ Űɞɡ Aspergillus sp. MM36 ŬɜɏŭŮɘɝŮ əŬɘ Űɖɜ ˊŬɟɞɡůɑŬ ɛɖ 

əŬŰŬɚɡŰɘəɩɜ ˊɟɤŰŮɥɜɩɜ ˊɞɡ ŮɜŭɏɢŮŰŬɘ ɜŬ ůɡɛɓɎɚɚɞɡɜ ůŰɖɜ ŬɚɚɖɚŮˊɑŭɟŬůɖ Űɞɡ 

ɛɨəɖŰŬ ɛŮ ɡŭɟɧűɞɓŮɠ ŮˊɘűɎɜŮɘŮɠ. ɆɡɔəŮəɟɘɛɏɜŬ, ŬɜɘɢɜŮɨɗɖəŬɜ ɛɖ əŬŰŬɚɡŰŰɘəɏɠ 

ˊɟɤŰŮȶɜŮɠ, ɞɘ ɞˊɞɑŮɠ ŮɑɜŬɘ ɔɜɤůŰɧ ɧŰɘ ɛˊɞɟɞɨɜ ɜŬ ˊɟɞůŭɏɜɞɜŰŬɘ ůŮ ɡŭɟɧűɞɓŬ 

ɡˊɞůŰɟɩɛŬŰŬ əŬɘ ɜŬ ŭɘŮɡəɞɚɨɜɞɡɜ Űɖɜ ˊɟɧůŭŮůɖ Ůɜɕɨɛɤɜ, əŬɗɩɠ əŬɘ ɎɚɚŮɠ 

ˊɟɤŰŮȶɜŮɠ, ˊɞɡ ɏɢɞɡɜ ůɡůɢŮŰɘůɗŮɑ ɛŮ Űɖ ɛŮɑɤůɖ Űɖɠ ɡŭɟɞűɞɓɘəɧŰɖŰŬɠ ˊɞɚɡɛŮɟɘəɩɜ 

ŮˊɘűŬɜŮɘɩɜ. ȼ ˊŬɟɞɡůɑŬ ŰɏŰɞɘɤɜ ˊɟɤŰŮɥɜɩɜ ɡˊɞůŰɖɟɑɕŮɘ Űɖɜ Ɏˊɞɣɖ ɧŰɘ ɖ Űɟɞˊɞˊɞɑɖůɖ 

Űɞɡ LDPE ŭŮɜ ŬˊɞŰŮɚŮɑ ŬˊɞəɚŮɘůŰɘəɎ Ůɜɕɡɛɘəɧ űŬɘɜɧɛŮɜɞ, ŬɚɚɎ ˊŮɟɘɚŬɛɓɎɜŮɘ əŬɘ 

ɓɞɖɗɖŰɘəɞɨɠ ɛɖɢŬɜɘůɛɞɨɠ ˊɟɞůəɧɚɚɖůɖɠ əŬɘ Ŭɨɝɖůɖɠ Űɖɠ ˊɟɞůɓŬůɘɛɧŰɖŰŬɠ Űɞɡ 

ɡˊɞůŰɟɩɛŬŰɞɠ. 
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ȼ ŬɜŰɑůŰɞɘɢɖ ɛŮɚɏŰɖ Űɞɡ A. biennis LGAM 436 ɔɘŬ Űɖɜ Ŭˊɞɘəɞŭɧɛɖůɖ Űɞɡ PS 

ůɡɜŭɡɎůŰɖəŮ ɛŮ ɔɞɜɘŭɘɤɛŬŰɘəɐ əŬɘ ˊɟɤŰŮɤɛɘəɐ ŬɜɎɚɡůɖ. ȷɟɢɘəɎ, ˊɟŬɔɛŬŰɞˊɞɘɐɗɖəŮ 

Ŭɚɚɖɚɞɨɢɖůɖ Űɞɡ ɔɞɜɘŭɘɩɛŬŰɞɠ Űɞɡ ůŰŮɚɏɢɞɡɠ, Űɞ ɞˊɞɑɞ ɓɟɏɗɖəŮ ɜŬ ɏɢŮɘ ɛɏɔŮɗɞɠ 33,7 

Mb əŬɘ ɜŬ əɤŭɘəɞˊɞɘŮɑ 12.083 ˊɟɤŰŮȶɜŮɠ. ɆŰɖ ůɡɜɏɢŮɘŬ, ɖ ˊɟɤŰŮɤɛɘəɐ ŬɜɎɚɡůɖ Űɞɡ 

ŮɝɤəɡŰŰɎɟɘɞɡ əɚɎůɛŬŰɞɠ ɞŭɐɔɖůŮ ůŰɖɜ ŰŬɡŰɞˊɞɑɖůɖ 1.467 ˊɟɤŰŮɥɜɩɜ, Ŭˊɧ Űɘɠ ɞˊɞɑŮɠ 

Űɞ 33,8% ˊɟɞɓɚŮˊɧŰŬɜ ɤɠ ŮɝɤəɡŰŰɎɟɘŮɠ, ˊɞůɞůŰɧ ůɖɛŬɜŰɘəɎ ɛŮɔŬɚɨŰŮɟɞ Ŭˊɧ ŮəŮɑɜɞ 

ˊɞɡ ŬɜŬɛɏɜŮŰŬɘ ɛŮ ɓɎůɖ Űɞ ůɡɜɞɚɘəɧ ˊɟɤŰɏɤɛŬ Űɞɡ ɛɨəɖŰŬ. ȼ ŬɜɎɚɡůɖ ɏŭŮɘɝŮ ɧŰɘ ɞ 

A. biennis LGAM 436 ŭɘŬɗɏŰŮɘ ˊɚɞɨůɘɞ ůɨůŰɖɛŬ ɚɘɔɜɞəɡŰŰŬɟɘɜɞɨɢɤɜ Ůɜɕɨɛɤɜ, ɛɏɟɞɠ 

Űɞɡ ɞˊɞɑɞɡ űŬɑɜŮŰŬɘ ɧŰɘ ŮˊŬɜŬɢɟɖůɘɛɞˊɞɘŮɑŰŬɘ əŬɘ ɔɘŬ Űɖɜ ˊɟɞůɓɞɚɐ Űɞɡ PS. ɆŰŬ 

ɏɜɕɡɛŬ ˊɞɡ ŰŬɡŰɞˊɞɘɐɗɖəŬɜ ůɡɔəŬŰŬɚɏɔɞɜŰŬɘ, ɞɝŮɘŭɎůŮɠ, ɛŮ əɡɟɘɧŰŮɟŮɠ Űɘɠ ɚŬəəɎůŮɠ, 

əŬɘ ɚɞɘˊɎ ɓɞɖɗɖŰɘəɎ ɞɝŮɘŭɤŰɘəɎ ɏɜɕɡɛŬ, ˊɞɡ ůɡɛɛŮŰɏɢɞɡɜ ůŰɖɜ ůɡɜɞɚɘəɐ Ŭˊɧəɟɘůɖ 

Űɞɡ ɛɨəɖŰŬ. ɇɞ ɔɞɜɘŭɑɤɛŬ Űɞɡ A. biennis LGAM 436 əɤŭɘəɞˊɞɘŮɑ ŮɜɜɏŬ ɚŬəəɎůŮɠ əŬɘ 

ɧɚŮɠ ŬɜɘɢɜŮɨɗɖəŬɜ ůŰɞ ˊɟɤŰɏɤɛŬ, Ůɜɩ ŭɡɞ Ůɝô ŬɡŰɩɜ (AbiLac1 əŬɘ AbiLac2) 

ůɡɔəŬŰŬɚɏɔɞɜŰŬɜ ůŰɘɠ ˊɘɞ ɎűɗɞɜŮɠ ˊɟɤŰŮȶɜŮɠ ˊɞɡ ŮəəɟɑɗɖəŬɜ ˊŬɟɞɡůɑŬ PS ɐ EPS. 

ȹŮŭɞɛɏɜɞɡ ɧŰɘ ɖ ŮɜŮɟɔɧŰɖŰŬ Űɖɠ ɚŬəəɎůɖɠ ŮɑɢŮ ɐŭɖ ůɡůɢŮŰɘůɗŮɑ ɛŮ Űɘɠ ɛŮŰŬɓɞɚɏɠ ˊɞɡ 

ˊŬɟŬŰɖɟɐɗɖəŬɜ ůŰɞ PS, ɞɘ ɚŬəəɎůŮɠ əŬɘ ɘŭɘŬɑŰŮɟŬ ɖ AbiLac1 ɚɧɔɤ Űɖɠ ɏɜŰɞɜɖɠ 

ˊŬɟɞɡůɑŬɠ Űɖɠ ůŰɞ ˊɟɤŰɏɤɛŬ, ɗŮɤɟɐɗɖəŮ Űɞ ɓŬůɘəɧ ɏɜɕɡɛŬ ɔɘŬ Űɖɜ Ŭɟɢɘəɐ ɞɝŮɘŭɤŰɘəɐ 

ˊɟɞůɓɞɚɐ Űɞɡ ˊɞɚɡɛŮɟɞɨɠ. ȺəŰɧɠ Ŭˊɧ ŰŬ ɞɝŮɘŭɞŬɜŬɔɤɔɘəɎ ɏɜɕɡɛŬ, ɖ ˊɟɤŰŮɤɛɘəɐ 

ŬɜɎɚɡůɖ ŬɜɏŭŮɘɝŮ əŬɘ ůɖɛŬɜŰɘəɧ Ŭɟɘɗɛɧ ɛɖ əŬŰŬɚɡŰɘəɩɜ ɐ ɓɞɖɗɖŰɘəɩɜ ˊɟɤŰŮɥɜɩɜ, ɞɘ 

ɞˊɞɑŮɠ ˊŬɑɕɞɡɜ ɟɧɚɞ ůŰɖɜ ˊɟɞůəɧɚɚɖůɖ Űɞɡ ɛɨəɖŰŬ ůŰɖɜ ŮˊɘűɎɜŮɘŬ Űɞɡ ˊɞɚɡɛŮɟɞɨɠ 

əŬɘ ůŰɖɜ Ŭɨɝɖůɖ Űɖɠ ˊɟɞůɓŬůɘɛɧŰɖŰɎɠ Űɞɡ.  

ȼ ŭɡɜŬŰɧŰɖŰŬ Űɞɡ ůŰŮɚɏɢɞɡɠ F. oxysporum BPOP18 ɜŬ ŬɜŬˊŰɨůůŮŰŬɘ ůŮ ˊɚɐɗɞɠ 

ɡˊɞůŰɟɤɛɎŰɤɜ, ɐŰŬɜ əŬɘ ɞ ɓŬůɘəɧŰŮɟɞɠ ɚɧɔɞɠ Ůˊɘɚɞɔɐɠ Ůɜɕɨɛɤɜ ɔɘŬ ŮŰŮɟɞɚɧɔɖ 

ɏəűɟŬůɖ, Ŭˊɞɛɧɜɤůɖ əŬɘ ɓɘɞɢɖɛɘəɧ ɢŬɟŬəŰɖɟɘůɛɧ. ɀŮ ɓɎůɖ ŰŬ ŬˊɞŰŮɚɏůɛŬŰŬ Űɖɠ 

ˊɟɤŰŮɤɛɘəɐɠ ŬɜɎɚɡůɖɠ Űɞɡ ůŰŬ ɏɜɕɡɛŬ ˊɞɡ ŮˊɘɚɏɢɗɖəŬɜ ˊŮɟɘɚŬɛɓɎɜɞɜŰŬɜ ɛɘŬ 

əɞɡŰɘɜɎůɖ (FoCut5a), ɖ ŮůŰŮɟɎůɖ Űɞɡ űŮɟɞɡɚɘəɞɨ ɞɝɏɞɠ (FoFaeC), ɛɑŬ ŬɛɘŭɎůɖ, ɛɑŬ 

ŮɜŭɞˊŮˊŰɘŭɎůɖ, ɛɑŬ ˊɟɤŰŮɎůɖ əŬɘ ɛɑŬ ŰɡɟɞůɘɜɎůɖ. ȼ ŰɡɟɞůɘɜɎůɖ əŬɘ ɖ ŬɛɘŭɎůɖ 

ŮəűɟɎůŰɖəŬɜ ŮˊɘŰɡɢɩɠ ůŮ P. pastoris əŬɘ ŬˊɞɛɞɜɩɗɖəŬɜ, Ůɜɩ ɖ ŭɞɛɘəɐ Űɞɡɠ ŬɜɎɚɡůɖ 

ɏŭŮɘɝŮ ɞɛɞɘɧŰɖŰŬ ɛŮ ɐŭɖ ɔɜɤůŰɎ ɏɜɕɡɛŬ Űɖɠ ɓɘɓɚɘɞɔɟŬűɑŬɠ. ȼ ŰɡɟɞůɘɜɎůɖ ˊŬɟɞɡůɑŬůŮ 

ŰŬ ɢŬɟŬəŰɖɟɘůŰɘəɎ Űɞɡ ŮɜŮɟɔɞɨ əɏɜŰɟɞɡ Űɤɜ ɛɡəɖŰɘŬəɩɜ ŰɡɟɞůɘɜŬůɩɜ əŬɘ ŮɛűɎɜɘůŮ 

ɛɏɔɘůŰɖ ŭɟŬůŰɘəɧŰɖŰŬ ůŮ ŬɚəŬɚɘəɧ (pH=8.5) əŬɘ ɗŮɟɛɞəɟŬůɑŬ 40 °C, Ůɜɩ ɖ ŬɛɘŭɎůɖ 

ɏŭŮɘɝŮ ˊŮɟɘɞɟɘůɛɏɜɖ ŭɟŬůŰɘəɧŰɖŰŬ ůŰŬ ůɡɜɐɗɖ ɡˊɞůŰɟɩɛŬŰŬ əŬɘ ŬɝɘɞɚɞɔɐɗɖəŮ ŰŮɚɘəɎ 

ɛŮ ɓɎůɖ Űɖ ŭɟɎůɖ Űɖɠ ůŮ Impranil. ȾŬɘ ɔɘŬ ŰŬ ŭɨɞ ɏɜɕɡɛŬ, ɖ ˊŮɘɟŬɛŬŰɘəɐ ŬɜɎɚɡůɖ 
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ŮˊɘɓŮɓŬɑɤůŮ ɧŰɘ ɡűɑůŰŬɜŰŬɘ ɛŮŰŬ-ɛŮŰŬűɟŬůŰɘəɏɠ ŰɟɞˊɞˊɞɘɐůŮɘɠ, ɔŮɔɞɜɧɠ ˊɞɡ 

ŮˊɖɟɏŬůŮ Űɞ űŬɘɜɞɛŮɜɘəɧ Űɞɡɠ ɛɞɟɘŬəɧ ɓɎɟɞɠ. 

ȽŭɘŬɑŰŮɟɞ ŮɜŭɘŬűɏɟɞɜ ˊŬɟɞɡůɑŬůŮ ɖ ɛŮɚɏŰɖ Űɖɠ əɞɡŰɘɜɎůɖɠ FoCut5a əŬɘ Űɖɠ 

ŮůŰŮɟɎůɖɠ Űɞɡ űŮɟɞɡɚɘəɞɨ ɞɝɏɞɠ FoFaeC, ŭɨɞ Ůɜɕɨɛɤɜ ˊɞɡ ŮɑɢŬɜ ɐŭɖ ůɡůɢŮŰɘůɗŮɑ 

ɓɘɓɚɘɞɔɟŬűɘəɎ ɛŮ Űɖɜ Ŭˊɞɘəɞŭɧɛɖůɖ ˊɞɚɡŮůŰŮɟɘəɩɜ ɡˊɞůŰɟɤɛɎŰɤɜ. ȾŬɘ ŰŬ ŭɨɞ 

ŮəűɟɎůŰɖəŬɜ ŮˊɘŰɡɢɩɠ, əŬɗŬɟɑůŰɖəŬɜ, ɢŬɟŬəŰɖɟɑůŰɖəŬɜ əŬɘ Űɞ ɛɞɟɘŬəɧ Űɞɡɠ ɓɎɟɞɠ 

ŮˊɘɓŮɓŬɘɩɗɖəŮ ɛŮ ɖɚŮəŰɟɞűɧɟɖůɖ ůŮ ́ɖəŰɐ ŬɔŬɟɧɕɖɠ. ȷɜŬűɞɟɘəɎ ɛŮ ŰŬ 

ˊɟɤŰŮɞɚɡŰɘəɎ ɏɜɕɡɛŬ. ɖ ŮŰŮɟɞɚɧɔɖ ɏəűɟŬůɖ Űɞɡɠ ŭŮɜ ɐŰŬɜ ŮˊɘŰɡɢɐɠ, əŬɘ ɔɘŬ ŬɡŰɧ Űɞ 

ɚɧɔɞ ɢɟɖůɘɛɞˊɞɘɐɗɖəŮ ɖ Ůɛˊɞɟɘəɐ ˊɟɤŰŮɎůɖ Savinase, ˊɟɞəŮɘɛɏɜɞɡ ɜŬ ŭɘŮɟŮɡɜɖɗŮɑ ɖ 

ůɡɛɛŮŰɞɢɐ Űɖɠ ˊɟɤŰŮɞɚɡŰɘəɐɠ ŭɟŬůŰɘəɧŰɖŰŬɠ əɡɟɑɤɠ ůŰɖɜ Ŭˊɞɘəɞŭɧɛɖůɖ Űɖɠ PU. 

Ƀɘ ůɡɜŭɡŬůɛɞɑ Űɤɜ Ůɜɕɨɛɤɜ ŮűŬɟɛɧůŰɖəŬɜ ůŮ PU əŬɘ ŬɝɘɞɚɞɔɐɗɖəŬɜ ɛŮ 

ɓŬɟɡɛŮŰɟɘəɐ ŬɜɎɚɡůɖ, GPC əŬɘ HPLC. ȼ Savinase Ŭˊɧ ɛɧɜɖ Űɖɠ ɐŰŬɜ Űɞ ˊɘɞ 

ŬˊɞŰŮɚŮůɛŬŰɘəɧ ɏɜɕɡɛɞ ɤɠ ˊɟɞɠ Űɖ ɛŮɑɤůɖ Űɖɠ ɛɎɕŬɠ Űɖɠ PU, ˊɟɞəŬɚɩɜŰŬɠ ɛŮɑɤůɖ 

7,7%, Ůɜɩ ɖ FoCut5a ˊɟɞəɎɚŮůŮ ɛŮɑɤůɖ 5,1%. ȳŰŬɜ ŰŬ ŭɨɞ ɏɜɕɡɛŬ ŮűŬɟɛɧůŰɖəŬɜ 

ŰŬɡŰɧɢɟɞɜŬ, ŭŮɜ ˊŬɟŬŰɖɟɐɗɖəŮ ůɡɜŮɟɔɘůŰɘəɐ Ůɜɑůɢɡůɖ, əŬɗɩɠ ɖ ůɡɜɞɚɘəɐ ɛŮɑɤůɖ Űɖɠ 

ɛɎɕŬɠ ˊŮɟɘɞɟɑůŰɖəŮ ˊŮɟɑˊɞɡ ůŰɞ 2%. ȼ ŬɜɎɚɡůɖ GPC ɏŭŮɘɝŮ ɧŰɘ ɖ ůɡɜŭɡŬůɛɏɜɖ ŭɟɎůɖ 

Savinase əŬɘ FoCut5a ŭŮɜ ɞŭɐɔɖůŮ ůŮ ůɖɛŬɜŰɘəɏɠ ɛŮɘɩůŮɘɠ Űɞɡ ɛɞɟɘŬəɞɨ ɓɎɟɞɡɠ. ȼ 

HPLC ɏŭŮɘɝŮ Űɖɜ ŮɛűɎɜɘůɖ Ůɜɧɠ ɜɏɞɡ ŭɘŬɚɡŰɞɨ ˊɟɞɥɧɜŰɞɠ, Űɞ ɞˊɞɑɞ ɧɛɤɠ ŬˊɞŭɧɗɖəŮ 

əɡɟɑɤɠ ůŰɖ ŭɟɎůɖ Űɖɠ əɞɡŰɘɜɎůɖɠ. ȼ ůɡɜŮɟɔɘůŰɘəɐ ŭɟɎůɖ Űɖɠ Savinase ɛŮ Űɖɜ 

ŰɡɟɞůɘɜɎůɖ ŭŮɜ ɞŭɐɔɖůŮ Ůˊɑůɖɠ ůŮ ɞɡůɘŬůŰɘəɐ ɓŮɚŰɑɤůɖ Űɖɠ Ŭˊɞɘəɞŭɧɛɖůɖɠ ůŮ 

ŮˊɑˊŮŭɞ ŬˊɩɚŮɘŬɠ ɛɎɕŬɠ, əŬɗɩɠ ɖ ŰɡɟɞůɘɜɎůɖ Ŭˊɧ ɛɧɜɖ Űɖɠ ŭŮɜ ˊɟɞəɎɚŮůŮ ɛŮŰɟɐůɘɛɖ 

ɛŮɑɤůɖ Űɖɠ ɛɎɕŬɠ Űɖɠ PU, Ůɜɩ ɞ ůɡɜŭɡŬůɛɧɠ Űɖɠ ɛŮ Űɖ Savinase ɏŭɤůŮ ɛŮɑɤůɖ 6,6%, 

ŭɖɚŬŭɐ ŮɚŬűɟɩɠ ɢŬɛɖɚɧŰŮɟɖ Ŭˊɧ ŮəŮɑɜɖ Űɖɠ Savinase ɛɧɜɖɠ Űɖɠ. ɄŬɟô ɧɚŬ ŬɡŰɎ, ɖ 

ŬɜɎɚɡůɖ GPC ɏŭŮɘɝŮ ɧŰɘ ɞ ůɡɜŭɡŬůɛɧɠ ŮˊɖɟɏŬůŮ ůŮ ɛŮɔŬɚɨŰŮɟɞ ɓŬɗɛɧ Űɘɠ 

ɢŬɛɖɚɧŰŮɟɞɡ ɛɞɟɘŬəɞɨ ɓɎɟɞɡɠ ŬɚɡůɑŭŮɠ, Ůɜɩ ɖ HPLC ɏŭŮɘɝŮ əŬɘ ůŮ ŬɡŰɐ Űɖɜ 

ˊŮɟɑˊŰɤůɖ ɏɜŬɜ ɜɏɞ ŭɘŬɚɡŰɧ ɛŮŰŬɓɞɚɑŰɖ, Ŭɜ əŬɘ ůŮ ɛɘəɟɧŰŮɟɖ ˊɞůɧŰɖŰŬ Ŭˊɧ ɧ,Űɘ ůŰɞɜ 

ůɡɜŭɡŬůɛɧ SavinaseïFoCut5a. ɄŬɟɧɛɞɘŬ ŮɘəɧɜŬ ˊɟɞɏəɡɣŮ əŬɘ Ŭˊɧ Űɞɜ ůɡɜŭɡŬůɛɧ 

Savinase ɛŮ Űɖɜ ŬɛɘŭɎůɖ. ȼ Savinase ɛɧɜɖ Űɖɠ ɞŭɐɔɖůŮ ůŮ ɛŮɑɤůɖ Űɖɠ ɛɎɕŬɠ Űɖɠ PU 

əŬŰɎ 6,8%, Ůɜɩ ɞ ůɡɜŭɡŬůɛɧɠ ɛŮ Űɖɜ ŬɛɘŭɎůɖ ɏŭɤůŮ ɛɘəɟɧŰŮɟɖ ɓŬɟɡɛŮŰɟɘəɐ ɛŮɑɤůɖ, 

ˊŮɟɑˊɞɡ 3,4%. ɋůŰɧůɞ, ɖ GPC ŬɜɎɚɡůɖ ɏŭŮɘɝŮ ɧŰɘ ɖ ůɡɜŭɡŬůɛɏɜɖ ŮűŬɟɛɞɔɐ Űɤɜ ŭɨɞ 

Ůɜɕɨɛɤɜ ˊɟɞəɎɚŮůŮ ɛŮɔŬɚɨŰŮɟɖ ɛŮɑɤůɖ Űɞɡ ɛɞɟɘŬəɞɨ ɓɎɟɞɡɠ ůŮ ůɢɏůɖ ɛŮ Űɖ Savinase 

ɛɧɜɖ Űɖɠ, ɔŮɔɞɜɧɠ ˊɞɡ ɡˊɞŭɖɚɩɜŮɘ ɧŰɘ ɖ ŬɛɘŭɎůɖ ůɡɛɓɎɚɚŮɘ ůŮ ɗɟŬɨůɖ Ŭɚɡůɑŭɤɜ 

ɢɤɟɑɠ ɧɛɤɠ ɜŬ ɞŭɖɔŮɑ ůŮ ŭɘŬɚɡŰɎ ˊɟɞɥɧɜŰŬ ˊɞɡ ɜŬ ŬˊɞɛŬəɟɨɜɞɜŰŬɘ ŮɨəɞɚŬ Ŭˊɧ Űɞ 

ɡˊɧůŰɟɤɛŬ. ȷɡŰɧ ŮɝɖɔŮɑŰŬɘ əŬɘ Ŭˊɧ Űɞ ɔŮɔɞɜɧɠ ɧŰɘ ůŰɖɜ HPLC ŭŮɜ ˊŬɟŬŰɖɟɐɗɖəŬɜ 
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ɜɏŬ ŭɘŬɚɡŰɎ ˊɟɞɥɧɜŰŬ. ɆɡɜɞɚɘəɎ, ŰŬ ŬˊɞŰŮɚɏůɛŬŰŬ Űɤɜ ůɡɜŭɡŬůŰɘəɩɜ ˊŮɘɟŬɛɎŰɤɜ 

ɏŭŮɘɝŬɜ ɧŰɘ, ˊŬɟɧŰɘ ŭŮɜ ŰŮəɛɖɟɘɩɗɖəŮ ɘůɢɡɟɐ ůɡɜŮɟɔɘůŰɘəɐ ŭɟɎůɖ ůŮ ŮˊɑˊŮŭɞ ŬˊɩɚŮɘŬɠ 

ɛɎɕŬɠ, ɡˊɐɟɢŬɜ ŮɜŭŮɑɝŮɘɠ ɧŰɘ ŭɘŬűɞɟŮŰɘəɎ ɏɜɕɡɛŬ ɛˊɞɟɞɨɜ ɜŬ ŮˊɖɟŮɎɕɞɡɜ ŭɘŬűɞɟŮŰɘəɎ 

əɚɎůɛŬŰŬ Űɞɡ ˊɞɚɡɛŮɟɞɨɠ əŬɘ ɜŬ ůɡɛɓɎɚɚɞɡɜ ůɡɛˊɚɖɟɤɛŬŰɘəɎ ůŰɖ ŭɘɎůˊŬůɐ Űɞɡ. 

ɀŮŰŬɝɨ ɧɚɤɜ Űɤɜ ŬɜŬůɡɜŭɡŬůɛɏɜɤɜ Ůɜɕɨɛɤɜ ˊɞɡ ŭɞəɘɛɎůŰɖəŬɜ, ɖ FoCut5a 

ŬɜŬŭŮɑɢɗɖəŮ ɤɠ Űɞ ŬˊɞŰŮɚŮůɛŬŰɘəɧŰŮɟɞ ɏɜɕɡɛɞ ɔɘŬ Űɖɜ Ŭˊɞɘəɞŭɧɛɖůɖ ˊɞɚɡŮůŰɏɟɤɜ. 

ȼ Ůˊɘɚɞɔɐ Űɖɠ ɔɘŬ ˊŮɟŬɘŰɏɟɤ ɛŮɚɏŰɖ ɓŬůɑůŰɖəŮ Űɧůɞ ůŰŬ ŬˊɞŰŮɚɏůɛŬŰŬ Űɤɜ 

ˊŮɘɟŬɛɎŰɤɜ Űɞɡ Ŭɟɢɘəɞɨ screening ɧůɞ əŬɘ ůŰɖɜ ˊɟɤŰŮɤɛɘəɐ ŬɜɎɚɡůɖ, ůŰɖɜ ɞˊɞɑŬ 

əŬŰŬɔɟɎűɖəŮ ɤɠ ɖ əŬɟɓɞɝɡɚŮůŰŮɟɎůɖ ɛŮ Űɖɜ ˊɘɞ ɏɜŰɞɜɖ ˊŬɟɞɡůɑŬ ůŰɞ ŮɝɤəɡŰŰɎɟɘɞ 

əɚɎůɛŬ. ũɘŬ Űɞɜ ɚɧɔɞ ŬɡŰɧ, ɖ FoCut5a ŭɞəɘɛɎůŰɖəŮ ůŮ ŭɘŬűɞɟŮŰɘəɎ ˊɞɚɡŮůŰŮɟɘəɎ 

ɡˊɞůŰɟɩɛŬŰŬ, ɧˊɤɠ PLA, ɞ́ɚɡɡŭɟɞɝɡɓɞɡŰɡɟɘəɧɠ ŮůŰɏɟŬɠ (PHB), ɖɚŮəŰɟɘəɧ 

ˊɞɚɡɓɞɡŰɡɚɏɜɘɞ (PBS), əŬɘ Ɏɛɞɟűɞ əŬɘ əɟɡůŰŬɚɚɘəɧ PET. ɇŬ ŬˊɞŰŮɚɏůɛŬŰŬ Űɖɠ 

ŮűŬɟɛɞɔɐɠ ɏŭŮɘɝŬɜ ɧŰɘ ɖ FoCut5a ˊŬɟɞɡůɘɎɕŮɘ ůŬűɐ ˊɟɞŰɑɛɖůɖ ůŮ ŬɚŮɘűŬŰɘəɞɨɠ əŬɘ 

ɚɘɔɧŰŮɟɞ ɞɟɔŬɜɤɛɏɜɞɡɠ ˊɞɚɡŮůŰɏɟŮɠ. ɆɡɔəŮəɟɘɛɏɜŬ, ɖ Ŭˊɞɘəɞŭɧɛɖůɖ Űɞɡ PCL ɐŰŬɜ 

ůɢŮŭɧɜ ˊɚɐɟɖɠ, ɛŮ ɛŮɑɤůɖ Űɖɠ ɛɎɕŬɠ əŬŰɎ 98,9%, ůŰɞ PBS ɖ ɛŮɑɤůɖ ɏűɗŬůŮ Űɞ 77,0%, 

Ůɜɩ ůŰɞ PLA əŬɘ ůŰɞ PHB ɖ ɛŮɑɤůɖ ɐŰŬɜ 16,0% əŬɘ, 8,5%, ŬɜŰɑůŰɞɘɢŬ. ɇɏɚɞɠ, ůŰɞ 

PET ɖ ŭɟŬůŰɘəɧŰɖŰŬ ɐŰŬɜ ůŬűɩɠ ˊŮɟɘɞɟɘůɛɏɜɖ, əŬɗɩɠ Űɞ Ɏɛɞɟűɞ PET ŮɛűɎɜɘůŮ 

ɛŮɑɤůɖ ɛɎɕŬɠ 3,5%, Ůɜɩ Űɞ əɟɡůŰŬɚɚɘəɧ PET Ŭəɧɛɖ ɢŬɛɖɚɧŰŮɟɖ.  

ɇŬ ŬˊɞŰŮɚɏůɛŬŰŬ ŬɡŰɎ ŮˊɘɓŮɓŬɑɤůŬɜ ɧŰɘ ɖ FoCut5a ŭɘŬɗɏŰŮɘ Ůɡɟɨ űɎůɛŬ ŭɟɎůɖɠ 

ɏɜŬɜŰɘ ůɡɜɗŮŰɘəɩɜ ˊɞɚɡŮůŰɏɟɤɜ, ŬɚɚɎ ɖ Ŭˊɧŭɞůɐ Űɖɠ ŮˊɖɟŮɎɕŮŰŬɘ ůɖɛŬɜŰɘəɎ Ŭˊɧ Űɖ 

ŭɞɛɐ, Űɖɜ ŮɡəŬɛɣɑŬ əŬɘ Űɞɜ ɓŬɗɛɧ ɞɟɔɎɜɤůɖɠ Űɞɡ ˊɞɚɡɛŮɟɞɨɠ, ɛŮ ŰŬ ŬɟɤɛŬŰɘəɎ əŬɘ 

ˊɘɞ əɟɡůŰŬɚɚɘəɎ ɡɚɘəɎ ɜŬ ŮɛűŬɜɑɕɞɜŰŬɘ ůŬűɩɠ ˊɘɞ ŬɜɗŮəŰɘəɎ ůŰɖɜ ɡŭɟɧɚɡůɖ. ũɘŬ Űɖɜ 

ŬɜŰɘɛŮŰɩˊɘůɖ Űɤɜ ˊŮɟɘɞɟɘůɛɩɜ ˊɞɡ ůɢŮŰɑɕɞɜŰŬɘ ɛŮ Űɖ ŭɞɛɐ əŬɘ Űɖɜ ɡŭɟɞűɞɓɘəɧŰɖŰɎ 

Űɞɡ, ŭɘŮɟŮɡɜɐɗɖəŬɜ ɢɖɛŮɘɞŮɜɕɡɛɘəɏɠ ˊɟɞůŮɔɔɑůŮɘɠ, ɛŮ ůŰɧɢɞ Űɖ ɓŮɚŰɑɤůɖ Űɖɠ 

ˊɟɞůɓŬůɘɛɧŰɖŰŬɠ Űɞɡ Ůɜɕɨɛɞɡ ůŰɞ ɡˊɧůŰɟɤɛŬ əŬɘ Űɖɜ Ŭɨɝɖůɖ Űɖɠ Ŭˊɧŭɞůɖɠ Űɖɠ 

Ŭˊɞɘəɞŭɧɛɖůɖɠ. ȼ ˊɟɞůɏɔɔɘůɖ ŬɡŰɐ ŮɑɜŬɘ ŮɛˊɜŮɡůɛɏɜɖ Ŭˊɧ űɡůɘəɞɨɠ ɛɖɢŬɜɘůɛɞɨɠ 

Ŭˊɞŭɧɛɖůɖɠ ɚɘɔɜɞəɡŰŰŬɟɑɜɖɠ, ɧˊɞɡ ɖ ůɡɜŮɟɔɘůŰɘəɐ ŭɟɎůɖ Ůɜɕɨɛɤɜ əŬɘ ɛɖ 

əŬŰŬɚɡŰɘəɩɜ ˊɟɤŰŮɥɜɩɜ, əɡɟɑɤɠ ŮˊɘűŬɜŮɘɞŭɟŬůŰɘəɩɜ ɛɞɟɑɤɜ, ŬɡɝɎɜŮɘ Űɖɜ 

ˊɟɞůɓŬůɘɛɧŰɖŰŬ Űɞɡ ɡˊɞůŰɟɩɛŬŰɞɠ. ȹŮŭɞɛɏɜɞɡ ɧŰɘ ɖ ɡŭɟɞűɞɓɘəɧŰɖŰŬ əŬɘ ɖ ɡɣɖɚɐ 

əɟɡůŰŬɚɚɘəɧŰɖŰŬ Űɞɡ PET ˊŮɟɘɞɟɑɕɞɡɜ Űɖ ŭɟɎůɖ Űɤɜ Ůɜɕɨɛɤɜ, ŮɝŮŰɎůŰɖəŮ ɖ ɢɟɐůɖ 

Ůɜɕɡɛɘəɩɜ ɛɘɔɛɎŰɤɜ ůŮ ůɡɜŭɡŬůɛɧ ɛŮ ůɡɜɗŮŰɘəɎ ŮˊɘűŬɜŮɘɞŭɟŬůŰɘəɎ, ŮˊɘɚɏɔɞɜŰŬɠ Űɞ 

ɅȺɇ ɤɠ ɛŮɚɏŰɖ ˊŮɟɑˊŰɤůɖɠ.  ɋɠ ɓŬůɘəɧɠ ɓɘɞəŬŰŬɚɨŰɖɠ ɢɟɖůɘɛɞˊɞɘɐɗɖəŮ ɖ FoCut5a, 

Ůɜɩ ˊɟɞůŰɏɗɖəŬɜ əŬɘ ɎɚɚŮɠ ŮůŰŮɟɎůŮɠ űŮɟɞɡɚɘəɞɨ əŬɘ ɔɚɡəɞɡɟɞɜɘəɞɨ ɞɝɏɞɠ (FoFaeC, 

MtFae1, StGE2) ɔɘŬ Űɖ ɛŮŰŬŰɟɞˊɐ ŮɜŭɘɎɛŮůɤɜ ˊɟɞɥɧɜŰɤɜ ůŮ ŰŮɟŮűɗŬɚɘəɧ ɞɝɨ (TPA). 



xxxii 

 

ɄŬɟɎɚɚɖɚŬ, ŭɞəɘɛɎůŰɖəŬɜ ŭɘŬűɞɟŮŰɘəɎ ŮˊɘűŬɜŮɘɞŭɟŬůŰɘəɎ (ɛɖ ɘɞɜɘəɎ, ŬɜɘɞɜɘəɎ əŬɘ 

əŬŰɘɞɜɘəɎ) ɩůŰŮ ɜŬ ŬɝɘɞɚɞɔɖɗŮɑ ɖ ŮˊɑŭɟŬůɐ Űɞɡɠ ůŰɖɜ Ŭˊɞŭɧɛɖůɖ Űɞɡ ˊɞɚɡɛŮɟɞɨɠ. 

ɇŬ ˊŮɘɟɎɛŬŰŬ ɛŮ ůɡɜɗŮŰɘəɎ ɡˊɞůŰɟɩɛŬŰŬ ŮˊɘɓŮɓŬɑɤůŬɜ ɧŰɘ ɖ FoCut5a ŭɘŬůˊɎ 

ŬˊɞŰŮɚŮůɛŬŰɘəɎ ŮůŰŮɟɘəɞɨɠ ŭŮůɛɞɨɠ Űɨˊɞɡ PET, ɛŮ əɨɟɘŬ ˊɟɞɥɧɜŰŬ Űɞ mono(2-

hydroxyethyl) terephthalate (MHET) əŬɘ Űɞ TPA, Ůɜɩ ɞɘ FoFaeC əŬɘ MtFae1 ɞŭɖɔɞɨɜ 

əɡɟɑɤɠ ůŮ ˊŬɟŬɔɤɔɐ TPA. ȷɜŰɑɗŮŰŬ, ɖ StGE2 ˊŬɟɞɡůɑŬůŮ ɢŬɛɖɚɧŰŮɟɖ ŭɟŬůŰɘəɧŰɖŰŬ 

əŬɘ ŭɘŬűɞɟŮŰɘəɧ ɛɖɢŬɜɘůɛɧ ŭɟɎůɖɠ. ȼ ɢɟɐůɖ ŮˊɘűŬɜŮɘɞŭɟŬůŰɘəɩɜ ŬˊɞŭŮɑɢɗɖəŮ 

əŬɗɞɟɘůŰɘəɐ ɔɘŬ Űɖ ɓŮɚŰɑɤůɖ Űɖɠ Ŭˊɧŭɞůɖɠ, ɛŮ Űɞ Sodium dodecyl sulfate (SDS) ɜŬ 

ŮɑɜŬɘ Űɞ ˊɘɞ ŬˊɞŰŮɚŮůɛŬŰɘəɧ, ŬɡɝɎɜɞɜŰŬɠ ůɖɛŬɜŰɘəɎ Űɖɜ ˊŬɟŬɔɤɔɐ ˊɟɞɥɧɜŰɤɜ əŬɘ 

ɛŮŰŬɓɎɚɚɞɜŰŬɠ Űɖ ůɨůŰŬůɖ Űɞɡɠ ˊɟɞɠ ɛŮɔŬɚɨŰŮɟɖ ˊŬɟŬɔɤɔɐ TPA, əŬɘ ůŰɞ Ɏɛɞɟűɞ 

əŬɘ ůŰɞ ɖɛɘəɟɡůŰŬɚɚɘəɧ PET. ȷɜŰɑɗŮŰŬ, Űɞ əŬŰɘɞɜɘəɧ cetyl trimethyl ammonium 

bromide (CTAB) ŮɑɢŮ ŬɜŬůŰŬɚŰɘəɐ ŭɟɎůɖ, Ůɜɩ Űɞ ɛɖ-ɘɞɜɘəɧ Triton-X ŮɑɢŮ 

ˊŮɟɘɞɟɘůɛɏɜɖ ŮˊɑŭɟŬůɖ.  

ȿŬɛɓɎɜɞɜŰŬɠ ɡˊɧɣɖ ɧŰɘ ɞɘ ůɡɛɓŬŰɘəɏɠ ɛɏɗɞŭɞɘ Ŭɝɘɞɚɧɔɖůɖɠ Űɖɠ Ŭˊɞɘəɞŭɧɛɖůɖɠ 

ˊɞɚɡɛŮɟɩɜ ŮɑɜŬɘ ɢɟɞɜɞɓɧɟŮɠ əŬɘ ŬˊŬɘŰɞɨɜ ɛŮɔɎɚŮɠ ˊɞůɧŰɖŰŮɠ Ůɜɕɨɛɤɜ, ŮˊɘŭɘɩɢɗɖəŮ 

ɖ ŬɜɎˊŰɡɝɖ ɛɘŬɠ ŰŬɢŮɑŬɠ əŬɘ ŮɡŬɑůɗɖŰɖɠ ɛŮɗɧŭɞɡ ɚŮɘŰɞɡɟɔɘəɞɨ Ůɚɏɔɢɞɡ. ɆŰɞ ˊɚŬɑůɘɞ 

ŬɡŰɧ, ůɡɜŰɏɗɖəŬɜ əŬɘ ŬɝɘɞɚɞɔɐɗɖəŬɜ ɜɏŬ ɢɟɤɛɞűɧɟŬ əŬɘ űɗɞɟɑɕɞɜŰŬ ɡˊɞůŰɟɩɛŬŰŬ, 

ŰŬ ɞˊɞɑŬ ˊɟɞůɞɛɞɘɎɕɞɡɜ Űɖ ŭɞɛɐ Űɞɡ PET əŬɘ ŮˊɘŰɟɏˊɞɡɜ Űɖɜ ŰŬɢŮɑŬ ŬɜɑɢɜŮɡůɖ 

Ůɜɕɡɛɘəɐɠ ŭɟŬůŰɘəɧŰɖŰŬɠ, ŭɘŮɡəɞɚɨɜɞɜŰŬɠ Űɞɜ ɏɚŮɔɢɞ Ůɜɕɡɛɘəɩɜ ɛŮɘɔɛɎŰɤɜ ˊɞɡ 

ˊɟɞəɨˊŰɞɡɜ ůɡɢɜɎ əɎŰɤ Ŭˊɧ ůɡɜɗɐəŮɠ ŮˊŬɔɧɛŮɜɖɠ ɏəűɟŬůɖɠ. ũɘŬ Űɖɜ ŮˊŬɚɐɗŮɡůɖ 

Űɤɜ ůɡɜɗŮŰɘəɩɜ ɡˊɞůŰɟɤɛɎŰɤɜ  ɢɟɖůɘɛɞˊɞɘɐɗɖəŬɜ ɏɜɕɡɛŬ ɛŮ ɔɜɤůŰɐ ɐ ˊɘɗŬɜɐ ŭɟɎůɖ 

ůŰɞ PET, ŮˊɘɓŮɓŬɘɩɜɞɜŰŬɠ ɧŰɘ ŰŬ űɗɞɟɑɕɞɜŰŬ ɡˊɞůŰɟɩɛŬŰŬ ɛˊɞɟɞɨɜ ɜŬ ŭɘŬəɟɑɜɞɡɜ 

ŬˊɞŰŮɚŮůɛŬŰɘəɎ ɏɜɕɡɛŬ ɛŮ ˊɟŬɔɛŬŰɘəɐ PET-ɡŭɟɞɚɡŰɘəɐ ɘəŬɜɧŰɖŰŬ, ŮˊɘŰɟɏˊɞɜŰŬɠ əŬɘ 

Űɞɜ əɘɜɖŰɘəɧ Űɞɡɠ ɢŬɟŬəŰɖɟɘůɛɧ. ɋůŰɧůɞ, ˊŬɟŬŰɖɟɐɗɖəŮ ɧŰɘ ɏɜɕɡɛŬ ɧˊɤɠ ɞɘ 

ŮůŰŮɟɎůŮɠ Űɞɡ űŮɟɞɡɚɘəɞɨ ɞɝɏɞɠ əŬɘ ɞɘ ŮůŰŮɟɎůŮɠ ˊɞɡ ɡŭɟɞɚɨɞɡɜ Űɞ MHET 

(MHETases) ɛˊɞɟŮɑ ɜŬ ŭɩůɞɡɜ ɣŮɡŭɩɠ ɗŮŰɘəɎ ŬˊɞŰŮɚɏůɛŬŰŬ, əŬɗɩɠ ɡŭɟɞɚɨɞɡɜ Űɞ 

űɗɞɟɑɕɞɜ ŰɛɐɛŬ Űɞɡ ɡˊɞůŰɟɩɛŬŰɞɠ ɢɤɟɑɠ ɜŬ ŮɑɜŬɘ ŬˊɞŰŮɚŮůɛŬŰɘəɎ ůŰɞ ɑŭɘɞ Űɞ PET. 

ũɘŬ Űɖɜ ŬɜŰɘɛŮŰɩˊɘůɖ ŬɡŰɞɨ Űɞɡ ˊŮɟɘɞɟɘůɛɞɨ, ŬɜŬˊŰɨɢɗɖəŮ ɏɜŬ ɢɟɤɛɞűɧɟɞ 

ɡˊɧůŰɟɤɛŬ, Űɞ ɞˊɞɑɞ ŮˊɏŰɟŮɣŮ ˊɘɞ ŬɝɘɧˊɘůŰɖ ŭɘɎəɟɘůɖ ɛŮŰŬɝɨ ˊɟŬɔɛŬŰɘəɩɜ PETŬůɩɜ 

əŬɘ ɔŮɜɘəɩɜ ŮůŰŮɟŬůɩɜ, əŬɗɩɠ əŬɘ Űɖ ŭɞəɘɛɐ Ůɜɕɡɛɘəɩɜ ɛŮɘɔɛɎŰɤɜ (secretomes) ɢɤɟɑɠ 

ˊŬɟŮɛɓɞɚɏɠ űɗɞɟɘůɛɞɨ. ɆɡɜɞɚɘəɎ, ɖ ɢɟɐůɖ űɗɞɟɘɕɧɜŰɤɜ əŬɘ ɢɟɤɛɞűɧɟɤɜ 

ɡˊɞůŰɟɤɛɎŰɤɜ ŬˊɞŰŮɚŮɑ ɏɜŬ ɘůɢɡɟɧ ŮɟɔŬɚŮɑɞ ɔɘŬ ɔɟɐɔɞɟɞ əŬɘ ɞɘəɞɜɞɛɘəɧ screening, 

ɛŮɘɩɜɞɜŰŬɠ ůɖɛŬɜŰɘəɎ Űɞɜ ɢɟɧɜɞ əŬɘ Űɞ əɧůŰɞɠ ůŮ ůɢɏůɖ ɛŮ Űɘɠ əɚŬůɘəɏɠ ŬɜŬɚɨůŮɘɠ 

ɢɟɤɛŬŰɞɔɟŬűɑŬɠ. ɄŬɟɎ Űɞɡɠ ˊŮɟɘɞɟɘůɛɞɨɠ Űɞɡɠ, ŰŬ ɡˊɞůŰɟɩɛŬŰŬ ŬɡŰɎ ŬˊɞŰŮɚɞɨɜ 
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ůɖɛŬɜŰɘəɧ ŮɜŭɘɎɛŮůɞ ɓɐɛŬ ɔɘŬ Űɖɜ Ůˊɘɚɞɔɐ ɡˊɞɣɐűɘɤɜ Ůɜɕɨɛɤɜ ˊɟɘɜ Ŭˊɧ ŭɞəɘɛɏɠ ůŮ 

ˊɟŬɔɛŬŰɘəɎ ˊɞɚɡɛŮɟɐ. 

ɆŰɞ ŰŮɚŮɡŰŬɑɞ ůŰɎŭɘɞ Űɖɠ ɛŮɚɏŰɖɠ ŭɘŮɟŮɡɜɐɗɖəŮ ɖ ŭɡɜŬŰɧŰɖŰŬ ŮűŬɟɛɞɔɐɠ ɛɘŬɠ 

ɞɚɞəɚɖɟɤɛɏɜɖɠ ɓɘɞŰŮɢɜɞɚɞɔɘəɐɠ ůŰɟŬŰɖɔɘəɐɠ ɔɘŬ Űɖ ŭɘŬɢŮɑɟɘůɖ ɛɘəŰɩɜ ˊɚŬůŰɘəɩɜ 

ŬˊɞɓɚɐŰɤɜ, ɚŬɛɓɎɜɞɜŰŬɠ ɡˊɧɣɖ ɧŰɘ ůŰɖɜ ˊɟɎɝɖ ŰŬ ˊɞɚɡɛŮɟɐ ůˊɎɜɘŬ ŬˊŬɜŰɩɜŰŬɘ ɤɠ 

əŬɗŬɟɏɠ ɟɞɏɠ. ȼ ŬɡɝŬɜɧɛŮɜɖ ˊŬɟɞɡůɑŬ ɓɘɞˊɚŬůŰɘəɩɜ, ɧˊɤɠ Űɞ ɗŮɟɛɞˊɚŬůŰɘəɧ Ɏɛɡɚɞ 

(ɇɅS), ůŰŬ ůɡɛɓŬŰɘəɎ ɟŮɨɛŬŰŬ ŬɜŬəɨəɚɤůɖɠ əŬɗɘůŰɎ Űɞɜ ŭɘŬɢɤɟɘůɛɧ Űɤɜ ɡɚɘəɩɜ 

ɘŭɘŬɑŰŮɟŬ ŭɨůəɞɚɞ, ɔŮɔɞɜɧɠ ˊɞɡ ůɡɢɜɎ ɞŭɖɔŮɑ ůŮ əŬɨůɖ ɐ ŰŬűɐ. ũɘŬ Űɞɜ ɚɧɔɞ ŬɡŰɧ, 

ŮɝŮŰɎůŰɖəŮ ɏɜŬ ŮɜŬɚɚŬəŰɘəɧ ůŮɜɎɟɘɞ ŰŮɚɘəɐɠ ŭɘŬɢŮɑɟɘůɖɠ, ůŰɞ ɞˊɞɑɞ ɛɘəŰɎ ɡɚɘəɎ 

Űɨˊɞɡ PETïTPS ŬˊɞɘəɞŭɞɛɞɨɜŰŬɘ ŮɜɕɡɛɘəɎ əŬɘ ůŰɖ ůɡɜɏɢŮɘŬ ŰŬ ˊɟɞɥɧɜŰŬ Űɖɠ 

ɡŭɟɧɚɡůɖɠ ŬɝɘɞˊɞɘɞɨɜŰŬɘ ɓɘɞŰŮɢɜɞɚɞɔɘəɎ ɔɘŬ Űɖɜ ˊŬɟŬɔɤɔɐ ɓŬəŰɖɟɘŬəɐɠ 

ɜŬɜɞəɡŰŰŬɟɑɜɖɠ (BNC). 

ɆŰɞ ˊɟɩŰɞ ůŰɎŭɘɞ Űɖɠ ˊɟɞůɏɔɔɘůɖɠ ŬɡŰɐɠ ɛŮɚŮŰɐɗɖəŮ ɖ Ůɜɕɡɛɘəɐ ɡŭɟɧɚɡůɖ Űɤɜ 

ɛɘəŰɩɜ űɘɚɛ PETïTPS, ɢɟɖůɘɛɞˊɞɘɩɜŰŬɠ ɤɠ ɓɘɞəŬŰŬɚɨŰŮɠ Űɖɜ PET ɡŭɟɞɚɎůɖ 

LCCICCG əŬɘ Ůɛˊɞɟɘəɐ ŬɛɡɚɎůɖ, Űɧůɞ ɛŮɛɞɜɤɛɏɜŬ ɧůɞ əŬɘ ůŮ ůɡɜŮɟɔɘůŰɘəɐ ŭɟɎůɖ. ȼ 

Ŭˊɞɘəɞŭɧɛɖůɖ ŬɝɘɞɚɞɔɐɗɖəŮ ůŮ ŰɟŮɘɠ ŭɘŬűɞɟŮŰɘəɏɠ ɗŮɟɛɞəɟŬůɑŮɠ, ɩůŰŮ ɜŬ ŮɝŮŰŬůŰŮɑ 

ɖ ŮˊɑŭɟŬůɖ Űɤɜ ůɡɜɗɖəɩɜ ůŰɖɜ Ŭˊɧŭɞůɖ Űɞɡ ůɡůŰɐɛŬŰɞɠ. ɇŬ ŬˊɞŰŮɚɏůɛŬŰŬ ɏŭŮɘɝŬɜ 

ɧŰɘ ůŮ ɢŬɛɖɚɐ ɗŮɟɛɞəɟŬůɑŬ ɖ ŭɟɎůɖ ɐŰŬɜ ˊŮɟɘɞɟɘůɛɏɜɖ əŬɘ əɡɟɑɤɠ ŬˊɞŭɘŭɧŰŬɜ ůŰɖɜ 

ŬɛɡɚɎůɖ, Ůɜɩ ɖ Ŭɨɝɖůɖ Űɖɠ ɗŮɟɛɞəɟŬůɑŬɠ ɞŭɐɔɖůŮ ůŮ ůŬűɐ ɓŮɚŰɑɤůɖ Űɖɠ ůɡɜɞɚɘəɐɠ 

Ŭˊɞɘəɞŭɧɛɖůɖɠ. ȼ əŬɚɨŰŮɟɖ Ŭˊɧŭɞůɖ əŬŰŬɔɟɎűɖəŮ ůŰɞɡɠ 70 ÁC, ɧˊɞɡ ɞ ůɡɜŭɡŬůɛɧɠ 

Űɤɜ ŭɨɞ Ůɜɕɨɛɤɜ ɞŭɐɔɖůŮ ůŰɘɠ ɡɣɖɚɧŰŮɟŮɠ Űɘɛɏɠ Ŭˊɞɘəɞŭɧɛɖůɖɠ ɔɘŬ ɧɚŬ ŰŬ ɛɘəŰɎ 

ɡɚɘəɎ, űŰɎɜɞɜŰŬɠ ɏɤɠ əŬɘ 77%. ȼ ɓŮɚŰɑɤůɖ ŬɡŰɐ ŬˊɞŭɧɗɖəŮ ůŰɖ ůɡɜŮɟɔɘůŰɘəɐ ŭɟɎůɖ 

Űɤɜ ŭɨɞ Ůɜɕɨɛɤɜ, əŬɗɩɠ ɖ Ŭˊɞɘəɞŭɧɛɖůɖ Űɞɡ Ŭɛɡɚɞɨɢɞɡ əɚɎůɛŬŰɞɠ Ŭˊɧ Űɖɜ ŬɛɡɚɎůɖ 

űŬɑɜŮŰŬɘ ɧŰɘ ŬɡɝɎɜŮɘ Űɖɜ ˊɟɞůɓŬůɘɛɧŰɖŰŬ Űɞɡ PET Ŭˊɧ Űɖɜ LCCICCG. 

ȼ ŬɜɎɚɡůɖ Űɤɜ ˊɟɞɥɧɜŰɤɜ ɡŭɟɧɚɡůɖɠ ŮˊɘɓŮɓŬɑɤůŮ ɧŰɘ ɖ Ŭˊɞɘəɞŭɧɛɖůɖ Űɞɡ 

ɛɘəŰɞɨ ɡɚɘəɞɨ ɞŭɖɔɞɨůŮ ŰŬɡŰɧɢɟɞɜŬ ůŮ ŬˊŮɚŮɡɗɏɟɤůɖ ŮɜŭɘɎɛŮůɤɜ ˊɟɞɥɧɜŰɤɜ Űɞɡ 

PET, ɧˊɤɠ TPA, MHET əŬɘ BHET, ŬɚɚɎ əŬɘ ŬɜŬɔɤɔɘəɩɜ ůŬəɢɎɟɤɜ Ŭˊɧ Űɞ TPS. ũɘŬ 

Űɞɜ ɚɧɔɞ ŬɡŰɧ, ůŰɞ ŭŮɨŰŮɟɞ ůŰɎŭɘɞ Űɖɠ ɛŮɚɏŰɖɠ ŮɝŮŰɎůŰɖəŮ ɖ ŭɡɜŬŰɧŰɖŰŬ Ŭɝɘɞˊɞɑɖůɖɠ 

Űɤɜ ɡŭɟɞɚɡɛɎŰɤɜ ɔɘŬ Űɖɜ ˊŬɟŬɔɤɔɐ BNC Ŭˊɧ Űɞ ůŰɏɚŮɢɞɠ Komagataeibacter 

medellinensis. ɇŬ ɡɔɟɎ əɚɎůɛŬŰŬ ˊɞɡ ˊɟɞɏəɡɣŬɜ Ŭˊɧ Űɖɜ Ůɜɕɡɛɘəɐ Ŭˊɞɘəɞŭɧɛɖůɖ 

Űɤɜ ɛɘəŰɩɜ ɡɚɘəɩɜ ɢɟɖůɘɛɞˊɞɘɐɗɖəŬɜ ɤɠ ɡˊɞůŰɟɩɛŬŰŬ ɕɨɛɤůɖɠ əŬɘ ůɡɔəɟɑɗɖəŬɜ ɤɠ 

ˊɟɞɠ Űɖɜ ɘəŬɜɧŰɖŰɎ Űɞɡɠ ɜŬ ɡˊɞůŰɖɟɑɝɞɡɜ Űɖɜ ˊŬɟŬɔɤɔɐ BNC, ɖ ɞˊɞɑŬ ɏűŰŬůŮ ɏɤɠ 

əŬɘ ŰŬ 2,9 g/L. ɄŬɟɎ Űɞ ůɢŮŰɘəɎ ɢŬɛɖɚɧ ůɡɜɞɚɘəɧ ˊɞůɞůŰɧ ɛŮŰŬŰɟɞˊɐɠ Űɞɡ Ŭɟɢɘəɞɨ 

ɛɘəŰɞɨ ɡɚɘəɞɨ ůŮ BNC, ɖ ůɖɛŬůɑŬ Űɖɠ ŭɘŮɟɔŬůɑŬɠ ɏɔəŮɘŰŬɘ əɡɟɑɤɠ ůŰɖɜ Ŭɨɝɖůɖ Űɖɠ 
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ˊɟɞůŰɘɗɏɛŮɜɖɠ ŬɝɑŬɠ Űɞɡ ŰŮɚɘəɞɨ ˊɟɞɥɧɜŰɞɠ, əŬɗɩɠ ɖ BNC ŬˊɞŰŮɚŮɑ ɡɚɘəɧ ɡɣɖɚɐɠ 

ŬɝɑŬɠ ɛŮ ŮűŬɟɛɞɔɏɠ ůŮ ŰɞɛŮɑɠ ɧˊɤɠ ɖ ůɡůəŮɡŬůɑŬ, ɖ ɓɘɞɥŬŰɟɘəɐ əŬɘ ŰŬ ˊɟɞɖɔɛɏɜŬ 

ɚŮɘŰɞɡɟɔɘəɎ ɡɚɘəɎ.  

ɋɠ əŬŰŬəɚŮɑŭŬ, ɖ ˊŬɟɞɨůŬ ŮɟɔŬůɑŬ ŭŮɜ ˊŮɟɘɞɟɑɕŮŰŬɘ Ŭˊɚɩɠ ůŰɖɜ ŬɜŬɔɜɩɟɘůɖ 

ɛŮɛɞɜɤɛɏɜɤɜ Ůɜɕɨɛɤɜ ɘəŬɜɩɜ ɜŬ Ŭˊɞɘəɞŭɞɛɞɨɜ ˊɞɚɡɛŮɟɐ, ŬɚɚɎ ŭɘŬɛɞɟűɩɜŮɘ ɛɘŬ 

ɞɚɞəɚɖɟɤɛɏɜɖ əŬɘ əɚɘɛŬəɩůɘɛɖ ůŰɟŬŰɖɔɘəɐ ˊɞɡ ůɡɜŭɏŮɘ ůɡůŰɖɛŬŰɘəɎ Űɖ ŭɘŬɚɞɔɐ 

ɛɘəɟɞɓɘŬəɩɜ ůŰŮɚŮɢɩɜ, Űɖɜ ˊɟɤŰŮɤɛɘəɐ ŬɜŬəɎɚɡɣɖ Ůɜɕɨɛɤɜ, Űɞ ɛɞɟɘŬəɧ əŬɘ 

əŬŰŬɚɡŰɘəɧ Űɞɡɠ ɢŬɟŬəŰɖɟɘůɛɧ, Űɖ ɔɟɐɔɞɟɖ ɚŮɘŰɞɡɟɔɘəɐ Ŭɝɘɞɚɧɔɖůɖ əŬɘ ŰŮɚɘəɎ Űɖɜ 

Ŭɝɘɞˊɞɑɖůɖ Űɤɜ ˊɟɞɥɧɜŰɤɜ Ŭˊɞɘəɞŭɧɛɖůɖɠ. ɀɏůŬ Ŭˊɧ ŬɡŰɐ Űɖ ŭɘŮˊɘůŰɖɛɞɜɘəɐ 

ˊɟɞůɏɔɔɘůɖ, ŬɜŬŭŮɘəɜɨŮŰŬɘ ɧŰɘ ŮɜɕɡɛɘəɎ ůɡůŰɐɛŬŰŬ űɡůɘəɎ ˊɟɞůŬɟɛɞůɛɏɜŬ ůŰɖ 

ŭɘɎůˊŬůɖ ɚɘɔɜɞəɡŰŰŬɟɘɜɞɨɢɤɜ ɡˊɞůŰɟɤɛɎŰɤɜ ɛˊɞɟɞɨɜ ɜŬ ŮˊŬɜŬɝɘɞˊɞɘɖɗɞɨɜ ɔɘŬ Űɖɜ 

Ŭˊɞɘəɞŭɧɛɖůɖ ůɡɜɗŮŰɘəɩɜ ˊɞɚɡɛŮɟɩɜ, Ůɜɩ ˊŬɟɎɚɚɖɚŬ ɖ ŬɜɎˊŰɡɝɖ ɜɏɤɜ ŮɟɔŬɚŮɑɤɜ 

ŰŬɢŮɑŬɠ ŬɜɑɢɜŮɡůɖɠ ŮˊɘŰŬɢɨɜŮɘ ůɖɛŬɜŰɘəɎ Űɖɜ ŬɜŬəɎɚɡɣɖ ŬˊɞŭɞŰɘəɩɜ ɓɘɞəŬŰŬɚɡŰɩɜ. 

Ⱥˊɘˊɚɏɞɜ, ɖ ŮɜůɤɛɎŰɤůɖ ɢɖɛŮɘɞŮɜɕɡɛɘəɩɜ ůŰɟŬŰɖɔɘəɩɜ əŬɘ ɖ ŮˊɏəŰŬůɖ ůŮ ɛɘəŰɎ 

ˊɚŬůŰɘəɎ ůɡůŰɐɛŬŰŬ ŬˊɞŭŮɘəɜɨɞɡɜ ɧŰɘ ɖ Ůɜɕɡɛɘəɐ Ŭˊɞɘəɞŭɧɛɖůɖ ɛˊɞɟŮɑ ɜŬ 

ŬˊɞŰŮɚɏůŮɘ ɟŮŬɚɘůŰɘəɐ ˊɟɞůɏɔɔɘůɖ Ŭəɧɛɖ əŬɘ ɔɘŬ ˊɞɚɨˊɚɞəŬ ŬˊɧɓɚɖŰŬ. ɇɞ 

ůɖɛŬɜŰɘəɧŰŮɟɞ, ɤůŰɧůɞ, ŮɑɜŬɘ ɧŰɘ ɖ ŮɟɔŬůɑŬ ŬɡŰɐ ůɡɜŭɏŮɘ ɎɛŮůŬ Űɖɜ Ŭˊɞɘəɞŭɧɛɖůɖ 

ɛŮ Űɖɜ Ŭɝɘɞˊɞɑɖůɖ, ŬˊɞŭŮɘəɜɨɞɜŰŬɠ ˊɤɠ ŰŬ ˊɟɞɥɧɜŰŬ ŭɘɎůˊŬůɖɠ ɛˊɞɟɞɨɜ ɜŬ 

ɛŮŰŬŰɟŬˊɞɨɜ ůŮ ɡɚɘəɎ ɡɣɖɚɐɠ ˊɟɞůŰɘɗɏɛŮɜɖɠ ŬɝɑŬɠ. ɀŮ Űɞɜ Űɟɧˊɞ ŬɡŰɧ, ˊɟɞŰŮɑɜŮŰŬɘ 

ɏɜŬ ɞɚɞəɚɖɟɤɛɏɜɞ ɛɞɜŰɏɚɞ əɡəɚɘəɐɠ ɓɘɞɞɘəɞɜɞɛɑŬɠ, Űɞ ɞˊɞɑɞ ɡˊŮɟɓŬɑɜŮɘ Űɞ ɛɏɢɟɘ 

ůɐɛŮɟŬ ɔɜɤůŰɧ ɛɞɜŰɏɚɞ Űɖɠ ˊŬɟŬɔɤɔɐɠ, ɢɟɐůɖɠ, əŬɘ Ŭˊɧɟɟɘɣɖɠ. 
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Abstract  

The continuous accumulation of synthetic plastic waste represents one of the most 

pressing environmental challenges of the 21st century. Conventional waste 

management strategies, including landfilling, incineration, and mechanical or chemical 

recycling, remain insufficient to address the scale and persistence of plastic pollution. 

In this context, microbial and enzymatic degradation has emerged as a promising 

sustainable alternative for plastic waste valorization and circular bioeconomy 

implementation. 

In nature, fungi have evolved highly versatile enzymatic systems to depolymerize 

structurally complex and chemically resistant biopolymers. Given the fact that many 

synthetic plastics mimic these structural motifs, fungal enzymes represent promising 

biocatalysts for bridging natural polymer degradation mechanisms with synthetic 

polymer transformation.  

According to this aspect, the aim of the present doctoral dissertation was the 

discovery, characterization, and repurposing of fungal enzymes capable of degrading 

recalcitrant synthetic polymers. A fungal collection derived from diverse environmental 

samples was screened for its ability to degrade polyesters, polyolefins, polystyrene 

(PS), and polyurethane (PU). Novel agar plateïbased assays were developed and 

optimized to enable rapid detection of microbial strains with plastic-degrading 

potential. After agar plate screening, selected strains were identified, cultivated in liquid 

media, and their secretomes were analyzed using multi-omics to identify enzymes 

upregulated in the presence of polymeric substrates. 

Proteomic analysis of Fusarium oxysporum, Aspergillus sp., and the white-rot 

basidiomycete Abortiporus biennis was performed to elucidate the enzymatic pathways 

involved in polymer transformation. By comparing secretomes produced in the 

presence and absence of specific plastic substrates, this thesis aimed to define the 

enzymes associated with polymer modifications, bond cleavage, and the generation of 

lower-molecular-weight compounds potentially available for microbial assimilation. 

In F. oxysporum, cultivation in the presence of ester-based PU predominantly 

induced the secretion of proteases, accompanied by esterolytic enzymes such as 

cutinases and carboxylesterases. The high abundance of proteases suggests a central 

role in urethane bond hydrolysis, given their structural similarity to peptide and amide 

linkages, while the presence of esterases indicates activity toward ester functionalities 
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within polyester-type soft segments of PU. Gravimetric and chromatographic analyses 

confirmed polymer modification through alterations in mass and molecular weight 

distribution.  

In the case of Aspergillus sp., exposure to long-chain alkanes, mimicking 

polyethylene (PE) structure, induced oxidative enzymes, including oxidases and 

auxiliary redox-active proteins. Although PE lacks hydrolyzable bonds, oxygen-

containing functional groups were detected in polymer surface, after treating with the 

fungus induced secretome. 

Similarly, A. biennis, grown in the presence of PS exhibited increased secretion 

of ligninolytic oxidoreductases, including laccases and peroxidase-related enzymes 

capable of oxidizing aromatic compounds with high redox potential. ATRïFTIR, gel 

permeation chromatography (GPC), and microscopy analyses revealed oxidative 

surface modification, molecular weight reduction, and morphological alterations 

consistent with partial depolymerization. 

Based on proteomic insights and the ability of F. oxysporum to grow in the presence of 

different polymeric substrates during agar plate screening, this strain was selected for 

further investigation. Candidate genes possibly responsible for PU degradation, were 

cloned and heterologously expressed to enable controlled production and biochemical 

characterization. Purified enzymes, individually and in combinations, were evaluated 

for synergistic effects in PU degradation. The impact of enzymatic treatment was 

assessed via gravimetric measurements, GPC, and HPLC analyses. 

Beyond PU, recombinant enzymes from F. oxysporum were evaluated for their 

activity against a broader range of polyester substrates, including polylactic acid (PLA), 

polyhydroxybutyrate (PHB), polycaprolactone (PCL), polybutylene succinate (PBS), 

and polyethylene terephthalate (PET). Among these materials, PET was selected for 

further in-depth investigation due to its high environmental relevance, global 

production volume, and intrinsic resistance to enzymatic hydrolysis arising from its 

aromatic backbone and semi-crystalline structure.  

To increase PET depolymerization by F. oxysporum recombinant enzymes, a 

chemoenzymatic approach was subsequently explored, aiming to overcome the 

hydrophobic nature of the polymer surface and improve enzyme accessibility to ester 

linkages. By modifying surface interactions by using surfactants of different charge, 

this strategy tried to facilitate enzymeïsubstrate contact and increase hydrolytic 
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efficiency, mimicking natural systems in which surface-active molecules assist polymer 

degradation. 

Nevertheless, despite their relevance, bulk polymer degradation assays remain 

time-consuming, require substantial enzyme quantities, and often lack the sensitivity 

needed to detect low or early-stage catalytic activity, particularly when screening crude 

fungal secretomes or large enzyme libraries. To address these practical and analytical 

limitations, the present study developed and validated a rapid functional screening 

platform based on novel synthetic PET model substrates designed to structurally mimic 

polymer repeat units. These chromogenic and fluorogenic substrates enabled sensitive 

detection of esterolytic activity, allowing fast and reliable identification of PET-active 

enzymes prior to labor-intensive polymer assays. Beyond accelerating screening, this 

approach also provided mechanistic insight into bond cleavage specificity and catalytic 

performance toward structurally demanding aromatic polyester motifs. 

In its final stage, this study progressed from polymer breakdown to the 

development of biotechnological upcycling strategies. For this reason, a mixed (petro-

bio)plastic system composed of PET and thermoplastic starch (TPS) was fabricated to 

simulate realistic contaminated recycling streams. The enzymatic approach followed 

enabled the hydrolysis of both synthetic and bio-based fractions, and the resulting 

degradation products were subsequently valorized through microbial conversion into 

bacterial nanocellulose (BNC), a high-performance bio-based polymer with broad 

industrial applicability. This closed-loop strategy demonstrates the feasibility of 

transforming low-quality mixed plastic waste into value-added biomaterials, 

contributing to sustainable end-of-life plastic management. 

Overall, this dissertation advances the field of plastic biodegradation by integrating 

classical microbiological screening, multi-omics analysis, recombinant enzyme 

expression, synthetic model substrate testing and validation, and polymer 

characterization. The developed methodologies and identified fungal biocatalysts 

provide valuable tools for enzyme discovery and represent promising components for 

future sustainable plastic waste management and circular bioeconomy applications. 
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1-(2-hydroxyethyl)ī 4-methylterephthalate  M(HET)1 

1,4-benzenedicarboxylic acid, 1,4-bis[2-[[4-(methoxycarbonyl)benzoyl]oxy]ethyl] ester M2(HET)2,5 

Bacterial nanocellulose  BNC 

Bis(2-Hydroxyethyl) terephthalate BHET 

Carbohydrate-binding modules CBMs 

Carbonyl Index CI 

Ethylene glycol bis(methyl terephthalate) M2(HET)1,5 
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Feruloyl esterase FAE 
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Hexadecane C16 

Hexafluoro-2-propanol  HFIP 

High-density polyethylene HDPE 

Lignin peroxidase  LiP 

Long chain alkane lcAlk 

Low-Density Polyethylene LDPE 

Manganese peroxidases  MnP 

Mineral medium MM 

Mono-(2-hydroxyethyl) terephthalate  MHET 

Monomethyl bis(2-hydroxyethyl terephthalate) M(HET)2 

Monomethyl terephthalate  MTPA 

Monomethyl tris(2-hydroxyethyl terephthalate) M(HET)3 

Olive mill wastewater effluent OOMW 

Phosphate-buffered saline PBS 

Polybutylene adipate terephthalate  PBAT 

Polybutylene succinate PBS 

Polybutylene succinate  PBS 

Polycaprolactone  PCL 

Polyethylene PE 

Polyethylene terephthalate PET 

Polyhydroxyalkanoates PHA 

Polyhydroxyalkanoates  PHA 

Polyhydroxybutyrate  PHB 

Polylactic acid PLA 

Polypropylene PP 

Polystyrene PS 

Polyurethane PU 

Polyvinyl chloride PVC 

Root mean square RMS 

Sanitary Landfills SLFs 

Sodium dodecyl sulfate solution SDS 

Terephthalic Acid TPA 

Thermoplastic starch  TPS 
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1. Introduction 

1.1  Synthetic Polymers and Main applications 

Synthetic polymers, commonly known as plastics, have become one of the most 

massively produced materials, having a great spectrum of properties that are directly 

associated with their composition and chemical structure. Plastics are inexpensive, 

durable, lightweight, with low electrical conductivity, permeability, and significant 

hardness. All these properties make them suitable for a great variety of applications 

throughout the global economy, including food packaging, construction, medicine, and 

agriculture industry (Agarwal & Gupta, 2017; Chia et al., 2020; L. Liu et al., 2022).  

Plastic is composed of repetitive single chemical compounds (monomers), forming 

long molecules, usually of high molecular weight. The plastic monomers are produced 

from raw materials derived from petroleum, natural gas, coal, and wood (Geyer et al., 

2017). These long molecules are formed through polymerization, a process in which 

monomers react with each other, resulting in the creation of polymer chains (Figure 

1.1-1). For monomers to participate in the reaction, they must have at least two reactive 

sites, such as double bonds or a functional group, while sometimes, initiators, such as 

free radicals, ions, or complexes, are often used to activate the process (Feldman, 2008).  

Additionally, plastics are divided into thermoplastics and thermosets based on the 

bonds formed and their reaction to heat. Their primary difference is that thermoplastics 

have low melting points, allowing for reshaping and recycling, whereas thermosetting 

plastics exhibit high resistance to elevated temperatures and once cured, cannot be 

reshaped again (Rennie, 1999).  

 

Figure 1.1-1 Illustration of polymerization: Monomers on the right are polymerized, forming long, high-

molecular-weight molecules called polymers on the left. 
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Due to their wide range of applications and the improvement in quality of life they 

offer, plastics constitute an integral part of modern everyday life. From the 1950s, when 

they first produced until today, it is estimated that plastic production has shown an 

annual increase of 9% (Wei & Zimmermann, 2017). Specifically, starting from 1.7 

million tons of plastic produced in 1950, production reached 360 million tons 

worldwide in 2018 (Geyer et al., 2017), while it is estimated that this percent will 

double within the next two decades (Figure 1.1-2). Among these, in the European 

Union, polyethylene (PE), polypropylene (PP), polyvinyl chloride (PVC), polyurethane 

(PU), polyethylene terephthalate (PET), and polystyrene (PS) accounted for 80% of the 

total plastic demand in 2019, with 29.8%, 19.4%, 10%, 7.9%, 7.9%, and 6.2% of total 

production, respectively (PlasticsEurope, 2021). 

 

 

Figure 1.1-2 Plastic production trend from 1950 to 2050 (Gallo et al., 2018) 
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The structural units of the most used polymers worldwide, as well as some of their 

applications, are presented on the following figure and table (Figure 1.1-2, Table 

1.1-1). 

 

Figure 1.1-3 Structural units of the most used polymers (Mohanan et al., 2020a) 

 

Table 1.1-1 The main type of plastics and some of their applications (Mohamadi, 2023) 

Type of plastic Applications 

Polyethylene terephthalate (PET) Bottles of refreshments or food 

High-density polyethylene  (HDPE) 
Milk cartons, detergent bottles, toys, and rigid 

pipes. 

Polyvinyl chloride (PVC) 
Plumbing pipes, rain gutters, medical tubes, and 

oxygen masks. 

Low-Density Polyethylene  (LDPE) Plastic wrap, bubble wrap, and bags 

Polypropylene (PP) Straws, bottle caps 

Polystyrene (PS) Food packages, building insulation 

Polyurethane (PU) Manufacturing sector, electronics, packaging 
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1.2  Biobased and Biodegradable polymers 

To address the challenges of plastic waste, one alternative approach focuses on 

replacing fossil-based plastics with biodegradable polymers. Biodegradable plastics are 

materials that can be decomposed by the activity of living organisms, primarily 

microorganisms, and are typically produced from renewable raw materials, 

petrochemical derivatives, or a combination of both. These materials are often 

mistakenly confused with bioplastics, as biodegradable plastics and bioplastics differ 

in significant ways. Bioplastics are derived exclusively from renewable resources, such 

as lignin, cellulose, and starch; however, they are not necessarily biodegradable (R. Wei 

& Zimmermann, 2017). Biodegradable plastics offer a promising alternative as they 

gradually replace durable polymers derived from petrochemical products. Their 

primary advantage is that they can be easily broken down by microorganisms and 

absorbed by the environment or landfill sites without causing ecotoxicological 

problems. Biodegradable plastics are typically classified into three main categories 

based on their origin: bacterial polymers, plant-based polymers, and chemically 

synthesized polymers (Ishigaki et al., 2004). 

The microbially synthesized plastics is an aliphatic polymer with ester bonds in 

their main chain, which is produced by specific microbes through fermentation and 

synthesis processes using sugar and/or organic acids. In contrast, chemically 

synthesized plastics are created by combining natural polymers, such as starch or 

cellulose, with synthetic additives, and due to the easy decomposition of the natural 

polymer the breakdown of the entire synthetic polymer is facilitated    

As shown in Figure 1.1-4, biodegradable polymers are also categorized according 

to their degree of biodegradability into: 

Å Plastics of biological or partially biological origin, such as PE, PP, and PET. This 

category also includes high-performance polymers and thermoplastic polyester 

elastomers, which are non-biodegradable. 

Å Biodegradable polymers and polymers of biological origin, such as polylactic 

acid (PLA), polyhydroxyalkanoates (PHA), and polybutylene succinate (PBS), 

starch, and starch blends. 

Å Biodegradable plastics from fossil fuels, such as polybutylene adipate 

terephthalate (PBAT). Plastics that belong to this category are used in 
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combination with starch or other bioplastics, as they improve their performance 

with biodegradability and mechanical properties (Bioplastics, n.d.). 

 

Figure 1.1-4 Polymer classification according to their degree of biodegradability. Source (Jo«o Pinto 

da Costa et al., 2020) 

 

The development of biodegradable plastics is very important for alleviating plastic 

burden, especially when polymers end up in unapproachable spots that cannot be 

collected and recycled. However, biodegradable plastics face several challenges, 

starting with their production costs, which are significantly higher due to the need for 

specialized equipment and their reliance on raw materials that are more expensive than 

those used in conventional plastics (R. Wei & Zimmermann, 2017). These costs are 

directly linked to oil prices, and while bioplastics are expected to become more 

affordable in the future, current production processes make them up to 3 to 10 times 

more costly (Ray & Bousmina, 2005). Furthermore, even considering waste 

management after-use, biodegradable plastics are incompatible with traditional 

recycling methods, requiring modern sorting and separation equipment, which adds an 

additional financial burden for waste management systems (João Pinto da Costa et al., 

2020). 

In addition to their production and/or recycling cost, which is closely related to oil 

prices, the decomposition of biodegradable plastics also presents challenges. Most 

biodegradable plastics consist of long polymer chains with high molecular weight and 
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complex chemical structures, which prevent them from entering microbial cells and 

undergoing further intracellular degradation. Furthermore, although they have lower 

durability than petrochemical plastics, they remain in the environment for long periods, 

as their decomposition depends on environmental conditions. More specifically, many 

biodegradable materials decompose only when exposed to specific environmental 

conditions, which depend on the reaction with oxygen, ambient temperature, pH, and 

humidity. The specific conditions necessary for the biodegradation of these plastics are 

not always feasible to find in the natural environment, resulting in biodegradable 

plastics ultimately not decomposing within reasonable timeframes (Shen et al., 2020). 

Finally, biodegradable plastics are designed in such a way that they start to decompose 

within a short period, and therefore they are not suitable for multiple uses or long-term 

applications (João Pinto da Costa et al., 2020; Ray & Bousmina, 2005). 

 

1.3  Plastic waste, Microplastics and Human Threat  

The very properties that make plastics excellent materials, such as durability, 

versatility, and low cost, also contribute to their persistence in the environment, leading 

to the uncontrollable accumulation of plastic waste in landfills and oceans (Amobonye 

et al., 2021; Verschoor et al., 2022; R. Wei & Zimmermann, 2017). Due to their 

durability, actual degradation times can vary widely depending on environmental 

conditions such as exposure to sunlight, temperature, and whether the plastic is exposed 

in the air, the soil, or the water. For example, PET bottles can remain intact for over 15 

years on the bottom of the sea, and subsea PE coatings may take up to 800 years to 

degrade on the ocean floor (Chamas et al., 2020; Fotopoulou & Karapanagioti, 2017). 

Even so-called biodegradable or compostable plastics often persist for years in natural 

environments, with some remaining visible and largely intact after three years in soil 

or marine settings (Napper & Thompson, 2019). This severe threat is becoming more 

intense given that approximately 40% of all plastics consumed by individuals are 

designed for single use (mainly for food packaging reasons such as carrier bags, plastic 

bottles, wet wipes, straws etc.) (Figure 1.3-1) (Fotopoulou & Karapanagioti, 2017).  
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Figure 1.3-1 Global plastic waste production by application (in million tonnes). Source (Statista, 2024) 

When plastics (conventional or bio-plastics) undergo thermal, chemical, biological 

or mechanical treatment, small particles are detached from the polymer chain due to 

processes such as chain scission and surface erosion (X. F. Wei et al., 2022). These 

treatments can cause the release of small plastic particles, often referred to as 

microplastics or nanoplastics, into the surrounding environment, with the extent of 

particle release varying depending on the type of plastic and the specific degradation 

conditions (Lambert & Wagner, 2016).  To date, microplastics are officially defined as 

plastic particles smaller than 5 millimeters (<5 mm), and they have been detected in 

nearly all environments, primarily aquatic systems, and remain a contemporary and 

pressing issue. 

Microplastics are classified as either primary microplastics, which are intentionally 

manufactured at microscopic sizes (such as microbeads in cosmetics and industrial 

abrasives), or secondary microplastics, which result from the breakdown of larger 

plastic debris through environmental processes like weathering, UV exposure, and 

mechanical abrasion (Osman et al., 2023; X. F. Wei et al., 2022). Both types are now 

ubiquitous in terrestrial and aquatic environments, with land-based sources accounting 

for the majority of microplastic pollution, and they have been detected in water, air, 

soil, food, and even within biological samples from humans and animals (Osman et al., 

2023) 

The threat to animal health is well-documented, especially in aquatic organisms, 

where ingestion of microplastics leads to gastrointestinal damage, immune suppression, 
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oxidative stress, reproductive issues, and growth inhibition (Luo et al., 2025). In 

mammals, including livestock and laboratory animals, microplastics can accumulate in 

organs such as the liver, kidneys, and reproductive tissues, causing inflammation, 

metabolic disruption, endocrine interference, and potential impacts on fertility (Liang 

et al., 2024; Luo et al., 2025). For humans, exposure occurs through ingestion, 

inhalation, and dermal contact, with microplastics found in blood, placenta, breast milk, 

and other tissues (Osman et al., 2023). Health risks include cytotoxicity, oxidative 

stress, immune dysfunction, endocrine disruption, and possible links to cancer and 

chronic diseases, though most evidence comes from animal and in vitro studies, and the 

effects of real-world exposure levels remain a significant knowledge gap (Goswami et 

al., 2024; N. Kumar et al., 2024). Additionally, microplastics can act as vectors for toxic 

chemicals and pathogens, amplifying their potential harm (Revel et al., 2018). The 

persistence and bioaccumulation of both primary and secondary microplastics highlight 

the urgent need for prevention, improved waste management, and further research to 

clarify their long-term impacts on animal and human health. 

 

1.4  Plastic waste management strategies 

Despite the massive production of plastics, countries worldwide have not yet 

developed an effective strategy to manage their uncontrolled disposal (Chen & Yan, 

2020).  According to research studies, the largest portion of discarded plastic waste 

eventually finds its way into aquatic environments, where it breaks down into 

microplastics. At the same time, pollution on land is also a concern as most types of 

plastics take extended periods to fully break down, and during this process, they release 

harmful chemicals into the soil, contaminating the environment and putting both plants 

and animals at risk (M. Kumar et al., 2020). 

Traditional plastic waste management strategies typically involve landfilling, 

recycling, and incineration. The burial of plastic waste remains the most widespread 

waste management method worldwide. Sanitary Landfills (SLFs) are specifically 

designed to safely dispose of solid waste by utilizing basin-like structures covered with 

multiple layers of clay, which help prevent soil contamination and protect aquifers from 

harmful pollutants. In addition, leachate is collected through pipes and undergoes 

biological treatment before being disposed of (Figure 1.4-1). Once an SLF reaches its 

capacity, the site is sealed with a layer of soil. However, as the global production of 
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plastics continues to rise, the demand for SLFs increases, and given the vast space and 

specific geological conditions required (such as significant depth and isolation from 

human settlements), relying on SLFs for long-term waste storage is becoming 

increasingly unsustainable. 

 

Figure 1.4-1 Depiction of a Sanitary Landfill Site. Source: (Khoo et al., 2019) 

 

Regarding the recycling of plastics, this is one of the most ecological ways to 

address environmental pollution and is categorized into primary, secondary, and tertiary 

recycling. In primary and secondary recycling, proper sorting and ecological awareness 

are essential. The process begins with the collection and separation of plastic waste 

from other municipal solid waste, following by proper sorting of plastics polymer type. 

Afterwards, the plastics are grounded into smaller pieces, washed, and converted into 

powder, which can be reused as raw material for new plastic products. In case of mixing 

recycled plastic with virgin plastics, non-plastic impurities, and bioplastics can result 

in a final product with degraded properties. Overall, after primary recycling, the plastics 

produced have similar performance characteristics to the starting material, meeting the 

specifications of the original polymer, while in secondary recycling, plastics with 

reduced quality are produced, which are suitable only for specific applications (Schyns 

& Shaver, 2021). Regarding tertiary recycling, it involves the chemical processing of 

plastic waste to recover monomers or oligomers, which can be reused as raw materials 

for producing new chemical products or plastics. A notable example of tertiary 
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recycling is the glycolysis of PET waste to produce diols and dimethyl terephthalate for 

PET polymer production. Beyond the use of hazardous chemicals and elevated 

temperatures, which make chemical recycling energy and environmentally intensive 

(Thiounn & Smith, 2020), the processing of insufficiently sorted plastic waste 

frequently leads to complex mixtures of degradation products. These mixtures 

necessitate further complicated separation steps to recover monomers, making the 

recycling process even more challenging and less sustainable (Sullivan et al., 2022). 

For these reasons, recyclers rely on costly and complex sorting techniques to separate 

plastics of interest from the mixed solid waste. 

Alternatively, incineration is another method used to manage plastic waste. In this 

process, heat is applied to break down the plastic completely, while pre-treatment is 

most of the time necessary to remove moisture from the plastic, which helps facilitate 

the incineration process. Many facilities also utilize the heat generated during 

incineration to produce steam, which is then converted into electricity. As a result, 

incineration is considered a recycling form, often referred to as quaternary recycling 

(Verma et al., 2016). However, this method is frequently economically unfeasible and 

contributes to the release of carbon dioxide and other hazardous pollutants, such as 

dioxins and furans, into the atmosphere (Tamoor et al., 2021). 

As shown in Figure 1.4-2, despite its environmental benefits, recycling has not yet 

been widely adopted by citizens across the globe as only 9% of plastic waste was 

recycled in 2023. This fact implies that many communities lack adequate awareness or 

access to efficient recycling systems, and as a result, large amounts of recyclable waste 

continue to end up in landfills or incinerators, contributing to pollution. At the same 

time, it is noteworthy that 22% of waste is improperly managed, meaning it is neither 

incinerated, recycled, nor stored in landfills, increasing the risk of leakage into aquatic 

environments. Interestingly, in Europe, incineration is used at a notably high rate (over 

35%), whereas populous countries like India and China have yet to adopt efficient waste 

management strategies, leading to a significant amount of mismanaged plastic. 
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Figure 1.4-2 Share of plastic waste incinerated, recycled, or landfilled by region in 2023. Source (Ritchie 

et al., 2022) 

 

1.5  Microbial degradation of plastics 

To tackle plastic pollution caused by the vast amounts of unused plastic waste 

which end up in landfills, investing in new strategies to recover and upcycle plastic 

waste is essential and facilitates the transition to a circular economy (Syberg et al., 

2021). In the last decade, plastic recycling using microbes and their biocatalysts has 

gained significant scientific attention (Nikolaivits et al., 2021; Tournier et al., 2023). 

This approach is often associated with fermentation processes, wherein monomers 

derived from plastic degradation are transformed into valuable bioproducts (Tournier 

et al., 2023; Zhu et al., 2022). Interestingly, the term ñmicrobiological degradation of 

plasticsò was first reported in 1964, with early research beginning during World War 

II, particularly in tropical regions where materials deterioration became a major 

concern. Wartime efforts to address plastic degradation focused on electrical and 

electronic equipment, as microbial attacks, often exacerbated by moisture, led to 

operational challenges. Although this aspect was not proved for many synthetic 

polymers, there was sufficient evidence that in many cases microbes through their 

enzymatic machinery could degrade plastic parts (Figure 1.5-1) (Wessel, 1964). 

Nowadays, biocatalytic degradation of polymers has become a reality, with PET being 

efficiently hydrolyzed by high-performance biocatalysts (Tournier et al., 2020; Yoshida 
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et al., 2016) and thus bio-recycling has been already performed in an industrial scale by 

Carbios (France) (DeFrancesco, 2020). 

 

Figure 1.5-1 Typical fungus growth on electrical and electronic assemblies. Source: (Wessel, 1964) 

In the field, the biodegradation of plastics by microbes is influenced by several 

factors, including their chemical structure, environmental conditions, and the specific 

microbial strains involved. For instance, the crystallinity and molecular weight of 

polymers impact on their biodegradability, with more crystalline structures being more 

resistant to microbial degradation (Mohanan et al., 2020a), while environmental factors 

such as temperature, soil pH, and solar irradiation modify the polymer surface making 

the plastic more susceptible to microbial colonization and enzymatic breakdown (Yuan 

et al., 2020).  

The hydrophobic nature of polymer bonds, combined with their lack of functional 

groups, enhances the durability of plastic products but also tends to hinder microbial 

adhesion and enzymatic breakdown. However, the degradation and assimilation of 

plastics by microorganisms can be improved if plastic waste undergoes natural 

degradation caused by environmental conditions. This ñnatural weatheringò, act as a 

pretreatment process is introducing new functional groups, making plastic a more 

microbial-friendly substrate to decompose (Bahl et al., 2021; Cai et al., 2023). 

The biodegradation process takes place in several steps starting from colonization 

phase. In this step, microorganisms such as bacteria and fungi form colonies on the 

surface of the plastic material, utilizing the polymer as a source of carbon and nutrients. 

Once microorganisms have established themselves on the plastic surface, they secrete 
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an enzyme cocktail based on functional groups present on the surface, aiming to 

catalyze the breakdown of the long polymer chains into smaller molecules, such as 

oligomers and monomers (bio-fragmentation). Microorganisms can then assimilate 

these smaller particles, using them as a carbon source for energy and growth (bio-

assimilation). Finally, biodegradation includes carbon metabolization where microbial 

degradation of polymers results in the production of CO2 and H2O under aerobic 

conditions, or CO2, H2O, and CH4 under anaerobic conditions (mineralization)  (Bahl 

et al., 2021; Cai et al., 2023; Dey et al., 2020; Mohanan et al., 2020b). 

 

Different microorganisms, including bacteria, fungi, and algae, have been 

identified as potential agents for plastic degradation. Among them, fungi exhibit higher 

efficiencies in depolymerization processes due to the unique enzymatic and structural 

mechanisms. In more detail, fungi can secrete a broad range of enzyme cocktails that 

are well known for breaking down complex substrates, such as lignocellulosic biomass 

(Saroj et al., 2018). Beyond their enzymatic arsenal, fungi employ another non-catalytic 

mechanism that improves enzyme accessibility and attachment to hydrophobic 

polymers. This mechanism includes surface-active proteins, such as hydrophobins and 

biosurfactants, which can modify the plastic surface, enhancing enzyme-substrate 

interactions (Taxeidis et al., 2024). In addition, the filamentous fungi can grow forming 

hyphae that can physically penetrate plastic substrates, thereby increasing surface area 

contact and enabling deeper enzymatic activity (Okal et al., 2023), compared to 

bacterial strains that are generally restricted to surface colonization. The following table 

(Table 1.5-1) presents the most-cited fungal species involved in plastic degradation.   

 

Table 1.5-1 Fungal species and their secreted enzymes involved in plastic 

degradation 

Fungi Species Plastic Type(s) References  

Aspergillus niger, A. 

flavus, A. oryzae, A. 

tubingensis 

PE, PU, PVC, LDPE, HDPE (Ekanayaka et al., 2022; Nasrabadi et al., 2023; 

Srikanth et al., 2022; Temporiti et al., 2022) 

Penicillium griseofulvum, 

P. funiculosum 

PE, PU, PCL, 

Polyhydroxybutyrate (PHB), 

Polyhydroxyvalerate (PHV) 

(Ekanayaka et al., 2022; Nasrabadi et al., 2023; 

Srikanth et al., 2022; Temporiti et al., 2022) 
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Fusarium solani, F. 

oxysporum, Humicola 

insolens, Thermobifida 

fusca 

PE, PU, PCL, PET, Nylon (Carniel et al., 2017; S. Chen et al., 2010; 

Ekanayaka et al., 2022; Nasrabadi et al., 2023; 

Salinas et al., 2025; Srikanth et al., 2022; 

Temporiti et al., 2022) 

Cladosporium 

cladosporioides,  C. 

asperulatum 

PU, PVC, PE (Ekanayaka et al., 2022; Nasrabadi et al., 2023; 

Srikanth et al., 2022; Temporiti et al., 2022) 

Phanerochaete 

chrysosporium 

PE, Polystyrene (PS), 

Polyvinyl chloride (PVC), 

Polylactic acid (PLA) 

(Brunner et al., 2018; Ekanayaka et al., 2022; 

Nasrabadi et al., 2023; Srikanth et al., 2022; 

Temporiti et al., 2022) 

 
Pleurotus ostreatus, P. 

eryngii, Agaricus bisporus 

PE, PU, PS (Brunner et al., 2018; Ekanayaka et al., 2022; 

Nasrabadi et al., 2023; Srikanth et al., 2022; 

Temporiti et al., 2022) 

Trichoderma harzianum PE (Temporiti et al., 2022) 

 

1.6  Target enzymatic activities involved in plastic degradation 

As shown in the table above (Table 1.5-1), Ascomycota and Basidiomycota fungi 

are especially prominent plastic degraders and the main enzymes implicated in plastic 

degradation process are laccases, peroxidases, esterases, cutinases, and lipases (Table 

1.6-1).  

 

1.6.1 Esterolytic enzymes involved in polyester hydrolysis 

Most esterolytic enzymes belonging to the Ŭ/ɓ-hydrolase family depolymerize 

polyesters (synthetic or natural) through a well-characterized two-step mechanism 

involving a SerïHisïAsp catalytic triad, formation of tetrahedral intermediates, and 

stabilization by an oxyanion hole (Hajighasemi et al., 2016; Nikolaivits et al., 2018). 

Esterolytic enzymes have been reported to be able to hydrolyze both aliphatic and 

aromatic synthetic polyesters, such as PCL, PBS, PLA (Hajighasemi et al., 2016) and 

PET (Carniel et al., 2017), respectively.  
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Cutinases belong to the Ŭ/ɓ-hydrolase superfamily and are classified as carboxylate 

ester hydrolases. They are widely distributed among plant pathogenic fungi, including 

Fusarium solani f. sp. pisi, where they play a key role in host invasion. Cutinases are 

characterized by their ability to hydrolyze cutin, a structural polyester forming the 

protective cuticle on the surface of plant leaves (Heredia, 2003; Kolattukudy et al., 

1981; Kolattukudy & Brown, 1975). Cutinases catalyze a wide range of substrates, such 

as soluble fatty acid esters, triglycerides, and insoluble polymers. According to 

substrate specificity studies using para-nitrophenyl esters, the majority of cutinases 

prefer to hydrolyze short-chain substrates composed of two, three and four carbon 

atoms, while there are some cutinase-type enzymes with differentiated catalytic 

profiles, favoring the hydrolysis of esters with eight to twelve carbon atom chains 

(Nikolaivits et al., 2018b).  

Fungal lipases are serine hydrolases of triglycerides, belonging to the esterase 

family. They primarily hydrolyze triglycerides into glycerol and free fatty acids but can 

also catalyze the synthesis of esters (Gupta et al., 2007). Lipases are activated only 

when absorbed at an oil-water interface and show preference for solid substrates (R. 

Sharma et al., 2001). Many species of fungi have been found to produce lipases, which 

contribute to the degradation of polymers, such as PU, PBS, PET  (Carniel et al., 2017; 

Labow et al., 2001).  

PETases are specialized enzymes, originally discovered in the bacterium Ideonella 

sakaiensis (Palm et al., 2019), that catalyze the hydrolysis of PET. PETases belong to 

serine Ŭ/ɓ hydrolase family and they possess a more open substrate-binding cleft when 

compared to cutinases, enabling them to efficiently degrade PET at ambient 

temperatures. The following table (Table 1.6-1) presents a list of esterolytic enzymes 

and their corresponding degrees of hydrolysis on various polyesters  

 

Table 1.6-1 Esterolytic enzymes catalyzing polyester hydrolysis  

Enzymes  Source Polyeste

r  

Degree of hydrolysis References 

Cutinases (HiC, LCC, 

PHL7), PETase, 

Polyester hydrolases, 

Esterases 

Humicola 

insolens, plant 

compost 

metagenome 

PET Up to 91 mg TPA/h/mg enzyme 

(PHL7); complete hydrolysis of 

amorphous PET at 70°C (PHL7, 

LCC); limited on crystalline PET 

(Pfaff et al., 2022; 

Richter et al., 2023; 

Ronkvist et al., 2009; 

Sulaiman et al., 2012) 
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Cutinases, Esterases Various fungi PLA Several fungal supernatants 

hydrolyze PLA, releasing lactic 

acid; activity varies by strain 

(Weinberger et al., 

2020) 

Cutinases, Esterases, 

Lipases 

Fusarium solani, 

Rhizopus oryzae 

PCL Cutinase: layered degradation, 

moderate mass loss; lipase: higher 

mass loss, penetrated degradation 

(Shi et al., 2020; 

Zumstein et al., 2017) 

Cutinases, Lipases Aspergillus 

oryzae, Rhizopus 

oryzae 

PBS Complete hydrolysis of thin films 

at 40°C  

(Vidossich et al., 

2025; Zumstein et al., 

2015) 

 

1.6.2 Oxidoreductive enzymes for polyolefin downgrade 

Similarly to esterolytic enzymes, fungal oxidoreductive enzymes such as laccases 

and peroxidases have been studied for their potential to degrade polyolefins like PE and 

PP, as well as PS. Laccases are a widely distributed category of oxidizing enzymes and 

are monomeric glycoproteins that form complexes with copper ions (Bilal et al., 2019). 

These enzymes utilize oxygen as an electron acceptor to oxidize phenolic molecules, 

simultaneously achieving the reduction of molecular oxygen to water (Surwase et al., 

2016). Laccases were first discovered in the sap of the Japanese tree Rhus vernicifera, 

and since then they have been found in many species of fungi belonging to the 

Ascomycetes, Deuteromycetes, and Basidiomycetes (Giardina et al., 2009). Generally, 

laccase activity has been found in plants, certain insects (Dittmer et al., 2004), and a 

few bacteria (Claus, 2003). The characteristic that makes them worthy of interest is 

their unique ability to oxidize lignin and compounds with similar structure, causing 

their decomposition (Osma et al., 2010). 

Peroxidases and catalases are redox enzymes that reduce hydrogen peroxide; 

peroxidases utilize H2O2 to catalyze the oxidation of diverse organic and inorganic 

compounds (electron donors), whereas catalases catalyze its direct dismutation into 

water and oxygen (Ikehata et al., 2004). Their main characteristics are their non-

specificity and their ability to oxidize substrates with high redox potential (Conesa et 

al., 2002). In this enzyme category belong lignin peroxidases (LiP) and manganese 

peroxidases (MnP), which are very effective in lignin degradation and are found in 

ligninolytic fungi, such as white-rot fungi (Srikanth et al., 2022). The following table 
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(Table 1.6-2) presents some oxidoreductive enzyme that have been referred to as 

polyolefin degraders. 

 

1.6.3 Enzymes catalyzing PS degradation 

Regarding PS, the process typically starts with oxidative enzymes such as 

monooxygenases, and dioxygenases, introducing oxygen-containing groups (e.g., 

carbonyl, hydroxyl) into the PS polymer, increasing its hydrophilicity and making it 

more susceptible to further enzymatic action (Ganesh Kumar et al., 2021). This initial 

oxidation is crucial for breaking the stable carbon-carbon backbone of PS and is often 

followed by the action of hydrolases and dehydrogenases, which further cleave the 

polymer chains into smaller oligomers and monomers (H. R. Kim et al., 2020). 

Some studies have identified specific enzymes, such as serine hydrolases and 

aromatic ring-cleaving dioxygenases, that play a role in depolymerizing PS and 

breaking down the styrene units. The smaller molecules formed, such as styrene 

monomers or oxidized aromatic compounds, can then be further metabolized by 

microbial pathways (Ganesh Kumar et al., 2021; H. R. Kim et al., 2020). Some enzymes 

with PS downgrading potential are listed in Table 1.6-2.  

 

Table 1.6-2 Oxidoreductive enzymes with polyolefin and PS degrading potential  

Enzymes  Source Polyester Effect of enzyme treatment References 

Laccase-like 

multicopper  

oxidases 

Aspergillus flavus PE Lower molecular weight PE, 

formation of carbonyl/ether 

groups, surface oxidation  

(J. Zhang, Gao, et al., 

2020) 

 

Not specified 

(oxidases) 

 

Fusarium spp., 

Aspergillus spp. 

PE, PP Surface changes, biofilm 

formation 

(Siaperas et al., 2025; 

Taxeidis et al., 2023; 

Wróbel et al., 2023) 

Laccase Abortiporus 

biennis 

PS 

 

Depolymerization of PS, 

molecular weight decrease, 

radical chain scission 

(Pujol et al., 2026; 

Taxeidis et al., 2025; 

Zerva et al., 2023) 

 



18 

 

1.6.4 Enzymes catalyzing PU degradation 

PU is a versatile polymer composed of soft and hard segments, which determine 

its mechanical, thermal, and chemical properties. The urethane bond (ïNHïCOïOï) is 

the fundamental linkage in PUs, formed by the reaction of an isocyanate with an alcohol 

(polyol). In PU structures, soft segments are typically long, flexible polyols, such as 

polyether or polyester chains. They provide elasticity, flexibility, and a low glass 

transition temperature, making the material soft and stretchable. At the same time, hard 

segments consist of isocyanates forming rigid urethane linkages (Figure 1.6-1). These 

segments impart strength, thermal stability, and crystallinity to the polymer. PU can 

also be classified based on the chemical nature of its components into aliphatic and 

aromatic PU (De Souza et al., 2021). The combination of flexible and rigid domains, 

along with the presence of aliphatic or aromatic components, makes PU resistant to 

environmental degradation.  

 

 

Figure 1.6-1 Typical structure of ester based PU (up) and ether based PU (down) 

 

The structure of urethane bond shares chemical similarities with several other types 

of bonds such as urea, ester and peptide bond (Figure 1.6-2). As a result, it can serve 

as a substrate for various hydrolytic enzymes, including esterases, amidases, ureases, 

and proteases. 

 

Figure 1.6-2 Blue colored parts show urethane bond, while peptide, ester, and urea bond are shown in 

green, red and orange, respectively.   
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Starting from esterases, these enzymes are the most widely used in PU degradation, 

and their activity can result in the formation of carboxylic acid and an alcohol. They 

are particularly effective against ester-based PU, since ester linkages are present both 

within the urethane bonds of the hard segment as well as in the polyester chains of the 

soft segment (Figure 1.6-2, Figure 1.6-3a).  

Urease is another enzyme that can contribute to degradation due to its ability to 

hydrolyze urea bonds, which can be found in urethane bond. Hydrolysis of urea results 

in the formation of two amine molecules (Figure 1.6-2, Figure 1.6-3b).  

Finally, amidases and proteases are hydrolytic enzymes that catalyze peptide 

bonds. Hydrolysis results in the release of carboxylic acid and an amine (Figure 1.6-2, 

Figure 1.6-3c). These enzymes have also shown activity on urethane bonds, producing 

an amine, an alcohol, and carbon dioxide, since urethane and peptide bonds share 

structural similarities. The principal distinction concerns substrate specificity, as 

proteases selectively hydrolyze peptide bonds within proteins, whereas amidases act 

more broadly on carbonïnitrogen bonds, particularly those found in linear amide 

compounds (Delebecq et al., 2012). 

 

 

Figure 1.6-3 Different mechanism for the degradation of PU (Magnin et al., 2020). 

 

Apart from hydrolytic enzymes, oxidoreductases are also involved in PU 

degradation. In this category, successful degradation has been reported using 

peroxidases and laccases, which modify the polymer backbone or side chains, 

introducing functional groups that facilitate further enzymatic attack by hydrolytic 

enzymes like lipases and proteases (RaczyŒska et al., 2024).  
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1.7  Discovery of novel plastic degrading enzymes 

1.7.1 Microbial Screening  

The discovery of novel plastic-degrading enzymes is a rapidly advancing research 

area, largely motivated by the urgent need for sustainable strategies to mitigate plastic 

pollution. Recent advances have employed multiple complementary approaches to 

identify, characterize, and optimize enzymes capable of depolymerizing recalcitrant 

plastics. Regarding conventional methods, these rely on the isolation and enrichment 

of microorganisms capable of plastic degradation, followed by characterization of their 

enzymatic activities (Figure 1.7-1). These approaches directly link enzyme activity to 

specific organisms and have historically led to the discovery of most plastic-degrading 

enzymes described to date. However, it should be considered that less than 1% 

microbial diversity can be cultured under laboratory conditions and as a result, the 

overall scope of enzyme discovery using conventional approaches is significantly 

limited (D. W. Kim et al., 2022; Zhu et al., 2022).  

Enzyme discovery using conventional methods typically begins by growing each 

microorganism or a microbial consortium through repeated reculturing with a plastic 

substrate to isolate the functional strain (Zhu et al., 2022). Since plastic cannot be 

dissolved in aqueous media, several studies have attempted to develop new, time- and 

resource-efficient screening methodologies plastic degradation in order to identify and 

select the most effective strain. 

Regarding screening for polyesters, initial screening often involves agar plates 

containing emulsified polyesters nanoparticles such as PET, PCL and PLA or polyester 

oligomers (PCL diol, lactic acid, terephthalic acid (TPA) or BHET) (Durairaju et al., 

2024; Molitor et al., 2020; Taxeidis et al., 2023; Urbelienǟ et al., 2025). The 

microorganisms capable of degrading polyesters produce clear halos around their 

colonies, indicating hydrolysis of the polymer.  This method is simple, cost-effective, 

and allows for the rapid identification of polyester-degrading strains from 

environmental samples or recombinant libraries.  

A common and simple strategy used for screening putative PU-degrading bacterial 

and fungal isolates, often includes a commercial polyester-polyurethane dispersion, 

namely Impranil DLN-SD (Álvarez-Barragán et al., 2016; Howard et al., 2001; 

Khruengsai et al., 2022; Molitor et al., 2020). Ester-based PU is more susceptible to 

degradation (Danso et al., 2019; Howard, 2002), so screening tests using Impranil can 
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be considered a time-saving and successful technique for the detection of 

microorganisms with PU depolymerizing potential (Biffinger et al., 2015). However, 

Impranil hydrolysis does not guarantee the degradation of the urethane bond, because 

according to reports, the hydrolysis of ester-based PU is mainly a result of the ester 

rather than the urethane bond cleavage (Álvarez-Barragán et al., 2016; Shah et al., 

2013). Therefore, it is clear, that hydrolases recognizing only the ester bond of ester-

based PU cannot be used for breaking down mixtures of PU waste, so the discovery of 

enzymes selectively cleaving the urethane bond is very important, as only this bond is 

ubiquitous among the different PU structures. 

Concerning screening for putative PE fungal degraders, a regular, but a time-

consuming technique which can last weeks or even months, includes growth assays in 

agar plates using PE film or powder suspension (Bonhomme et al., 2003; Dominguiano 

et al., 2011; Yamada-Onodera et al., 2001; Zahra et al., 2010), sometimes followed by 

PE degradation in liquid cultures  (Yamada-Onodera et al., 2001).  

 

1.7.2 Screening metagenomic libraries 

Metagenomics is an alternative approach for enzyme discovery, which overcomes 

the need for cultivation by enabling the mining of environmental DNA (Figure 1.7-1). 

Both sequence-based and function-based screening strategies are applied to identify 

candidate genes encoding plastic-degrading enzymes. This approach provides access to 

the vast genetic reservoir of uncultivable microbes and facilitates the discovery of novel 

enzymes with low sequence similarity to known types (D. W. Kim et al., 2022). Yet, it 

should be considered that sequence-based approaches may overlook highly divergent 

enzymes, while functional screening requires substantial effort for expression and 

validation (Jiang et al., 2024).  

Concerning the functional screening of novel enzymes several assays have been 

developed either for testing enzymes discovered by metagenomics studies or enzyme 

activity of protein engineered enzymes. Starting from PU, a recent high-throughput 

fluorescence-based for the identification or engineering of enzymes with improved PU-

degrading activity uses a synthetic poly(ethylene adipate)-based PU substrate, enabling 

sensitive, quantitative detection of degradation products such as ethylene glycol via a 

coupled enzyme cascade, which allows real-time monitoring and precise activity 

measurement (L. Yang et al., 2025). Another recent advancement in PU enzyme 
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screening is the development of a novel colorimetric assay for detecting urethanase 

activity. This assay measures the release of chromogenic products from model urethane 

substrates, thereby enabling the identification of new enzymes capable of hydrolyzing 

urethane bonds in polyurethanes (R. Li et al., 2025). However, the majority of research 

studies evaluate enzymatic activity against PU using emulsified substrates such as 

Impranil DLN, with detection performed either turbidimetrically or by employing 

analytical techniques including FTIR, SEM, and HPLC-MS to confirm ester bond 

cleavage (Biffinger et al., 2015; X. Chen et al., 2025; Soto-Hernández et al., 2025). 

This method is straightforward and relatively easy to apply, although it can readily 

detect general esterase activity without necessarily confirming that the target enzymes 

are capable of recognizing and cleaving urethane bonds.  

Generally, most available assays focus on polyester-based plastics and especially 

PET, using substrates that mimic ester bonds, or fluorescence or colorimetric readouts, 

or the detection of hydrolysis products (Arnling Bååth et al., 2020; Belisário-Ferrari et 

al., 2019; Ebersbach et al., 2012; Lusty Beech et al., 2022; Taxeidis, Djapovic, et al., 

2024a; Weigert et al., 2021). As the discovery and engineering of efficient PETases still 

remains a challenge (Xu et al., 2023), the most studies  usually assay PETase activity 

on PET substrates of various forms, such as amorphous (Lu et al., 2022; Zeng et al., 

2022) or semi-crystalline (Bell et al., 2022) PET films or fibers (Zurier & Goddard, 

2023), with subsequent quantification of the degradation products using HPLC. 

Although this method is accurate, it is unable to detect oligomers and has limitations in 

terms of speed, throughput, and ease of setup for continuous measurement of enzyme 

kinetics. To enable faster and higher-throughput analyses, alternative 

spectrophotometric methods have been developed. For instance, bulk UV absorbance 

measurement of the reaction supernatant has been proposed as a simpler method but it 

comes with some disadvantages: depending on the mode of action of the enzyme (if it 

produces monomers or oligomers) the measurements can be inaccurate and difficult to 

compare (Arnling Bååth et al., 2020). Alternatively, the utilization of ketoreductases 

(KREDs) for the detection of released ethylene glycol (EG), showed a good correlation 

to the HPLC results (Gimeno-Pérez et al., 2022). Another approach for quantifying PET 

degradation products, initially introduced by Ebersbach et al., converts products into 

fluorescent compounds through a mechanism driven by the iron autoxidation-mediated 

generation of free hydroxyl radicals (Ebersbach et al., 2012). However, Zurier and 

Goddard have highlighted that this particular protocol encounters limitations that arise 
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from the fact that the mono-(2-hydroxyethyl) terephthalate (MHET) exhibits a lower 

fluorescent extinction coefficient compared to that of TPA (Zurier & Goddard, 2023), 

so in a hydrolysis mixture where both products are present, TPA will contribute mostly 

to fluorescence. This discrepancy likely explains why Ebersbach et al. reported HPLC 

and fluorescent results solely in terms of TPA quantity which was measured after PET 

nanoparticlesô hydrolysis by TfCut2 from Thermobifida fusca KW3 (Ebersbach et al., 

2012). Taking into account that TfCut2 yields mostly MHET when acting upon PET 

nanoparticles (MHET accounts for 75% of the total products) (Barth et al., 2015), 

questions are raising about the sensitivity of this technique for screening PETases, 

which predominantly release MHET. This concern has also been addressed by Weigert 

et al who improved their assay by adding an MHETase to the mixture to further convert 

released MHET into TPA. This additional step has the potential to amplify fluorescence 

intensities, however, it's worth noting that it introduces some complexity into the 

screening protocol, which may impact its straightforwardness and simplicity (Weigert 

et al., 2021). 

Despite the issues involving product quantification, synthesis of PET nanoparticles 

demands highly corrosive solvents such as hexafluoro-2-propanol (HFIP) (Pfaff et al., 

2021), not to mention that there is currently limited information available regarding 

their application in metagenome libraries. Other substrates such as PET microfibers 

(Zurier & Goddard, 2023) and semi-crystalline PET coating (Weigert et al., 2021) have 

been also used for high-throughput applications, however, it should be considered that 

screening protocols using those substrates demands long incubation times (reaching up 

to 72 h) (Zurier & Goddard, 2023) or high temperatures (more than 60 oC) (Pfaff et al., 

2021). At the same time, model substrates closely resembling PET structure have been 

also synthesized throughout the years, with the first being bis(benzoyloxyethyl) 

terephthalate (3PET). The activity of enzymes on this substrate was correlated to 

activity on PET fabrics (Heumann et al., 2006). Similarly, bis(p-methylbenzoate) 

(2PET) has been utilized for the development of a turbidimetric assay for high-

throughput screening of PET oligomer-hydrolyzing enzymes (Belisário-Ferrari et al., 

2019). Additionally, the synthesis of a set of PET-related substrates, including the PET 

dimer has shown potential for the detection of PETases (Djapovic et al., 2021). 

However, these model substrates are mostly insoluble in water and calculation of 

kinetic constants require labor-intensive procedures and compromise in the application 

and interpretation of data from simple assays (Arnling Bååth et al., 2020). 
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 Finally, regarding PE there are currently no well-established, high-throughput 

enzyme assays specifically designed for detecting novel enzyme activities against PE, 

which is a polyolefin and chemically distinct from polyesters, like PET. Detecting PE-

degrading enzyme activity typically requires more specialized and labor-intensive 

approaches, such as monitoring weight loss of PE films, changes in surface morphology 

(using SEM or AFM), or chemical modifications (using FTIR or GC-MS) after 

prolonged incubation with candidate enzymes. These methods are less amenable to 

high-throughput screening and are not as sensitive or rapid as the assays developed for 

polyesters or PUs. 

 

1.7.3 Enzymes Discovered through Proteomic analysis 

Finally, proteomic strategies focus on the direct detection and quantification of 

proteins expressed by microbial communities when exposed to plastics (Figure 1.7-1). 

Comparative proteomics and exoproteomics are commonly applied to identify enzymes 

secreted in response to polymeric substrates. This method typically involves cultivating 

pure strains or microbial consortia with and without plastic substrates, followed by 

protein extraction and mass spectrometry-based sequencing. Comparative analysis of 

the exoproteome reveals enzymes upregulated in response to plastic presence, which 

are likely candidates for plastic degradation. The advantage of this method enables the 

identification of enzymes that are actively expressed and functionally relevant, even in 

organisms lacking annotated genomes, and provides strong evidence of biological 

responses to plastic substrates, as mentioned earlier (D. W. Kim et al., 2022). 

Nonetheless, also this method has major limitations which include difficulties in protein 

extraction, limited coverage of proteomic databases, and the current lack of 

standardized pipelines for functional validation (Jiang et al., 2024). Apart from 

technical issues, identification and selection of upregulated enzymes should not be 

always associated with the response to plastic substrates, as these enzymes can be 

involved in secondary metabolism or general stress rather than direct plastic 

degradation (Zhu et al., 2022). As a result, the actual target enzymes responsible for 

depolymerizing plastics may be present at much lower abundance and can be 

overlooked or masked by more abundant, non-specific proteins (Zhu et al., 2022). 

In any case, proteomics has facilitated the discovery of several enzymes implicated 

in plastic degradation degradation. A relative literature review has shown that 
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proteomic and genomic tools have also facilitated the identification of novel enzymes, 

such as Cr14CLE from Cryptococcus nemorosus, which can degrade PLA, PBS, and 

PBAT under mild conditions (Arunrattanamook et al., 2023). Similarly, proteomic 

screening of Fusarium and Aspergillus species revealed secreted enzymes involved in 

PU degradation and LDPE modification. In these cases, urethane bond cleavage was 

linked to specific enzymatic activities induced in the presence of Impranil, with results 

confirmed by analytical techniques including Gel Permeation Chromatography (GPC) 

and ATR (Taxeidis et al., 2023). Another study on the marine fungus Cladosporium 

halotolerans identified, through transcriptomics and proteomics, esterases and ureases 

that were upregulated when the fungus was grown on polyester PU. The data also 

highlighted the roles of cutinase, lipase, and hydrophobic surface binding proteins in 

PU degradation (K. Zhang et al., 2022). Another example of proteomic discovery is the 

identification of a novel PUase in Streptomyces sp. PU10. This bacterium secretes a 

polyester-degrading esterase, a urethane bondïdegrading amidase, and an 

oxidoreductase, all central to PU degradation. Evidence suggests that degradation 

intermediates are further metabolized via fatty acid pathways (Pantelic et al., 2024). 

Regarding polyester degrading enzymes, proteomic and transcriptomic studies in 

Clonostachys rosea identified upregulated cutinases responsible for PCL and PET 

degradation, with activity confirmed through enzyme heterologous expression 

(Gambarini et al., 2025). Regarding PLA degradation, the white-rot fungus P. 

chrysosporium has been shown, through transcriptomic and proteomic analyses, to 

upregulate enzymes such as lignin peroxidase, manganese peroxidase, laccase, and 

cytochrome P450 (F. Wu et al., 2023). 

The same study also demonstrated that these enzymes participate in PS 

degradation, causing weight loss of up to 34% in a whole-cell biocatalysis experiment 

(F. Wu et al., 2023). Similarly, in A. biennis, laccase activity has been associated with 

PS degradation. Proteomic and transcriptomic analyses further support the upregulation 

of these oxidative enzymes in response to plastic exposure. (Taxeidis et al., 2025; Zerva 

et al., 2023).  

In the case of PE, in addition to the previously mentioned Fusarium and 

Aspergillus species, Trichoderma harzianum has also been reported to promote PE 

degradation. Proteomic analyses identified a laccase as a principal enzyme associated 

with this activity, and recombinant laccase derived from this fungus was shown to 

modify PE particles in vitro (Ruan et al., 2023). Similarly, Cladosporium halotolerans 
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has been reported to secrete enzymes that interact with and degrade PE, although the 

specific enzymes were not fully characterized in the available study (Napoli et al., 

2023). Furthermore, analysis of bacterium Rhodococcus strain A34 also proved the 

involvement of a multicopper oxidase, a lipase, six esterases, and several lipid 

transporters in oxidation and depolymerization of PE, implicating these enzymes 

synergistically in the initial breakdown process (Tao et al., 2023). Overall, several 

studies highlight the importance of laccases and peroxidases (such as manganese 

peroxidase and lignin peroxidase), as well as unspecific peroxygenases, as promising 

candidates for PE degradation, with evidence suggesting that these enzymes act 

synergistically to oxidize and depolymerize PE (Santacruz-Juárez et al., 2021). 

 

Figure 1.7-1 Schematic illustration of conventional and omics-based approaches for discovery of 

plastic-degrading enzymes Source:(Zhu et al., 2022)  
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Aim and Objectives 

The primary objective of this doctoral research was to identify and characterize 

fungal enzymes capable of degrading synthetic plastics and to evaluate their potential 

use in plastic valorization. Beyond the identification of individual enzymes, this work 

tried to establish a clear and systematic workflow that integrates microbial screening, 

enzyme characterization, and material testing, contributing to the development of 

strategies toward plastic circularity. 

To address this objective, a collection of fungal strains isolated from environmental 

samples was screened for its ability to grow in the presence of different plastic types, 

including polyesters, PU, PE, and PS. Agar-plate assays were developed using 

oligomers and polymer-related intermediates that mimic real plastic structures and act 

as inducers of polymer-degrading enzymes. Selected strains were cultivated under 

inducing conditions, and their secretomes were analyzed by proteomics in order to 

identify enzymes potentially involved in polymer modification and degradation. 

Enzymes showing high expression levels and suitable catalytic characteristics were 

subsequently heterologously expressed, purified, and evaluated on virgin untreated 

polymers. This approach was designed to compare the activity of crude secretomes with 

individual recombinant enzymes and to assess their suitability as biocatalysts for plastic 

degradation and enzymatic recycling. 

Particular emphasis was placed on PET due to its environmental relevance and its 

resistance to enzymatic hydrolysis. To address the structural barriers associated with 

PET, chemoenzymatic strategies were investigated with the aim of improving polymer 

accessibility and enhancing degradation efficiency. 

Since conventional polymer degradation assays are labor-intensive, time-

consuming, and require significant amounts of purified enzyme, an additional objective 

of this study was to develop a rapid and sensitive screening method. For this purpose, 

novel chromogenic and fluorogenic model substrates were synthesized and validated to 

enable fast functional screening of crude enzymes with potential PET-degrading 

activity. 

Finally, in order to explore plastic circularity in a broader context, a two-step 

process was evaluated that combined enzymatic degradation of mixed plastic waste 

with subsequent microbial conversion of the released products into BNC. Through this 
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integrated strategy, the study aimed to link enzyme discovery with practical 

applications in sustainable plastic waste management. 
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2. Materials and Methods  

 

2.1  Polymeric materials, substrates, and reagents 

Commercial polymers including PET (PAPET clear, Lotte Chemical, UK), PLA 

(4043D, NatureWorks, USA), PHB (Biomer P226, Biomer, Germany), PCL (CAPA 

6500, Ravago Chemicals, Belgium), aged PBS (initial grade NaturePlast PBE003, 

NaturePlast, France), and PS (PS Crystal 154, Total Petrochemicals, U.S.A)  were 

purchased in the form of pellets and cryomilled in a PULVERISETTE 14 (FRITSCH 

Corp., Idar-Oberstein, Germany) apparatus. In case of commercial EPS foam, this 

substrate  served as cushioning material for transportation and falls fall within the 

typical range of commercial EPS (d = 0.014 g cm3, ὓ = 131.9 kDa, ὓ =242.7 kDa , 

ὓ= 355.0 kDa) (S. S. Yang et al., 2018). The long chain alkane (lcAlk) mixture was 

prepared by dissolving tetracosane (C24; Product No.: T8752; Sigma-Aldrich, U.S.A.), 

octacosane (C28; Product No.: O504; Sigma-Aldrich, U.S.A.), and hexatriacontane 

(C36; Product No.: 52919; Sigma-Aldrich, U.S.A.) in hexadecane (C16; Product No.: 

A10322; Alfa Aesar, U.S.A.), at final concentrations of 80 g/L, 80 g/L, and 40 g/L, 

respectively. The commercial anionic aliphatic polyester-polyurethane dispersion 

namely ImpranilÈ DLN-SD, was received from Covestro Solution Center (Leverkusen, 

Germany). 4-Methylumbelliferone (4-mU) was purchased from Acros Organics (Geel, 

Belgium), while 4-nitrophenol (p-NPhOH) was purchased from Fluka (Buchs, 

Switzerland). 4-Nitrophenyl octanoate (pNPh-octanoate) and 4-methylumbelliferone 

octanoate (4-mU-octanoate) were purchased from Sigma-Aldrich (St Louis, USA) and 

Santa-Cruz Biotechnology (Santa Cruz, USA), respectively.  Sodium dodecyl sulfate 

(SDS), Triton X-100 and cetyltrimethyl-ammonium bromide (CTAB) were obtained 

from ThermoFisher Scientific (USA), TCI chemicals (Ireland), and Merck (Germany), 

respectively. Mono-(2-hydroxyethyl) terephthalate (MHET) was purchased from 

BLDpharm (Kaiserslautern, Germany), while bis(2-hydroxyethyl) terephthalate 

(BHET) and terephthalic acid (TPA) were received from Sigma Aldrich (Steinheim, 

Germany). 

All other chemicals used were purchased from Sigma-Aldrich (U.S.A.) unless 

stated otherwise. 

https://www.sciencedirect.com/topics/pharmacology-toxicology-and-pharmaceutical-science/petrochemical-agent


30 

 

2.2  Sample collection, isolation, and identification of fungal 

strains 

Research partners from Institute of Molecular Genetics and Genetic 

Engineering (IMGGE), Belgrade, Serbia collected soil samples from different sites in 

Serbia and Ireland, isolating pure fungal strains, which afterwards sent to NTUA for 

further study and analyses. Regarding the A. biennis LGAM 436 strain used in the 

following experiments, this was obtained from the culture collection of the Laboratory 

of General and Agricultural Microbiology (Agricultural University of Athens), 

For molecular identification, each fungal strain was grown in liquid cultures 

containing 1 % (w/v) yeast extract, 2 % (w/v) peptone, and 2 % (w/v) dextrose (YPD) 

for 4 days, at 27 ÁC and 120 rpm agitation. Afterward, fungal biomass was harvested 

using a sterile cloth and washed with PBS solution, until the flow through was clear. 

Washed biomass was powdered using a mortar and a pestle, under cryogenic conditions 

(liquid nitrogen). The powdered biomass was used for the isolation of genomic DNA, 

according to the instructions of NucleoSpin, Plant II Kit, DNA, RNA, and protein 

purification (Macherey-Nagel, Germany). The entire ITS region was PCR amplified, 

using ITS1 and ITS4 PCR primers and the purity of PCR products was confirmed by 

gel electrophoresis on 1 % agarose gel. Finally, the PCR products were cloned in the 

pCRÊ Blunt plasmid vector, according to the protocol of Zero BluntÈ PCR Cloning 

Kit.  

2.3  Milling and amorphization of polymer materials 

The mechanical treatment of polymer pellets was conducted by our research 

partners from Laboratory of Polymer Science and Technology, National Technical 

University of Athens, Greece. Briefly the procedure, involved immersing a number of 

pellets in liquid nitrogen and then milling at 17000 rpm with additional liquid nitrogen 

to prevent sintering. The particle size of the resulting powders was < 500 Õm. Prior to 

any characterization, the polymer powders were dried under vacuum (300 mbar). 

Especially for amorphous PET, PET pellets were converted into thin PET film by hot 

pressing using the Polystat 200T compression press (Servitech, Germany); an 

experiment conducted by our partner research group at Trinity College of Dublin 

(TCD), Dublin, Ireland. Amorphous PET film was cryomilled in a PULVERISETTE 

14 (FRITSCH Corp., Idar-Oberstein, Germany) as mentioned before.  
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2.4  Microbial screening assays in agar plates  

The isolated fungal strains were routinely cultivated on YPDA plates for 3 days 

at 27 oC. One piece (0.5 cm x 0.5 cm) was used as an inoculum for the following 

screening tests. All the screening tests were conducted in mineral medium (MM) agar 

plates (15 g L-1) supplemented with a different carbon source. MM was composed of 

19 mM NaH2PO4, 33.5 mM K2HPO4, 7.6 mM (NH4)2SO4, 250 ɛɀ MgSO4, 147 ɛɀ 

FeCl3, 14 ɛɀ ZnCl2, 12 ɛɀ CoCl2, 12 ɛɀ Na2MoO4, 10 ɛɀ CaCl2, 11 ɛɀ CuCl2, 12 

ɛɀ MnCl2, 12 ɛɀ H3BO3 and 1.8 mM HCl. MM was sterilized in an autoclave at 121 

oC for 20 min. 

For the detection of PU degrading strains, MM was supplemented with 0.4 % 

(v/v) Impranil as sole carbon source, which was added after the sterilization of MM, as 

the extensive heating can have an adverse effect on product properties.  

Regarding the detection of potential PE-degraders, tests were also conducted on 

agar plates containing an emulsified growth medium composed of MM containing 5 % 

(v/v) a mixture of lcAlk dissolved in hexadecane (C16). The lcAlk mixture was 

composed of 80 g C24/L, 80 g C28/L, and 40 g C36/L. The MM/lcAlk solution was 

emulsified after 5 min of ultrasonication using the ultrasonic processor VC 600 (Sonics 

and Materials, USA), at 40 % amplitude, before being poured onto plates. Agar plates 

using an emulsified growth medium composed of MM (95 % v/v) ï hexadecane (5 % 

v/v) were used as control plates. 

For plate assays using PCL as the reference material, a PCL solution (7 % w/v) 

was prepared by dissolving polymer pellets in 100 mL of 70% (v/v) ethanol at 55ÁC. 

The PCL solution was then added dropwise to sterile, preheated MM at 55ÁC in a 1:10 

ratio, resulting in a final PCL concentration of 0.7% (w/v) in the aqueous medium. 

To identify microbial strains capable of hydrolyzing PET or its analogues, bis(2-

hydroxyethyl) terephthalate (BHET), a key PET monomer, was used as an indicator 

substrate. BHET flakes were finely ground with a mortar and pestle, and the resulting 

powder was added to sterilized MM before agar solidification to achieve a final 

concentration of 1 mM.  

Finally, regarding the PLA agar plates, 7 g of pre-hydrolyzed PLA pellets were 

dispersed using harsh agitation into 100 mL of sterile and preheated at 55ÁC MM. The 

MM-PLA dispersion was poured into plates before agar solidification. 
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In all plate assays described, agar plates were incubated at 27 oC for 5 days. Agar 

plates without carbon source were used as control. 

At the same time, this study investigated the biocatalytic potential of the white-rot 

basidiomycete A. biennis LGAM 436 to modify the structure of different types of PS, 

including amorphous film with atactic stereochemistry and commercial EPS foam. The 

selection of this strain was mainly based on a previous report, focusing on the isolation 

of a laccase secreted by A. biennis LGAM 436, which can reduce the number-average 

molecular weight of PS by 20 % (Zerva et al., 2023). To evaluate fungus ability to 

degrade PS, one piece (0.5 cm x 0.5 cm) from actively growing mycelium in PDA plates 

was used as inoculum for the basidiomycete precultures with D-xylose. A. biennis was 

cultivated in 100 mL growth medium consisting of 5.7 % (w/v) D-xylose, 30 g L-1 yeast 

extract, 1 g L-1 K2HPO4, and 0.2 g L-1 MgSO4Ā7H2O adjusted to pH 6. The fungus grew 

at 27 oC, under continuous stirring at 100 rpm for 24 days. Afterwards, the biomass was 

aseptically filtered, washed with ultra-pure water and used to inoculate 1 mL of 

solidified MM. MM was sterilized in an autoclave at 121 oC for 20 min, and after its 

solidification, 10-15 mg of PS film (0.131 mm thick) or EPS foam (approx. 2 x 0.7 x 

0.5 cm thick), previously sterilized with a 70 % (v/v) ethanol solution, was placed on 

the agar surface. Finally, the cultures were inoculated using 3-4 uniformly grown 

mycelial aggregates of the grown biomass and were kept at 27 oC, in the dark for 30 

days. Cultures without PS were used as biotic control, as mentioned earlier. 

 

2.5  Microbial culture conditions and induction of depolymerizing 

enzymes  

The strains able to grow on agar plates with Impranil forming zones of clearing 

around the colonies were further tested for their ability to degrade virgin ether-based 

PU powder. Specifically, a preculture was prepared by the inoculation of the positive 

fungal strains grown on YPD (one piece of 0.5 cm x 0.5 cm dimensions) in 10 mL 

sterilized MM supplemented with 0.4 % (v/v) Impranil. Fungal precultures were 

incubated at 27 °C, under continuous stirring at 120 rpm, for 4 days and were 

subsequently used for the inoculation (10 % v/v) of 100 ml of the same sterilized 

MM/Impranil medium. The cultures were incubated under the same growth conditions 

for 5 days, and the culture medium was removed every 24 h, centrifuged at 4,000 x g 

for 15 min at 4 , and sterilized using a 0.22 ɛm filter. For choosing the most 
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competent strain for PU degradation, the culture supernatants of fungi grown on 

MM/Impranil medium were concentrated using an Amicon ultrafiltration apparatus 

(exclusion size, 10 kDa; Amicon chamber 8400 with membrane Diaflo PM10, 

Millipore, Billerica, MA) until the different culture supernatants of each day get similar 

protein content. 

Regarding the strain, whose growth was greater on plates with lcAlk, this was also 

grown in liquid cultures using MM/lcAlk solution, while cultures with MM/hexadecane 

were used as a control. More specifically, the emulsified growth media were prepared 

as mentioned in the case of agar plates, but the addition of 0.1 % (v/v) Tween 20 in the 

culture medium was necessary to prevent phase separation, increasing this way 

emulsion stability. Like MM/Impranil preculture preparation, one piece of the fungal 

strain grown in YPD plates was used for the inoculation of 10 mL emulsified 

MM/hexadecane and MM/lcAlk solution. These fungal precultures were incubated 

under the same conditions as those mentioned above and were subsequently used for 

the inoculation of the corresponding 100 ml MM/hexadecane and MM/lcAlk media. 

The cultures were again incubated at 27 °C, under continuous stirring at 120 rpm, for 4 

days. After that, they were centrifuged, sterilized using a 0.22 ɛm filter, and used as 

biocatalysts for LDPE degradation. 

Finally, regarding A. biennis LGAM 436, both MM/PS and MM/EPS were 

hydrated with 0.5 mL of sterile phosphate-buffered saline (PBS) solution every 10 days, 

while in some cases 300 ɛL PBS and 200 ɛL of sterile phenol-rich olive olive mill 

wastewater effluent (OOMW) were added, instead. OOMW is a byproduct which can 

act as an inducer of oxidative enzymes such as laccases and LiPs speeding up 

biocatalysis process (Zerva et al., 2017). At each time interval (every 10 days), a set of 

three cultures was collected to measure both the enzymatic activities expressed during 

cultivation and the extent of PS degradation, as determined by changes in polymer 

properties. The extraction of enzymatic activities from the solidified MM was 

performed after rehydrating the medium with 3 mL of PBS. 

 

2.6  Assaying enzyme activity in secretomes during microbial 

growth 

For PU degradation, the esterase activity in each culture was measured using p-

nitrophenyl butyrate (p-NPB) as a substrate in 0.1 M phosphate-citrate buffer pH 6, as 
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previously described (Nikolaivits et al., 2022). The activity was calculated in units (U), 

where 1 unit is defined as the amount of enzyme required to release 1 ɛmol of p-

nitrophenol per minute under the given assay conditions. Protein concentration in cell-

free extracts was estimated according to the Lowry assay (Lowry et al., 1951), while 

quantification was performed using Bovine Serum Albumin (BSA) solution as a 

standard, as mentioned below. 

Regarding PS added in A.biennis cultures, the samples at each time interval after 

extraction were assayed for oxidoreductive activity. The laccase activity was determined 

using either 2,2'-azino-bis(3-ethylbenzothiazoline-6-sulfonic acid) (ABTS) or catechol 

as a substrate according to the protocol mentioned before (Zerva et al., 2023). Lignin 

peroxidase activity (LiP) was assessed using veratryl alcohol as a substrate, following 

the procedure described in a previous study (Camarero et al., 1999). 

2.7  The Lowry assay  

Protein concentration was determined according to the Lowry method (Lowry 

et al., 1951), based on the formation of a copperïprotein complex under alkaline 

conditions followed by reduction of the FolinïCiocalteu reagent. For Lowry Assay 

4 solutions were freshly prepared as follows: 

1. Solution A consisted of 2% (w/v) sodium carbonate (Na CO ) dissolved in 0.1 

M sodium hydroxide (NaOH). 

2. Solution B consisted of 1% (w/v) copper sulfate pentahydrate (CuSO Ŀ5H O) 

prepared in distilled water. 

3. Solution C consisted of 2% (w/v) sodium potassium tartrate prepared in 

distilled water. 

4. Solution D was the FolinïCiocalteu phenol reagent, diluted 1:1 (v/v) with 

distilled water immediately prior to use. 

The alkaline copper reagent was freshly prepared before each assay by mixing 50 mL 

of Solution A with 0.5 mL of Solution B and 0.5 mL of Solution C. 

For protein quantification, 100 ɛL of appropriately diluted sample or bovine serum 

albumin (BSA) standard solution was mixed with 1.0 mL of the freshly prepared 

alkaline copper reagent. The mixture was incubated at room temperature for 10 minutes 

to allow formation of the copperïprotein complex. Subsequently, 100 ɛL of diluted 

FolinïCiocalteu reagent (Solution D) was added rapidly with immediate vortexing. The 
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reaction mixtures were incubated for 30 minutes at room temperature in the dark to 

allow color development. 

Absorbance was measured at 750 nm using a UVïVis spectrophotometer. Protein 

concentrations were calculated from a standard curve generated with BSA and 

expressed as mg/mL. All samples and standards were analyzed in triplicate. 

 

2.8  Fungal secretomes as biocatalysts for the degradation of 

ether-based PU, PE powder and PS samples 

The culture supernatants obtained each day after inducing putative depolymerizing 

enzymes using Impranil or lcAlk were tested for their ability to degrade ether-based PU 

or LDPE powder, respectively. In more detail, 50 mg of PU or LDPE powder were 

incubated with 50 mL of the culture supernatant at 30 oC under continuous stirring at 

160 rpm, for 4 days. Regarding control samples, PU powder was incubated with an 

equal amount of culture supernatants, which had been previously inactivated by boiling 

for 15 min, while in the case of LDPE, MM/hexadecane supernatant was used as 

control. 

After incubation, plastic powders were isolated by centrifugation at 20,000 x g for 

10 min, resuspended in 10 mL of sodium dodecyl sulfate solution (SDS) (2 % w/v), and 

kept under stirring for 10 minutes to remove potentially attached proteins. After 

discarding the SDS solution, polymeric powders were rinsed twice with 40 mL 

ultrapure water and isolated by centrifugation. Finally, each plastic powder was dried 

before its properties were determined.  

The induction of oxidative enzymes capable of downgrading PS was made using 

corn stover as a substrate, as it is known that oxidative enzymes are secreted in presence 

of lignocellulosic biomass (Zerva et al., 2023). In more detail, the strain was grown on 

100 mL precultures in 250 mL Erlenmeyer flasks, using D-xylose as a carbon source 

following medium composition that mentioned earlier. After autoclaving, the cultures 

were inoculated with three 6-mm agar plugs with fully grown mycelium and incubated 

at 27 oC and 100 rpm for 24 days. Then, the biomass was aseptically filtered, washed 

and inoculated in 500 mL fresh medium with 4 % (w/v) corn stover, 1 g L-1 NH4NO3, 

0.8 g L-1 KH2PO4, 0.2 g L-1 Na2HPO4, 0.5 g L-1 MgSO4.7H2O and 2 g L-1 

(NH4)2C4H4O6, while the pH was adjusted to 6. The cultures were incubated for further 
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14 days in 27 oC and 100 rpm. If necessary, filter-sterilized ampicillin was added at a 

final concentration of 0.1 mg mL-1. The supernatant of 500 mL cultures was 

concentrated 10-fold with ultrafiltration and dialyzed against 20 mM Bis-Tris-HCl 

buffer pH 7.5, before been purified. Then, the crude enzyme sample was loaded on a 

Q-SepharoseÊ High Performance column (GE Healthcare, Uppsala, Sweden) 

equilibrated in the same buffer, and the proteins were eluted with the following gradient 

(Solvent B is 1 M NaCl in 20 mM Bis-Tris-HCl buffer pH 7.5): 0-60 min isocratic 90 

% A:10 % B, 60-140 min gradient step 10-25 % B, 140-160 min gradient step 25-50 % 

B, 160-180 min 100 % B isocratic step. Fractions displaying activity on catechol were 

pooled and concentrated. The purity of the isolated enzymes was confirmed with SDS-

PAGE electrophoresis (Laemmli, 1970). 

 

2.9  Determination of polymer properties after treatment with 

fungal secretomes 

After the enzymatic treatment, PU powder was completely dissolved in 

tetrahydrofuran (THF >=99.9 % purity, Macron Fine Chemicals, Poland), at a 

concentration of 2 mg/mL. After dissolution, the samples were filtered through a 

polytetrafluoroethylene (PTFE) filter (0.22 ɛm), and the filtrate was analyzed with a 

guard column (PLgel 5 Õm) and two PLgel MIXED-D 5 Õm columns (300 Ĭ7.5 mm) 

using the Agilent 1260 Infinity II instrument. The instrument was equipped with the 

Agilent 1260 Infinity II refractive index detector (RID) (G7162A) and the separation 

was performed using a guard column (PLgel 5 Õm) and two PLgel MIXED-D 5 Õm 

columns (300 Ĭ7.5 mm). The elution was performed using THF at a flow rate of 1 

mL/min and the calibration curve was carried out with polystyrene standards of 

molecular weight from 162 to 500.000 g/mol (EasiVial PS-M 2 mL, Great Britain). 

PE degradation was assessed by Attenuated Total Reflectance-Fourier Transform 

Infrared (ATR-FTIR) aiming to detect any changes in PE molecular fingerprint. The 

FT-IR spectrum was recorded by the Bruker Alpha II FTIR spectrometer using the ATR 

method with a diamond crystal, while Software OPUS 8.5 was used to analyze the 

recorded spectrum, which was received as 16 scans in the 400ï4000 cm-1 range. 

Identification of PE characteristic peaks was performed based on vibrational bands and 

comparing IR spectra against standards in the softwareôs spectral library. 

https://www.sciencedirect.com/topics/pharmacology-toxicology-and-pharmaceutical-science/styrofoam
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Regarding PS samples, after terminating each culture, the PS films were immersed 

in a 70 % (v/v) ethanol solution and vortexed to remove the attached biomass, followed 

by air-drying. If necessary, a soft cloth was used to completely clean the sample surface. 

Subsequently, the properties of the samples were assessed using GPC, Attenuated Total 

ATR-FTIR, and/or Atomic Force Microscopy (AFM).  

Polymer molecular weight was determined by completely dissolving the various PS 

samples in THF at a concentration of 2 mg/mL, as previously outlined. At the same time, 

changes in the molecular fingerprint of each treated material were determined by 

recording the FTIR spectrum following the analytical protocol described before. Based 

on the recorded spectra, the Carbonyl Index (CI) was also determined, by calculating the 

ratios of the absorbance bands at 1667 cmī1 to the reference band located at 1600 cmī1, 

which corresponds to the stretching vibrations of C=C bonds of the benzene ring (Arráez 

et al., 2019). 

Additionally, to detect any surface modifications, PS films were scanned with optical 

microscope at 6.3× magnification and AFM using NanoScope 3D (Veeco, USA) 

microscopy operated in tapping mode under ambient conditions. Etched silicon probes 

with spring constant 20 ï 80 Nm-1 were used, and Nanoscope image processing software 

was used for images analysis. The scan ranges were 5 - 10 ɛm in the x and y directions 

and 0.5-1 ɛm in the z direction.  The AFM images were recorded at 0.5 Hz scan rate.  

The RMS surface roughness was determined on the surface area of 20 x 20 ɛm2. The 

surface roughness is calculated as the root mean square (RMS) average of height 

deviations taken from the mean data plane (1):  

В
ὙὓὛ  (1), 

where Zi defines the maximum vertical distance between the highest and the lowest data 

points at the image. The morphology of the films was also investigated using an Olympus 

SZX10 microscope (Olympus, Tokyo, Japan) equipped with a digital imaging system at 

various magnifications.  

 

2.10   Proteomic analysis for the identification of putative 

plastic degrading enzymes  

For the secretome analysis, fungal strains were initially grown in 50 mL 

MM/Impranil at 27 oC, under continuous stirring at 120 rpm for 4 days. The preculture 
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was used for the inoculation (10% v/v) of a 500 mL sterilized growth medium, which 

was incubated under the same conditions. Based on esterase activity measurements 

taken at regular intervals and the PU properties measured after enzymatic treatment, the 

time points for harvesting mycelia and media were chosen at 40 hours (t=1) and 66 

hours (t=2). At each time point, the culture broth was centrifuged at 4,000 x g for 15 

min at 4 , sterilized using a 0.22 um filter, and concentrated 10-fold using an Amicon 

ultrafiltration apparatus (exclusion size, 10 kDa; Amicon chamber 8400 with 

membrane Diaflo PM10, Millipore, Billerica, MA). The concentrated protein extract 

was dialyzed overnight against a 20 mM Tris-HCl buffer (pH 7.0), freeze-dried under 

vacuum, and analyzed by LC-MS/MS.  

Similarly to PU, the secretome analysis of potential PE-transforming enzymes was 

carried out in 500 mL liquid cultures using MM either supplemented with C16 or a 

lcAlk mixture. The growth media, precultures and culture conditions were the same as 

those mentioned in section ñ2.5 Microbial culture conditions and induction of 

depolymerizing enzymesò. The optimal time for proteomic analysis was selected by 

identifying the time-point at which secreted enzymes effectively modified the LDPE 

surface structure according to ATR-FTIR analyses. These preliminary observations 

suggest that the secretome of lcAlk culture during the 3rd day of incubation (lcAlk_3d) 

may contain proteins involved in LDPE functionalization, in contrast to secretomes of 

lcAlk culture at the 2nd day (lcAlk_2d) and the C16 at the 3rd day (C16_3d), which were 

used as comparative controls in the subsequent differential proteomic analysis.  

 The optimal time point for PS and EPS proteomics analysis was determined based 

on the degradation of PS properties during culture growth. Triplicate MM cultures with 

PS film and foam as the sole carbon source were inoculated, as previously described. 

Additionally, duplicate cultures using glucose were included as a control. After 20 days 

of growth, proteins were extracted by rehydrating the solidified MM with PBS, filter-

sterilized and freeze-dried before analysis.  

 

2.10.1 LC-MS/MS analysis  

Afterwards, the freeze-dried protein extracts were dissolved in 5 % SDS in 50 mM 

triethyl ammonium bicarbonate (TEAB) to a final concentration of 1 µg µl-1. To 

remove sugars, an aliquot from each sample containing 100 µg of protein was filtered 

with a 3 kDa Nanosep filter (Pall) according to the manufacturerôs guidelines. Proteins 
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retained on the filter membrane were re-dissolved in 300 µl 5 % SDS in 50 mM TEAB 

and reduced by the addition of 15 mM DTT and incubation for 30 minutes at 55 °C 

followed by alkylation by addition of 30 mM iodoacetamide and incubation for 15 min 

in the dark. Phosphoric acid was added to a final concentration of 1.2 % to lower the 

pH to 1, followed by addition of 7 volumes of 90 % methanol in 100 mM TEAB at pH 

7.55.  Samples were loaded on mini S-trap columns (Protifi) in aliquots of 400 µl 

centrifuged each time for 30 seconds at 4000 xg, followed by 3 washing steps with 400 

µl 90 % methanol in 100 mM TEAB. Then, 1 µg of MS-grade trypsin (Promega) in 125 

µl 50 mM TEAB was added onto the filter and incubated overnight at 37 °C to digest 

the proteins. Finally, peptides were eluted from the S-trap columns in 3 centrifugation 

steps of 1 minute at 4000 x g, first with 80 µl 50 mM TEAB, then with 80 µl 0.2 % 

formic acid and finally with 80 µl 50 % acetonitrile. The eluted peptides were 

transferred into an MS vial, dried completely by vacuum drying and re-dissolved in 

0.1% TFA in water/ACN (98:2, v/v)) for an additional purification step on Omix C18 

tips (Agilent). The resulting purified peptides were dried completely by vacuum drying. 

Peptides were re-dissolved in 20 µl loading solvent A (0.1 % TFA in water/ACN 

(98:2, v/v)) and firstly loaded on a trapping column (made in-house, 100 ɛm internal 

diameter (I.D.) Ĭ 20 mm, 5 ɛm beads C18 Reprosil-HD, Dr. Maisch, Ammerbuch-

Entringen, Germany). Then, they were separated on a 50 cm µPACÊ GEN2 column 

and eluted by a stepped gradient from 98 % solvent A (0.1 % formic acid in water) to 

30 % solvent B (0.1% formic acid in water/acetonitrile, 20/80 (v/v)) in 135 min up to 

50 % MS solvent B in 15 min, followed by a 5 min wash reaching 95 % solvent B, all 

at a constant flow rate of 250 nL/min. The mass spectrometer (Ultimate 3000 RSLC 

nano- LC (Thermo Fisher Scientific, Bremen, Germany) in-line connected to a Q 

Exactive mass spectrometer (Thermo Fisher Scientific)) was operated in data-

dependent, positive ionization mode, automatically switching between MS and MS/MS 

acquisition for the 5 most abundant peaks in a given MS spectrum. The source voltage 

was set to 3.0 kV, and the capillary temperature was 275 °C. One MS1 scan (m/z 

400ī2,000, AGC target 3 ĬE6  ions, maximum ion injection time 80 ms), acquired at a 

resolution of 70,000 (at 200 m/z), was followed by up to 5 tandem MS scans (resolution 

17,500 at 200 m/z) of the most intense ions fulfilling predefined selection criteria (AGC 

target 50.000 ions, maximum ion injection time 80 ms, isolation window 2 Da, fixed 

first mass 140 m/z, spectrum data type: centroid, intensity threshold 1.3xE4, exclusion 

of unassigned, 1, 5-8, >8 positively charged precursors,  peptide match preferred, 
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exclude isotopes on, dynamic exclusion time 12 s). The HCD collision energy was set 

to 25 % Normalized Collision Energy and the polydimethylcyclosiloxane background 

ion at 445.120025 Da was used for internal calibration (lock mass). QCloud was used 

to control instrument longitudinal performance during the project (Chiva et al., 2018). 

 

2.10.2 Data analysis and peptide identification  

LC-MS/MS samples were searched with MaxQuant v2.0.3.0 (Tyanova et al., 2016) 

against their corresponding proteome and the MaxQuant common contaminant 

database with default search settings, including, a false discovery rate (FDR) set at 1 % 

on peptide spectrum match (PSM), peptide and protein level. Reversed sequences of all 

protein entries were concatenated to the database for estimation of the FDR. 

The protein quantification in fungal secretome in presence of Impranil was 

performed using the iBAQ (intensity Based Absolute Quantification) algorithm 

(Schwanhäusser et al., 2013). The 2 LC-MS/MS samples of MM36 grown in the 

presence of hexadecane and MM/lcAlk solution were searched together, and matching 

between runs was enabled. The proteins were quantified with the iBAQ and the 

MaxLFQ algorithm (Schwanhäusser et al., 2013) for relative quantification using a 

minimum ratio count of 2 unique and razor peptides. 

The mass spectrometry proteomics data have been deposited to the 

ProteomeXchange Consortium via the PRIDE (Perez-Riverol et al., 2022) partner 

repository (https://www.ebi.ac.uk/pride/) with the dataset identifier PXD038835 and 

10.6019/PXD038835. 

Regarding proteomic analysis on PS cultures, the raw data were searched together 

using the nf-core/quantms v1.3.0dev (C. Dai et al., 2024) pipeline of the nf-core 

collection of workflows (Ewels et al., 2020) against the proteome of A. biennis LGAM 

436 and a proteomics contaminant library (Frankenfield et al., 2022). Precursor mass 

tolerance was set to 30 ppm based on Param-Medic (May et al., 2017) and fragment mass 

tolerance was set to 0.03 Da. The peptide identification step was performed with Comet, 

MS-GF+ and SAGE (Eng et al., 2013; S. Kim & Pevzner, 2014; Lazear, 2023), with 

search engine results rescored by MS2Rescore (Declercq et al., 2022). 

The peptide level intensities were imported in the prolfqua package (Wolski et al., 

2023), log2 transformed and robust z-score scaled. Protein intensities were estimated 

from peptide intensities using Tukeyôs median polish (TMP). Subsequently, only reliably 
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quantified proteins present in at least two biological replicates of one condition were 

retained for downstream analysis. Differential protein abundance was tested using the 

empirical Bayes approach as implemented in prolfqua. 

 

2.10.3 Functional annotation of proteins 

 Available functional annotations were downloaded from UniProt. Proteins were 

classified as extracellular based on their subcellular location annotation, if available, 

the presence of signal peptide, or the absence of transmembrane helices in the mature 

protein. Additionally, Interproscan v5.56-89.0 (Jones et al., 2014) was used to identify 

motifs and domains in the proteins. CAZymes were identified with BlastP against the 

CAZy database (release 08062022) and HMMER3 against the library of run_dbcan 

v3.0.7 (H. Zhang et al., 2018). BlastP alignments were filtered with an e-value 1e-50 

and 95 % coverage of both the query and subject sequence. 

 

2.11 Protocols for cell recombination and heterologous 

enzyme expression and purification 

Chemically competent E. coli BL21 (DE3) cells were used for the heterologous 

expression of the recombinant enzyme. Transformation was performed using plasmid 

DNA harboring the target gene under the control of a T7 promoter. Briefly, competent 

cells were gently mixed with the recombinant plasmid and maintained on ice to 

facilitate DNA adsorption to the cell surface. Following this incubation period, the cellï

DNA mixture was subjected to a short thermal pulse (42 oC) to promote plasmid uptake 

via transient membrane permeability. Immediately thereafter, the cells were returned to 

an optimal temperature (37 oC) for recovery in LB medium. 

Recovered cultures were subsequently spread onto LB agar plates supplemented 

with the appropriate antibiotic to permit selection of transformed colonies. Plates were 

incubated until distinct colonies were observed.  

For recombinant protein expression, E. coli BL21 (DE3) transformants were 

inoculated into in LB-antibiotic broth at 37 ÁC to the mid-exponential phase (OD600 of 

approximately 0.6ï1.0), and expression was induced by adding 1 mM isopropyl ɓ-D-

1-thiogalactopyranoside (IPTG). After induction, the cultures were further incubated 

for 20 h at 16 ÁC. After 20 h, the E. coli cells were harvested by centrifugation at 4000g 
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for 15 min at 4 ÁC and resuspended in 50 mM Tris-HCl pH 8, 300 mM NaCl buffer. 

Cell suspension was disrupted by sonication during four 1-min cycles (8 s pulses and 5 

s pause) at 40% amplitude using a 20 kHz high-intensity (400 W) ultrasonic processor 

(VC 400, Sonic & Materials, Newtown, CT, USA). Cell debris was removed by 

centrifugation at 20,000g for 30 min at 4 ÁC, and the protein of interest was purified 

from the cell free extract. 

Regarding the enzymes expressed in Pichia pastoris X33 cells, transformation 

began with the cultivation of competent P. pastoris X33 cells. Approximately 50 ɛL of 

competent cells were spread on YPD agar plates under sterile conditions and incubated 

at 27 ÁC for 48 hours. Subsequently, 50 mL YPD precultures were prepared and 

inoculated with the competent P. pastoris X33 cells. These precultures were incubated 

at 27 ÁC with shaking at 180 rpm for 24 hours. After 24 hours, the culture was scaled 

up by inoculating 250 mL of YPD medium under the same growth conditions. Cultures 

were maintained at 27 ÁC with shaking at 180 rpm until the desired cell density was 

achieved (OD  = 1.3ï1.5). Cells from cultures within this optical density range were 

then harvested and washed under sterile conditions as described below. 

1. Cultures were centrifuged at 5,000 Ĭ g for 5 min at 4 ÁC. 

2. The supernatant was discarded, and cell pellet was resuspended in 125 mL of 

ice-cold sterile Milli-Q water. Samples were centrifuged again under the same 

conditions. 

3. Finally, the washed cell pellet were resuspended in 12 mL of ice-cold 1 M 

sorbitol, transferred to 50 mL Falcon tubes, and centrifuged again at 5,000 Ĭ g 

for 5 min at 4 ÁC. 

4. Finally, the supernatant was removed, and the cells were resuspended in 600 ɛL 

of 1 M sorbitol, yielding a final suspension volume of approximately 1.5 mL. 

Electroporation was employed to introduce plasmid DNA encoding enzymes of 

interest. For the transformation, under aseptic conditions, 80 ɛL of competent cells were 

mixed with 40 ɛL of linearized, desalted plasmid DNA in a sterile 1.5 mL 

microcentrifuge tube. The mixture was gently mixed and incubated on ice for 5 min. 

The entire volume was then transferred into a sterile electroporation cuvette and 

subjected to a single electrical pulse using a MicroPulser electroporator (Bio-Rad) 

according to the manufacturerôs settings. Immediately after pulsing, 1 mL of ice-cold 1 

M sorbitol was added to the cuvette to facilitate cell recovery and minimize mortality 
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caused by the stress of electroporation. The cell suspension was transferred to a sterile 

15 mL Falcon tube and incubated without shaking at 30 ÁC for 2 h to allow recovery.. 

After recovery, the transformed cells were spread aseptically onto YPDS agar plates 

supplemented with Zeocin and incubated at 30 ÁC for up to 10 days, until colonies 

appeared. Individual colonies were subsequently screened for the presence of the 

recombinant construct. 

Afterwards, the recombinant P. pastoris cells were grown at 30ÁC in 250 ml 

BMGY medium in a shaking incubator until the cell density reached an OD600 of 4. 

Cells were harvested aseptically by centrifugation (5,000 Ĭg, 10 min) and resuspended 

in 500 ml BMMY medium in a 500-ml flask to an OD600 1 to start the induction. The 

culture was kept in a shaking incubator at 30ÁC for 4-6 days based on optimization 

procedures performed for each strain (200 rpm) with the addition of 5 ml methanol once 

a day to maintain induction. In the case of oxidoreductive enzymes (laccase and 

tyrosinase), 25 ɛM CuSO  was supplemented to the culture medium to provide the 

required copper cofactor for enzyme activity and expression. After the incubation 

period, the culture broth was collected, centrifuged, and concentrated using an Amicon 

ultrafiltration apparatus (exclusion size 10 kDa; Amicon chamber 8400 with membrane 

Diaflo PM-10, Millipore, USA) up to 50 mL. The concentrate was dialyzed overnight 

at 4ÁC against 20 mM TrisïHCl buffer containing 300 mM NaCl (pH 8.0).  

Both cell free extract from E.coli and dialyzed concentrate from P. pastoris cultures 

were loaded onto an immobilized metal-ion affinity chromatography (IMAC) column 

(Talon, Clontech; 1.0 cm i.d., 15 cm length) equilibrated with 20 mM TrisïHCl buffer 

containing 300 mM NaCl (pH 8.0). The column was initially washed with the 

equilibration buffer, followed by the elution of recombinant proteins using a stepwise 

elution process with 0, 5-, 10-, 20-, and 100-mM imidazole solution in the equilibration 

buffer.  

In cases where crude enzymes could not be purified using IMAC, conventional 

ion-exchange chromatography techniques were applied. Especially for laccase from A. 

biennis LGAM 436, the concentrated supernatant of 500 mL cultures was dialyzed 

against 20 mM Bis-Tris-HCl buffer pH 7.5. Then, the crude enzyme sample was loaded 

on a Q-SepharoseÊ High Performance column (GE Healthcare, Uppsala, Sweden) 

equilibrated in the same buffer, and the proteins were eluted with the following gradient 

(Solvent B is 1 M NaCl in 20 mM Bis-Tris-HCl buffer pH 7.5): 0-60 min isocratic 90 
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% A:10 % B, 60-140 min gradient step 10-25 % B, 140-160 min gradient step 25-50 % 

B, 160-180 min 100 % B isocratic step. Fractions displaying activity on catechol were 

pooled and concentrated.  

Purification of tyrosinase from Fusarium oxysporum BPOP18, after concentration 

and dialysis in 50 mM potassium phosphate buffer (KPi), pH 7.2, was performed using 

the same buffer as the elution phase. To ensure effective binding and high recovery, a 

negatively charged SP-SepharoseÊ High Performance column (GE Healthcare, 

Uppsala, Sweden) was employed. Elution was carried out using a NaCl gradient, as 

summarized below. The gradient program consisted of two phases (Solvent B: NaCl in 

50 mM KPi, pH 7.2): 

¶ Phase A (0ï300 mM NaCl): flow rate 1 mL/min, duration 60 min, step 5 

mM/min, total volume 60 mL. 

¶ Phase B (300ï500 mM NaCl): flow rate 1 mL/min, duration 20 min, step 10 

mM/min, total volume 20 mL. 

 

A total of 40 fractions (2 mL each) were collected over the 80 mL elution volume. 

All fractions were assayed for activity using catechol as substrate in 50 mM KPi buffer, 

pH 7.0. Fractions exhibiting the highest activity (mU) corresponded to those with the 

greatest tyrosinase concentration and were subsequently pooled and concentrated. 

The purity of the isolated enzymes was confirmed by 12% sodium dodecyl sulfate-

polyacrylamide gel electrophoresis (SDS-PAGE) (Laemmli, 1970) and protein 

concentration was determined spectrophotometrically (A280nm) based on each enzyme's 

molar extinction coefficient (IsPETase: 39670 M-1 cm-1, LCCICCG: 28836 M-1 cm-1,  

FoFaeC: 112020 M-1 cm-1, FoCut5a: 16180 M-1 cm-1,  StGE2: 46002 M-1 cm-1,  

Amidase: 56045 M-1 cm-1, Tyrosinase: 118970 M-1 cm-1,  Protease: 78560 M-1 cm-1,  

Endopeptidase: 66935 M-1 cm-1,) calculated by ProtParam tool from ExPASy (Gasteiger 

et al., 2005). Fractions containing the purified enzymes were dialyzed overnight at 4  

against 20 mM TrisïHCl buffer (pH 7.5).  
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2.12 Enzymatic hydrolysis of virgin polymers using purified 

enzymes and detection of degradation products 

The enzymes selected through multi-omics analysis were heterologously expressed 

in recombinant hosts and subsequently evaluated both individually and in combination 

to assess their potential synergistic effects in PU and other polyesters. Reactions were 

performed using F. oxysporum amidase, tyrosinase, cutinase, and the commercial 

protease Savinase (SavinaseÈ 16L, Novozymes).  

For PU degradation, 5 mg (5 Ñ 0.2 mg) of PU powder were weighed into 1.5 mL 

microcentrifuge tubes. A total reaction volume of 500 ɛL was prepared by adding 450 

ɛL of the appropriate buffer and 50 ɛL of enzyme solution. Depending on the enzyme 

tested, 50 mM TrisïHCl, pH 8.0, and 50 mM citrateïphosphate buffer (CPi), pH 5.0 

were used. 

The final enzyme concentrations were adjusted to 100 ɛg/mL for amidase, cutinase, 

and Savinase, and to 10 ɛg/mL for tyrosinase, as the latter was expected to function in 

an auxiliary oxidative role rather than as the primary depolymerizing enzyme. As an 

oxidoreductase, tyrosinase is hypothesized to introduce new functional groups into the 

PU polymer, thereby facilitating subsequent hydrolytic attack.  

Reactions were incubated at 35 ÁC for 72 hours with agitation at 1000 rpm. To 

compensate for potential loss of enzymatic activity, half of the initial enzyme amount 

was supplemented every 24 hours. All reactions were conducted in triplicate. For each 

buffer system, three enzyme-free control samples were included. Following incubation, 

samples were centrifuged at 10,000 rpm for 5 minutes. The supernatant was removed, 

and the remaining solid PU was dried under vacuum until constant weight. 

For molecular weight analysis, the dried PU powder was dissolved in 

tetrahydrofuran (THF), following the protocol mention in section ñ2.8 Determination 

of polymer properties after treatment with fungal secretomesò. Liquid fraction was also 

subjected to HPLC using Agilent instrumentation. HPLC was carried out using a 1260 

Infinity II series device with a UV visible diode array detector (Agilent Technologies). 

A C-18 reverse-phase column (NUCLEOSILÈ100ï5, particle size of 5 Õm, Macherey-

Nagel,Germany) with a precolumn (Agilent Technologies) was used for all 

measurements. Sample volume was 5 ÕL, column temperature 40 ÁC, and the flow rate 

1.0 mL/min. Mobile phase A was 5% (v/v) acetonitrile in water and mobile phase B 

was 5% (v/v) water in acetonitrile. The HPLC gradient profile was 2 min at 0% B, 
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increasing to 100% B over 8 min, 100% B for 1 min, decreasing to 0% B over 30 s, and 

finally 0% B for 3.5 min. Data were analysed using OpenLAB CDS 2.4 software 

(Agilent Technologies). 

To evaluate the effect of F. oxysporum cutinase on additional polyester substrates, 

a series of complementary experiments was performed using PLA, PHB, PBS, as well 

as amorphous and crystalline PET. These polymers were selected to assess the substrate 

scope of the enzyme toward both aliphatic and aromatic polyesters differing in 

crystallinity and chain structure. 

All reactions were carried out under the same physicochemical conditions as 

described for PU degradation, namely in 50 mM TrisïHCl buffer at 35 ÁC, pH 8.0 under 

continuous shaking. However, in order to enhance detectable polyester hydrolysis, the 

enzyme concentration was increased. Specifically, 50 ɛL of cutinase stock solution (10 

mM) were added to a final reaction volume of 500 ɛL, corresponding to a final enzyme 

concentration of 1 mM.  

Polymer samples (5 Ñ 0.2 mg) were incubated for 72 hours under agitation, 

following the same protocol as described above. After incubation, samples were 

centrifuged, the supernatant removed, and the residual polymer was dried under 

vacuum to constant weight. Enzymatic efficiency was primarily evaluated 

gravimetrically by determining percentage weight loss relative to untreated controls.  

 

2.13 Functional screening and characterization of PET-

degrading enzymes using labelled PET analogues  

Following the microbial screening phase, which identified several isolates capable 

of utilizing or modifying diverse polymeric materials, further investigations 

concentrated on the enzymatic mechanisms underlying polyester degradation. Because 

PET represents a key model for synthetic polyesters, it provides a suitable framework 

for developing standardized enzyme assays. For this reason, model compounds with 

fluorogenic (compound A-C) and chromophoric (compound D) moieties were 

synthesized by esterification of PET oligomers (Figure 2.13-1). These compounds, 

synthesized for the first time, by our collaborators in University of Belgrade, Chemistry 

Department, Belgrade, Serbia. All substrates were isolated as pure compounds and were 

characterized using NMR, IR spectroscopy as well as mass spectrometry. 
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Figure 2.13-1 Chemical synthesis of PET model substrates. mUPET1 compound (A) was prepared from 

methyl 4-(chloroformyl)benzoate and 4-mU, while synthesis of mUPET2 (B), mUPET3 (C) and p-

NPhPET3 (D) model compounds was performed from PET oligomers and 4-mU or p-NPhOH . The 

conversion yields for A, B, C and D were 64, 42, 60 and 62%, respectively. 

 

Stock solutions of fluorogenic PET model substrates (mUPET1, mUPET2 and 

mUPET3; Figure 2.13-2) were prepared in DMSO at a concentration of 5 mM. 

Reactions were conducted in a total volume of 100 ɛL, using 0.1 M phosphate buffer 

at pH 7. Each substrate was mixed with 10 ɛL of the respective enzyme, and the 

necessary amount of DMSO was added to maintain a final concentration of 5% (v/v). 

The concentration of mUPET1, mUPET2, and mUPET3 ranged from 0 to 30, 50, and 

70 ɛM, respectively, while the enzyme quantity was varied to obtain a linear reaction 

curve for the course of the assay. Control reactions were performed after replacing the 

volume of enzyme solution with an equal amount of 20 mM Tris-HCl (pH 7.5).  Activity 

assay with a chromogenic PET model substrate. Reactions were performed at 30 ÁC for 

15 min in a Tecan Infinite M1000 Pro fluorescence microplate reader (Switzerland), 

equipped with the analysis software Tecan i-control 1.11. Fluorescence was recorded 

every 30 s, setting excitation and emission wavelengths at 380 and 454 nm(Jacks & 

Kircher, 1967), respectively. Fluorescence was converted to 4-mU concentration via a 

standard curve constructed with pure 4-mU in 0.1 M phosphate buffer pH 7. One unit 

of enzyme activity is defined as the amount of enzyme releasing 1 ɛmol of 4-mU per 

min. 

Similar to fluorogenic substrates, a 10 mM stock solution of the chromogenic 

substrate (p-NPhPET3) (Figure 2.13-2D) was prepared in DMSO. Reactions were 

initiated after mixing p-NPhPET3 stock solution with 20 ɛL of each enzyme in a total 

volume of 250 ɛL of 0.1 M phosphate buffer pH 7 resulting in a dispersion (59 ɛg total 
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substrate amount). The reaction mixture was incubated at 30 ÁC under agitation (1300 

rpm) in an Eppendorf Thermomixer Comfort (Eppendorf, Germany) for 15 min. After 

15 min, the reaction tubes were put on ice to minimize enzyme activity and centrifuged 

at 4000 x g for 30 s. Enzyme activity was determined by measuring the release of p-

NPhOH in the reaction supernatant at 410 nm in the SpectaMax ABS Plus microplate 

reader (Molecular Devices, LLC). A standard curve of p-NPhOH in 0.1 M citrate-

phosphate buffer pH 7 was used to quantify the release of p-NPhOH in the enzyme 

reactions. One unit of enzyme activity is defined as the amount of enzyme releasing 1 

ɛmol of p-NPhOH per min. 

 

 

Figure 2.13-2 Structure of model substrate mUPET1 (A), mUPET2 (B) and mUPET3 (C), and p-

NPhPET3 (D). The chromogenic and fluorogenic moieties, which are released due to the enzymatic 

hydrolysis, are depicted in yellow and blue circles, respectively. The release of 4-mU or p-NPhOH is 

monitored through fluorescence (A, B, C) and UV-vis spectroscopy (D). 

The kinetic constants presented in this study were calculated on GraphPad Prism 8 

software (GraphPad Software, Boston, USA). The experimental values are presented 

as means Ñ standard deviation (SD) of three replicates (n=3). Statistical tests analyzing 

the difference between the means of each independent kinetic constant were also 

performed (one-way ANOVA).  

The enzymes used in this study were the leaf-branch compost cutinase ICCG 

variant (LCCICCG) (Tournier et al., 2020), IsPETase from I. sakaiensis (Yoshida et al., 

2016), the polyesterase from Moraxella sp. (MoPE) (Nikolaivits et al., 2022), the 

tannase-like ferulic acid esterase (FAE) from F. oxysporum (FoFaeC) (Moukouli et al., 

2008), the glucuronoyl esterase from Thermothelomyces thermophila (StGE2) 

(Topakas et al., 2010) and a commercial lipase from Aspergillus niger (CAS No.: 9001-

62-1, EC 3.1.1.3, Fluka Analytical, Switzerland). IsPETase, LCCICCG and MoPE were 

expressed in Escherichia coli BL21 cells harboring a recombinant pET-22b(+) vector 

(Novagen, St. Louis, USA), and purified from the intracellular fraction, as presented in 

the following section ñ2.10 Proteomic analysis for the identification of putative 
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plastic degrading enzymesò. FoFaeC and StGE2 were expressed in Komagataella 

phaffii (Pichia pastoris) and purified as described in the same section. Culture 

supernatant from F. oxysporum BPOP18 (FusIm), which shows polyesterase-degrading 

activity was also tested as a candidate for PETase activity. The extracellular enzyme 

preparation was induced by ImpranilÈ DLN-SD (0.4% v/v), which was used as a sole 

carbon source in the ɀɀ, as described in section 2.3. Protein concentration in culture 

supernatant was estimated according to the Lowry assay (LOWRY et al., 1951) (2.7 

2.7The Lowry assay2.7) while quantification was performed using Bovine Serum 

Albumin (BSA) solution as a standard.  

Each of the aforementioned enzymes, was heterologously expressed and tested for 

their ability to break down PET. Reactions were performed after mixing 10 mg of 

amorphous PET powder with 50 ɛg of each enzyme in 1 mL 0.1 M phosphate buffer 

pH 7, while in the case of FusIm the protein amount used for PET hydrolysis was 7 ɛg. 

The reactions were kept under agitation (1200 rpm) in an Eppendorf Thermomixer 

Comfort (Eppendorf, Germany) at 30 ÁC for three days, and every 24 h half of the initial 

amount of each enzyme preparation was added to the reaction mixture. The degradation 

products were detected and quantified in the Agilent 1260 Infinity II instrument 

(Agilent Technologies, Germany), using an Agilent 1260 Infinity II variable 

wavelength detector (VWD) (G7114A). The column used was a C-18 reverse-phase 

NUCLEOSILÈ100ï5 (Macherey-Nagel,Germany) and the mobile phase was 20% 

(v/v) acetonitrile, 20% (v/v) 10 mM sulfuric acid in 60% (v/v) ultrapure water at a flow 

rate of 0.8 mL min-1. Detection of TPA and its derivatives took place using again VWD 

at 241 nm. Prior to analysis 0.1% (v/v) of 6 M HCl was added in each reaction and 

centrifuged at 5000 x g, 10 ÁC. Supernatants were filtered through 0.2 Õm syringe filters 

and analyzed. Quantification of TPA, mono-(2-hydroxyethyl) terephthalate (MHET) 

and BHET was performed by constructing calibration curves with standard 

concentrations in the range of 0.01ï1 mM. 

 

2.14 Hydrolysis of PET model substrates and identification of 

released products 

To explore the mode of action of PET cleavage by the different biocatalysts, 

various synthetic substrates were employed including monomethyl terephthalic acid 

(MTPA), bis(2-hydroxyethyl) terephthalate (BHET), monomethyl mono-(2-

https://www.sciencedirect.com/topics/chemical-engineering/mobile-phase-composition
https://www.sciencedirect.com/topics/pharmacology-toxicology-and-pharmaceutical-science/acetonitrile
https://www.sciencedirect.com/topics/chemistry/sulfuric-acid
https://www.sciencedirect.com/topics/biochemistry-genetics-and-molecular-biology/flow-rate
https://www.sciencedirect.com/topics/biochemistry-genetics-and-molecular-biology/flow-rate
https://www.sciencedirect.com/topics/chemistry/terephthalic-acid
https://www.sciencedirect.com/topics/chemistry/analytical-calibration
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hydroxyethyl) terephthalate (M(HET)1), methylated PET dimer (M(HET)2), PET 

trimer (M(HET)3), as well as M2(HET)1,5 and M2(HET)2,5 which consist of 1.5 and 

2.5 dimethylated PET monomers (Figure 2.14-1) (Djapovic et al., 2021). PET model 

substrates (1 mg mL-1) were incubated with 5 ɛɀ of each enzyme in 0.1 M phosphate 

buffer pH 7 for 24 h at 30 °C under shaking (1200 rpm) in an Eppendorf Thermomixer 

Comfort (Eppendorf, Germany). The hydrolysis products were analyzed and quantified 

using HPLC chromatography on a 1260 Infinity II LC System (Agilent, California, 

U.S.A.), using a C-18 reverse-phase NUCLEOSIL® 100ï5 (Macherey-Nagel, 

Germany), according to the protocol mentioned in previous section.  

 

Figure 2.14-1 PET model substrate structure 

 

2.15 Assisted PET hydrolysis using different enzyme mixtures 

and surfactants of different charge 

To enhance enzymatic efficiency by mitigating product inhibition, synergistic 

effects between enzyme combinations were investigated. PET films and powders of 

different crystallinity (10 mg mL ĭ) were incubated with 15 ɛɀ of the FoCut5a cutinase 

in 1 mL of 0.1 M phosphate buffer pH 7 and maintained at 40 oC under agitation (1200 

rpm) in an Eppendorf Thermomixer Comfort (Eppendorf, Germany) for 3 days. In the 

case of co-hydrolysis, 3 ɛɀ of each feruloyl or glucuronoyl esterase were added in the 

reaction mixture, maintaining a cutinase/esterase ratio of 5:1. Half of the initial quantity 

of each enzyme was added once per day after 24 h and 48 h.  
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To enhance enzymatic hydrolysis efficiency by overcoming physicochemical 

limitations such as the inherent hydrophobicity of polymeric substrates, experiments 

were performed using PET films and powders of varying crystallinity in presence of 

different surfactants.  PET hydrolysis was performed under the same conditions as those 

described previously, but in the presence of 0.02 % (w/v) SDS, 0.1 % (w/v) Triton-X 

or 0.1 % (w/v) CTAB. After PET hydrolysis, the supernatants were analyzed with 

HPLC chromatography following the aforementioned protocol. 

 

2.16 Biodegradation of the mixed PET-TPS materials 

To examine the biodegradability of the mixed PET-TPS films, genes coding LCCICCG 

were cloned in the expression vector pET26b(+) (GenScript Biotech, Rijswijk, 

Netherlands). The enzyme expression was performed in E. coli BL21 induced by 0.2 

mM IPTG at 16 °C for 20 h, according to the protocol mentioned before.  

The mixed (petro-bio)plastic materials used were fabricated and characterized by 

project collaborators at Technological University of the Shannon (TUS), Ireland, 

within the framework of the BioICEP project. A brief summary of the materials 

preparation and characterization is provided here for completeness. 

PETïTPS films were prepared from commercial polyethylene terephthalate (PET) 

and thermoplastic starch (TPS) resins to simulate mixed fossil-based and bio-based 

plastic waste streams. PET and TPS pellets were physically blended and processed via 

hot-melt extrusion at different TPS weight fractions (5, 10, 30, and 40 wt.%). 

Extrusion was performed using a bench-top PrismÊ twin-screw extruder (Thermo 

Electron GmbH, Karlsruhe, Germany) equipped with 16 mm diameter screws and a 

temperature profile ranging from 270 ÁC (feeding zone) to 70 ÁC (die zone), operating 

at 60 rpm. The extrudate was passed through a three-roll calendar system to form films 

with thickness below 1 mm. 

The fabricated films were subsequently shredded, cryogenically milled after 

immersion in liquid nitrogen, and converted into powder using an Ultra Centrifugal 

Mill (ZM 200, Retsch GmbH, Germany). Both film and powder samples were stored at 

room temperature until further analysis. 

After production, the mixed PETïTPS materials were characterized in terms of 

chemical structure, thermal behavior, morphology, and mechanical performance (Table 

2.16-1). In more detail, FTIRïATR spectroscopy was used to monitor chemical 
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interactions between PET and TPS components. Increasing TPS content led to 

modifications in characteristic PET bands, particularly in the carbonyl and CïO 

stretching regions. The ratio of the 1340/1370 cm ĭ bands decreased progressively with 

higher TPS content, indicating disruption of PET crystalline packing and partial 

amorphization. The carbonyl index (CI) was calculated using the absorbance ratio at 

1712 cm ĭ and 1408 cm ĭ. At the same time, Differential Scanning Calorimetry (DSC) 

analysis revealed a systematic reduction in glass transition temperature (Tg) and degree 

of crystallinity (Xc) with increasing TPS incorporation. Neat PET exhibited Tg å 84 ÁC 

and Xc å 37%, whereas PET-TPS40 showed Tg å 51 ÁC and Xc å 26%. The decrease 

in crystallinity suggests increased chain mobility and reduced structural order within 

the polyester matrix. Finally, mechanical testing demonstrated progressive deterioration 

of material stiffness and tensile strength as TPS content increased. While low TPS 

incorporation (5ï10 wt.%) produced moderate changes, higher TPS levels (30ï40 

wt.%) significantly reduced Youngôs modulus and tensile strength. For example, neat 

PET exhibited E å 2239 MPa and ů å 38 MPa, whereas PET-TPS40 decreased to E å 

1628 MPa and ů å 13 MPa. These results confirm the mechanical incompatibility 

between PET and TPS phases. 

Table 2.16-1 Composition by weight and thermo-mechanical properties of the fabricated mixed (petro-

bio)plastic films. 

Sample PET 

(wt.%) 

TPS 

(wt.%) 

Tg 

(°C) 

Tm 

(°C) 

ȹHm 

(J g-1) 

Xc 

(%) 

E 

(MPa) 

ů 

(MPa) 

PET 100  83.6 252.9 52.4 37.5 2239 ± 105 38 ± 5 

PET-TPS5 95 5 79.2 246.9 49.0 35.0 2093 ± 215 21 ± 1 

PET-TPS10 90 10 76.7 247.2 48.5 34.6 2028 ± 61 21 ± 2 

PET-TPS30 70 30 54.2 248.4 45.2 32.3 1985 ± 135 19 ± 3 

PET-TPS40 60 40 50.7 245.4 36.6 26.1 1628 ± 83 13 ± 2 

Tg, glass transition temperature; Tm, melting temperature; ȹHm, melting enthalpy; Xc, 

degree of crystallinity; E, Youngôs modulus; ů, tensile strength. 
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2.16.1 Enzymatic degradation study 

PET-TPS film samples were rinsed with 70% EtOH, air dried, weighted and 

inserted in glass flasks. The following enzyme preparations were used for degradation 

experiments: (1) LCCICCG; (2) AMY; and (3) LCCICCG/AMY. Degradation experiments 

with LCCICCG and AMY were performed using film samples hydrolyzed in 0.1 M 

phosphate buffer, pH = 7, under agitation (1200 rpm) in an Eppendorf Thermomixer 

Comfort (Hamburg, Germany). Typically, 10 mg of each sample was added to 1 mL of 

reaction medium, and enzymatic treatments were optimized by conducting reactions at 

three different temperatures, namely 30, 50 and 70 °C. All tests were carried out on a 

continuous base for a period of four days. Hydrolysis reaction was initiated by adding 

0.12 ɛg of LCCICCG which had been dialyzed in Tris-HCl buffer, pH = 7. Moreover, 30 

ɛg of AMY was also added to the reaction mixture to assess the combined effect of 

these enzymes on the degradation of mixed PET-TPS materials. This addition was also 

made in the case of PET, primarily for comparative purposes with the other tested 

materials. In control reactions, an equal amount of Tris-HCl buffer or deactivated AMY 

(boiled for 15 min) was added to the reaction mixture. After 24, 48, and 72 h, half of 

the initial amount of each enzyme was added to the reaction mixture to sustain the 

enzyme activity, thus mitigating enzyme issues related to thermal inactivation, and 

adsorption onto the material surface (Makryniotis et al., 2023). At the end of the 

reactions, the residual material was isolated by centrifugation, washed with ultrapure 

water, freeze-dried and its weight was measured. The reaction supernatant was analyzed 

by high-performance liquid chromatography (HPLC) and the dinitrosalicylic acid 

(DNS) colorimetric method to detect degradation products from the mixed PET-TPS 

plastic films. 

 

2.16.2 Quantification of BHET, MHET, and TPA via HPLC analysis 

The hydrolysis products were analyzed and quantified using HPLC 

chromatography on a 1260 Infinity II LC System (Agilent, California, U.S.A.), using a 

C-18 reverse-phase NUCLEOSIL® 100ï5 (Macherey-Nagel, Germany), according to 

the protocol mentioned in section 2.11.  
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2.16.3 Quantification of reducing sugars via DNS colorimetric method 

The total amount of reducing sugars was quantified using the DNS colorimetric 

method. The DNS method was performed according to the traditional protocol (Miller, 

1959), with modifications made to reduce the reaction volumes. Sugar levels were 

quantified at 540 nm using the SpectraMax® ABS Plus microplate reader (Molecular 

Devices, Sunnyvale, CA), and data were processed using SoftMax® Pro 7 software 

(Molecular Devices, Sunnyvale, CA). A calibration curve was constructed using 

glucose as a standard.  

 

2.16.4 Degree of Synergism 

Based on the detected concentration of degradation products from the mixed PET-

TPS films, the degree of synergism (DS) between LCCICCG and AMY to degrade the 

different films was determined. The DS was calculated using equation 3: 

ὈὛ
Ὀὖ Ⱦ

Ὀὖ   Ὀὖ
                                      σ 

where, DPLCC/AMY is the degradation products released by LCCICCG/AMY, DPLCC 

is the degradation products released by LCCICCG, and DPAMY is the degradation 

products released by AMY. 

  

2.16.5 Scale-up of the enzymatic degradation 

After enzymatic treatment was proven to be successful on examined materials, 

experiment was set up in larger volumes using 1 g of each PET-TPS powdered sample. 

Samples were treated in 50 mL of 0.1 M phosphate buffer, pH = 7, at 50 °C in a shaking 

incubator (200 rpm) for four days. More specifically, material hydrolysis was initiated 

after the addition of 1.2 ɛg of LCCICCG dialyzed in Tris-HCl buffer, as mentioned 

previously, while an equal amount of the enzyme was supplemented after 48 h. TPS 

liquefaction was accomplished by adding 300 ɛg of AMY, whereas in control reactions, 

an equal amount of Tris-HCl or deactivated AMY was added. After four days, 500 mg 

of glucoamylase was added to each of the reactions, and the reaction mixture was kept 

under the same conditions for an additional hour to ensure the total conversion of 

released sugars into glucose, facilitating their quantification and subsequent 

valorization. Finally, the residual material was isolated by centrifugation, washed twice 

with ultrapure water, and freeze-dried before its weight was measured. The reaction 



55 

 

supernatant was analyzed by HPLC and DNS methods to detect the released products 

after the mixed PET-TPS degradation according to the protocols aforementioned. 

Hydrolysates were kept for composition analysis, and further bio-upcycling into BNC. 

 

2.16.6 Culture conditions for Bacterial Nanocellulose (BNC) Production  

Liquid residues obtained from the enzymatically degraded mixed PET-TPS 

materials were used as growing medium to produce BNC by Komagataeibacter 

medellinensis ID13488. Typically, 2 mL of each liquid residue was poured into glass 

tubes, and pH was adjusted to 4.5 by using 0.05 mol·Lī1 HCl and NaOH solutions, then 

10% bacterial inoculum was added. Prior to inoculation, bacterial culture was rinsed 

with PBS buffer followed by centrifugation, to secure the removal of any additional 

carbon and energy sources from the production media. All samples were statically 

incubated at 28  for 10 days. HS medium was used as a positive control. After 10 

days, the BNC obtained was treated with 5% KOH, rinsed with distilled water until 

neutral pH was reached, air dried at 60 , and weighted. All BNC growth trials were 

performed in triplicates. 
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3. Results and Discussion  

 

3.1  Agar plate screening and fungi identification  

The environmental samples collected, including dead isopods, soil contaminated 

with plastic trash, decaying oak logs, plastic contaminated river sediment, samples from 

dump sites and cemeteries, were inoculated in agar plates, and especially the fungal 

strains were further tested for their plastic degradation capability. 

 

3.1.1 Screening fungal strains for their ability to grow on PU dispersion 

Screening for potential PU degraders was performed in agar plates supplemented 

with Impranil (Figure 3.1-1). The competent strains formed zones of clearing around 

the inoculum, a fact which implies PU dispersion breakdown. Strains #7, #8, and #10 

proved to be the most promising strains, so their potential for ether-based PU 

degradation was investigated. On the other hand, strain #2 showed limited Impranil 

degradation, therefore it was not selected for further experiments, but it can be 

considered as a potential PU degrader possibly after optimizing the growth conditions. 

Plates with MM were used as control, in which no sign of growth was observed.  
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Figure 3.1-1 Growth of 13 fungal strains on mineral medium using Impranil as carbon source, after 5 

days of incubation. 

 

3.1.2 Screening fungal strains for their potential to downgrade PE  

Agar plates used for PE screening consisted of MM supplemented with hexadecane 

or a mixture of lcAlk prepared in hexadecane. Since little is known about alkane 

degradation by fungi, a report on different bacterial strains by Wang & Shao, 2013, 

clearly mentions that the alkane degradation pathway is regulated only in the presence 

of the appropriate hydrocarbons, whose carbon chain mainly ranges from C14 to > C22. 

Additionally, other reports mention that the enzymes able to oxidize medium-chain 

alkanes (C5 to C17) cannot oxidize the longer ones, because of the size limit imposed 

by the enzyme binding pocket, concluding that the enzymes oxidizing lcAlk differ from 

those acting on the shorter ones (Rojo, 2009; Wang & Shao, 2013). For these reasons, 

even though hexadecane is the longest liquid alkane allowing the creation of the lcAlk 

solution (Griesbaum et al., 2000), its assimilation cannot be considered a sign of PE 

degradation potential. Consequently, the plates with MM/hexadecane were used as 
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control, whereas plates with MM/lcAlk solution were used to screen the different fungal 

strains as putative PE degraders. 

The strains whose growth on lcAlk (Figure 3.1-2B) was greater than those on 

hexadecane (Figure 3.1-2A), were selected as potential PE degraders, and their ability 

on PE breakdown was further studied. The first indications derived from the plate 

screening showed strains #2 and #8 can sufficiently grow on agar plates supplemented 

with lcAlk. Specifically, strain #8 was selected as the most promising candidate for PE 

degradation due to its comparatively rapid growth, so its potential was further evaluated 

by using its enzymes as biocatalysts for virgin PE degradation. 

 

Figure 3.1-2 Growth of 13 fungal strains on mineral medium supplemented with hexadecane (A) and 

Hexadecane-lcAlk (B) after 5 days of incubation 
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3.1.3 Screening fungal strains for their ability to grow on PET oligomer 

BHET is a key intermediate in the enzymatic and chemical degradation of PET, 

sharing the same terephthalate backbone but with shorter chain length and terminal 

hydroxyl groups instead of ester linkages. This structural similarity makes BHET a 

suitable model substrate for screening PET-degrading microorganisms and enzymes, as 

the ability to hydrolyze BHET often correlates with the ability to attack PET itself (A. 

Li et al., 2023). Enzymes such as PETases and BHETases can degrade both BHET and 

PET, and studies have shown that microbial strains or enzymes active on BHET 

frequently also show activity on amorphous PET films, though PET is generally more 

recalcitrant due to its higher molecular weight and crystallinity  Based on the screening 

tests, 9 out of 13 fungal strains (#1, #2, #3, #6, #7, #8, #9, #10, #12) were able to grow 

on BHET forming zones of clearance, a fact that implies that these strains can be 

potential PET degraders (Figure 3.1-3).  

 

 

3.1.4 Screening fungal strains for their ability to grow using PCL and PLA 

as a carbon source  

Agar plate screening using PCL emulsion and PLA is a widely used method to 

identify microorganisms capable of degrading these biodegradable polyesters. 

Although this approach is widely used to detect clearing zones indicative of polymer 

hydrolysis, the transparency of the minimal medium after adding PLA and PCL 

emulsions limited direct visualization of such halos. Consequently, the evaluation of 

Figure 3.1-3 Growth of 9 fungal strains on MM supplemented with BHET after 5 days of incubation 
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polyester degradation was based on microbial growth using the polymers as the sole 

carbon source. From a total of 13 fungal isolates tested, three demonstrated growth on 

PCL and produced discernible clearance zones (#7, #8, #10), while only two isolates 

could utilize PLA emulsion under the same conditions (#8, #10) (Figure 3.1-4). 

 

Figure 3.1-4 Growth of 2 fungal strains on MM supplemented with PLA emulsion after 5 days of 

incubation 

Overall, the strains MM41 (#2), IA2 (#7), MM36 (#8), and BPOP18 (#10) proved 

to be the most promising candidates for the degradation of polyesters, PU, and PE, as 

shown in Table 3.1-1. According to the agar plate screening assays, their consistent 

performance across multiple substrate types suggests a versatile metabolic potential and 

the possible presence of broad-spectrum depolymerizing enzymes. Based on these 

findings, the four strains were selected for identification, and further investigation to 

elucidate their enzymatic systems. 
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Table 3.1-1: Identification of potential PET, PCL, PU, PLA and PE degraders based on screening tests 

Fungal 

isolate 

Growth 

on 

BHET 

Growth 

on PCL 

emulsion 

Growth on 

Impranil 

DLN-SD 

Growth on 

Impranil 

DLN-2077 

Growth on 

Hexadecane 

Growth on 

long-chain 

alkanes 

Growth 

on PLA 

#1-SSB1 + - - - - - - 

#2-

MM41 

+ - - - + + - 

#3-

BPOP17 

+ - - - + + - 

#4-IA1 - - - - + + - 

#5-

BPBP23 

- - - - - - - 

#6-SS1 + - - - - - - 

#7-IA2 + + + + - - - 

#8-

MM36 

+ + + + + + + 

#9-

BPBP22 

+ - - - + - - 

#10-

BPOP18 

+ + + + - - + 

#11-

SJR1 

- - - - + - - 

#12-SS2 + - - - - - - 

#13-

SJR2 

- + - - + + - 

Regarding the identification of the most promising fungal strains, the ITS 

sequences of strains MM41 (#2), IA2 (#7), MM36 (#8), and BPOP18 (#10) were 

aligned to the UNITE database (https://unite.ut.ee/). The ITS sequence of MM36 was 

identical to the ITS sequences of Aspergillus transmontanensis and Aspergillus 

parasiticus and was thus classified as Aspergillus sp. MM36. The ITS sequence of 

https://unite.ut.ee/
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MM41 was identical to the ITS of Penicillium citrinum and was classified as 

Penicillium citrinum MM41. Strains IA2 and BPOP18 were identified as members of 

the Fusarium genus and were further searched against the Fusarium MLST database 

(https://fusarium.mycobank.org/) with an identity threshold of 99.6 % to assign these 

two strains at the species level, as suggested for filamentous fungi (Vu et al., 2019). 

This search classified BPOP18 as F. oxysporum, however, IA2 could not be assigned 

to the species level. Interestingly, Fusarium and Aspergillus species have been 

repeatedly referred in ester-based PU degradation (Khan et al., 2020; Mathur & Prasad, 

2012; Zafar et al., 2013), with the latter to be also mentioned as a promising candidate 

for LDPE breakdown (DSouza et al., 2021; El-Sayed et al., 2021; J. Zhang, Gao, et al., 

2020), implying that these genera possess enzymes which are worth being studied and 

utilized against recalcitrant polymer breakdown.  

Among all isolates examined, F. oxysporum BPOP18, and Fusarium sp. IA2 will 

be further tested for their potential in polyester degradation, as it demonstrated robust 

growth on most of the polymeric and model carbon sources tested, except for lcAlk. 

Conversely, Aspergillus sp. MM36 displayed a unique metabolic capacity, showing 

ability to grow on all screening tests and especially on lcAlk mixture. Owing to their 

distinct degradation profiles, all the three strains were selected for subsequent studies 

aimed at elucidating their enzymatic machinery through integrated multi-omic 

analyses. 

3.1.5 Screening of fungal cultures on virgin PS under static conditions 

A. biennis LGAM 436 was able to grow on both PS and EPS foam, regardless of 

whether OOMW was added to the culture medium. The ability of the fungus to grow 

on PS materials was further supported by evidence of PS degradation, which was 

subsequently confirmed through proteomic analyses that identified potential enzymes 

involved in the degradation process (Figure 3.1-5). 

 

Figure 3.1-5 Growth of A. biennis LGAM 436 on MM supplemented with PS film after 20 days of 

incubation 

https://fusarium.mycobank.org/
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3.2  Fungal secretome as biocatalyst for plastic downgrade  

The induction of enzyme expression represented the next stage of this study. 

Preliminary induction experiments employing BHET as the sole substrate did not lead 

to the discovery of new enzymes with robust PET-hydrolyzing activity. This limitation 

can be attributed to the substrate specificity of many known BHETases, which exhibit 

high activity toward the PET-derived oligomer but display only limited or inconsistent 

activity on intact PET, whose higher molecular weight and crystalline domains pose 

substantial steric and energetic barriers to enzymatic attack (A. Li et al., 2023). As a 

result, BHET alone may not effectively induce or reveal enzymes capable of acting on 

the full polymer structure. 

To overcome these constraints, more complex polymeric inducers were 

considered. Among them, Impranil, the polyester-polyurethane dispersion, has 

demonstrated the capacity to stimulate the production of a wider range of polyesterases, 

including enzymes active against diverse substrates such as PCL, PLA, and PET 

(Werner et al., 2021). Accordingly, screening with Impranil provides a broader and 

more representative approach for uncovering enzymes with versatile polyester-

degrading potential and greater applicability in biotechnological contexts. For these 

reasons, in the following experiments Impranil was employed as an inducer for 

polyesterase activity. 

 

3.2.1 Evaluation of PU degradation using fungal secretomes induced in 

presence of Impranil DLN-SD 

To evaluate the optimal point, where fungal strains show an increased enzyme 

expression towards Impranil breakdown, a time course experiment took place. Under 

these conditions, Impranil degradation was correlated with the enzymatic activity in the 

culture supernatant, providing some evidence about the enzymes induced in presence 

of Impranil. In this study, the esterase activity was monitored during cultivation time, 

as esterases are predominant in ester-based PU degradation (J. Liu et al., 2021), 

hydrolyzing ester, and in some cases also urethane linkage (Santerre et al., 1994; Smith 

et al., 1987), releasing an amine, an alcohol and a molecule of carbon dioxide (Magnin 

et al., 2020).  

As shown in Figure 3.2-1, the esterase activity in F. oxysporum BPOP18 and 

Aspergillus sp. MM36 culture supernatant peaked after 72 h of induction, almost 
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reaching 4 and 2.4 U/mg protein, respectively. Concerning Fusarium sp. IA2, the 

esterase activity also peaked at the same point exceeding 1.4 U/mg protein.  

 

Figure 3.2-1 Esterase activity (U /mg protein) in the supernatant of F. oxysporum BPOP18 (black 

circles), Fusarium sp. IA2 (black squares), and Aspergillus sp. MM36 (black diamonds) induced by 

Impranil during 5 days of incubation. 

 

Even though Fusarium sp. IA2, Aspergillus sp. MM36 and F. oxysporum BPOP18 

were identified as putative ester-based PU degraders, Impranil degradation does not 

confirm urethane bond hydrolysis, as ester-based PU is more vulnerable to degradation, 

due to the ester rather than the urethane bond cleavage (Akutsu et al., 1998; Schmidt et 

al., 2017). For this reason, these strains were subsequently grown in liquid cultures 

using Impranil as the sole carbon source and the extracellular fraction was used as a 

biocatalyst for ether-based PU hydrolysis. 

As shown in Figure 3.2-2, the maximum weight loss and number-average 

molecular mass (ὓ ) decrease observed by Aspergillus sp. MM36 secretome was 5.2 

and 4.8 %, respectively. On the other hand, even better results were achieved when PU 

powder was treated with the extracellular fraction from Fusarium strains. More 

specifically, the enzymes secreted by Fusarium sp. IA2 and F. oxysporum BPOP18, 

reduced PU weight by 13.5 and 9.0 %, while ὓ  decreased by 5.5, and 7.2 % 

respectively (Figure 3.2-2). In case of F. oxysporum BPOP18 increased esterase 

activities coincide with the maximum degradation yields recorded (Figure 3.2-1), 

whereas in case of Fusarium sp. IA2 the maximum weight loss was measured after 

treating PU powder with the culture supernatant obtained after 48 h of growth (Figure 
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3.2-1, Figure 3.2-2A). That might indicate that the enzymatic activity that contributes 

the most to material degradation does not necessarily correspond to an ester-cleaving 

one.  

 

Figure 3.2-2 Weight loss (%) (A) and ╜▪ decrease (B) of PU powder after using the fungal secretomes 
as biocatalysts during the time course experiment. The dark grey, light grey, and white bars correspond 

to F. oxysporum BPOP18, Fusarium sp. IA2, and Aspergillus sp. MM36, respectively. 

 

Based on the degradation yields mentioned above, both Fusarium strains were 

proved to have higher depolymerizing potential in PU degradation, therefore 

Aspergillus sp. MM36 was not studied further. However, considering that weight loss 

measurement and ὓ  decrease were similar in Fusarium strains, the culture 

supernatants were concentrated, so they get higher, but also similar protein content 

(Appendix Table 1), increasing in this way the chances of succeeding higher 

degradation yields and better comparing the two secretomesô potential. The results 

presented in Figure 3.2-3, prove that the esterolytic activity of Fusarium sp. IA2 

accompanied by weight loss and ὓ  decrease fluctuates at the same levels, as those 

observed before the concentration of the extracellular fraction, although the protein 

content is now higher.  
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Figure 3.2-3 A. Esterase activity (U/mg protein) in the supernatant of F. oxysporum BPOP18 (black 

circles), and Fusarium sp. IA2 (black squares) after culture supernatant concentration B. Weight loss of 

PU powder after treatment with the fungal secretomes during the time course experiment with the 

concentrated culture supernatants. The dark grey and light grey bars correspond to F. oxysporum 

BPOP18, Fusarium sp. IA2, respectively. 

 

More specifically, the maximum esterase activity did not exceed 1.3 U/mg protein 

and it was detected after 48 h of incubation when at the same time the weight loss of 

PU powder decreased by 9.1 %. Regarding the ὓ , the maximum recorded reduction 

was 8.2 %, and it was observed after using the secretome of 72 h (Table 3.2-1). On the 

contrary, the esterase activity in the extracellular fraction of the F. oxysporum BPOP18 

increased by 1.4-fold after concentration, almost reaching 5.6 U/mg protein after 72 h. 

At the same time point, polymer weight and molecular weight decrease were 

maximized, as they were reduced by 24.5 (Figure 3.2-3B) and 20.4 % (Table 3.2-1), 

respectively. 
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Table 3.2-1 % ╜▪ and ╜◌ decrease after treating PU powder with the concentrated extracellular fraction of 
each time point 

F. oxysporum BPOP18 Fusarium sp. IA2 

% ὓ   decrease % ὓ   decrease % ὓ   decrease % ὓ   decrease 

0.0 Ñ 0.0 0.0 Ñ 0.0 0 Ñ 0.0 0.0 Ñ 0.0 

0.3 Ñ 0.0 0.2 Ñ 0.0 0.7 Ñ 0.1 0.4 Ñ 0.1 

9.2 Ñ 0.0 4.5 Ñ 0.3 3.9 Ñ 0.0 3.1 Ñ 0.2 

20.4 Ñ 1.6 9.3 Ñ 1.0 8.2 Ñ 1.0 4.2 Ñ 0.8 

5.2 Ñ 0.9 5.5 Ñ 0.3 2.8 Ñ 0.4 2.3 Ñ 0.3 

1.1 Ñ 0.4 6.5 Ñ 0.8 0.2 Ñ 0.0 0.8 Ñ 0.2 

 

  Interestingly, the degradation results accompanied by enzyme assay data 

provide an assumption about the enzymes induced in presence of Impranil, which 

probably differ between the Fusarium strains. After concentrating the culture 

supernatant of F. oxysporum BPOP18, the esterolytic activity was increased and also 

coincided in time with maximum PU degradation yield.  On the contrary, in the case of 

Fusarium sp. IA2, the highest esterolytic activity measured in the concentrated culture 

supernatant is 4-fold lower when compared to those of F. oxysporum BPOP18, so it can 

be probably inferred that PU breakdown is not only a result of esterase activity, but 

more enzymes could synergistically act towards PU degradation. Therefore, the low 

esterase activity assay by itself does not provide enough evidence for underestimating 

esterasesô action, as p-nitrophenyl butyrate is used to detect mostly cutinases, while 

lipases preferentially hydrolyze acyl esters with >10 carbon atoms (M. Liu et al., 2019). 

In any case, these different responses between the Fusarium strains can be of high 

interest, so the secreted enzymes of both strains in presence of Impranil were identified 

by proteomics analysis. These strain-specific differences in enzymatic response to 

Impranil are of considerable interest and warrant deeper investigation. Although both 

secretomes were subjected to proteomic analysis, the superior degradation performance 

and higher esterolytic activity exhibited by F. oxysporum BPOP18 identified it as the 

most promising candidate, with potential activity toward a broader spectrum of 
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polyester substrates. Based on the esterase activity profiles obtained at regular intervals 

(Figure 3.2-1, Figure 3.2-3) and the PU properties measured following enzymatic 

treatment (Figure 3.2-2, Figure 3.2-3), two time points were selected for harvesting 

the mycelia and culture media: 40 hours (t ) and 66 hours (t ). The first time-point (t ) 

was selected to study the early response of the fungus to the polyester-based Impranil, 

while the secreted proteins at the second time-point (t ) are expected to act on the 

polyether-based polyurethane. 

 

3.2.2 Downgrade of LDPE using the secretome of Aspergillus sp. MM36 

The secretome of Aspergillus sp. MM36 induced by its cultivation in MM/lcAlk 

growth medium was used for LDPE breakdown, as it has been previously reported that 

alkane degradation genes are induced only in presence of hydrocarbons with long 

carbon chain (>C22) (Rojo, 2009a; W. Wang & Shao, 2013). After 4 days of incubation, 

the LDPE powder was analyzed using FT-IR spectroscopy to detect any modifications 

in the molecular structure (Figure 3.2-4, Appendix Figure 1).  
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Figure 3.2-4 ATR-FTIR spectrum of virgin LDPE powder (A) and LDPE powder after treatment with 

the secretome of Aspergillus sp. MM36, when grown in presence of lcAlk for 2 days (B), and C16 (C) or 

lcAlk (D) for 3 days, respectively. 

 

The spectra from virgin PE and PE powder treated with the supernatant of 

Aspergillus sp. MM36 showed absorptions at 2919 and 1462 cmī1 corresponding to 

CH2 stretching vibrations and C-H bending deformations respectively (Gulmine et al., 

2002), and their presence is typical in alkanes (Raghavan & Torma, 1992).  

At the same time, the spectrum of PE powder, when treated with the culture 

supernatant of fungus grown on MM/lcAlk solution, is significantly different compared 

to those previously described. More specifically, the broad, stretching vibration peak 

between 3200 - 3600 cm-1 confirms the presence of oxidized moieties containing -OH 

groups for alcohols/phenols (F. Dai et al., 2023; Georgiopoulou et al., 2021), which are 

typical degradation products for polyolefins.  The C-O stretching frequencies ranging 

from 1072-1300 cm-1 indicate biodeterioration (Ghatge et al., 2020; Satlewal et al., 

2008), which is the first step of the PE degradation mechanism with the following steps 

of bio-fragmentation, bio-assimilation, and mineralization (Dey et al., 2020; Mohanan 

et al., 2020). More precisely, the peak at 1210 cmī1 corresponds to the C-O stretching 
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due to the formation of acyl groups, while the peaks at 1070 cmī1 are attributed to the 

C-O in the formed alkoxy groups. The formation of the alkoxy groups can be related to 

hydroxylation thus providing evidence for PE oxidative degradation. Besides, The C-

O formation could also be attributed to the stabilization of peroxy radicals; although 

hydroperoxides, which are products of the oxidative degradation of PE, decompose 

leading to the formation of hydroxyl groups and carbonyl groups or radicals (Peixoto 

et al., 2017). However, during PE biodeterioration, the carbonyl groups (1715-1740 cm-

1) are also expected to be formed during biodeterioration mainly due to oxidation by 

abiotic factors (e.g., physical and chemical treatment) (Balasubramanian et al., 2014). 

The strong absorbance intensity of the C=C double bond at 818 cm-1, (Ghatge et al., 

2020) monitored in the MM/lcAlk spectrum, is also related to PE biodeterioration 

(Esmaeili et al., 2014) and indicates chain scission (Peixoto et al., 2017). Treating 

LDPE with Aspergillus sp. MM36 secretome, induced by its cultivation in MM/lcAlk 

growth medium, resulted in significantly different spectra, providing a strong indication 

of the molecular structure modifications, attributed to biodeterioration.  

To select optimal time points for proteomics analyses, intensity ratios between the 

characteristic peaks of LDPE and newly formed peaks were calculated from the ATR-

FTIR spectra (Figure 3.2-4). Specifically, the peaks at 2919 cm ĭ and 1462 cm ĭ were 

selected due to their typical presence in untreated LDPE (Kovács et al., 2021). 

Concurrently, the peak at 1210 cm ĭ that corresponds to CïO stretching, an indicative 

sign of acyl groups formation, was selected as it can be correlated with LDPE 

functionalization. As presented in Table 3.2-2, the calculated ratios between the 

characteristic peaks at 1462 cm ĭ and 2919 cm ĭ remain nearly constant under all tested 

conditions fluctuating from 0.30-0.37. On the other hand, the ratio between the peaks 

at 1210 cm ĭ and 2919 cm ĭ increases progressively, reaching the maximum value when 

treating LDPE with the lcAlk_3d secretome (Table 3.2-2). Moreover, this specific 

intensity ratio is 2.3-fold higher when compared to the C16_3d condition, marking the 

highest difference between lcAlk and C16 during this time-course experiment. This 

significant difference suggests that the lcAlk_3d secretome can be possibly enriched 

with different and/or more abundant LDPE-converting enzymes. Another noteworthy 

point is that the lcAlk_2d secretome, which was also selected for further analysis, 

exhibited significantly lower intensity ratios between the peaks at 1210 cm ĭ and 2919 

cm ĭ compared to the lcAlk_3d secretome (3.5-fold lower intensity ratio), suggesting 

that the microorganism has been better adapted towards lcAlk breakdown after 3 days. 
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These preliminary findings indicate that lcAlk_3d secretome could contain proteins 

associated with LDPE functionalization. This contrasts with the lcAlk_2d and C16_3d 

secretomes, which were utilized as comparative proxies in the subsequent differential 

analysis. 

Table 3.2-2 Calculated intensity ratios between characteristic PE peaks and newly formed on 

ATR-FTIR spectra 

Sample 
Intensity ratio 

 1462 cm ĭ / 2919 cm ĭ 

Intensity ratio 

 1210 cm ĭ / 2919 cm ĭ 

Control 0.35 0.07 

lcAlk_1d 0.36 0.11 

lcAlk_2d 0.31 0.17 

lcAlk_3d 0.31 0.59 

lcAlk_4d 0.31 0.39 

C16_1d 0.37 0.13 

C16_2d 0.35 0.08 

C16_3d 0.30 0.26 

C16_4d 0.31 0.48 

 

3.2.3  Downgrade of PS and EPS foam during incubation with A. biennis 

LGAM 436 

During culture growth, laccase and LiP activities were measured to gain insight into 

the A. biennis response in presence of PS. Insoluble materials such as natural or synthetic 

polymers cannot directly trigger the induction of depolymerizing enzymes, therefore, 

several studies are using elicitors or inducers to activate microbial enzyme machinery 

(H. Liao et al., 2014; Ogunmolu et al., 2018; Taxeidis et al., 2023). For this reason, 

OOMW was also added in some cases, aiming at inducing the expression of oxidative 

enzymes (Zerva et al., 2017); activities that are expected to direct the basidiomycete 

towards PS degradation.  

In terms of enzyme expression, LiP activity was not detected in any of the conditions 

studied. This is in accordance with our previous findings (Zerva et al., 2023), where A. 

biennis showed no detectable LiP activity during growth on corn stover, with laccases 

being the primary enzymes expressed. Similarly, when PS films were incubated with A. 

biennis, only laccase activity was detected, following the same pattern in both presence 
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and absence of OOMW. More specifically, the laccase activity was maximized after 20 

days of cultivation in all conditions tested (Figure 3.2-5A), with OOMW increasing 

enzyme expression by 2.7-fold, reaching almost 1000 mUnits/mL of extracted enzyme. 

The enzymatic activity observed after 10 days of cultivation in all conditions tested was 

significantly lower, likely indicating that the microorganism was initially adapting to the 

less nutrient-enriched MM, which contained only inorganic salts and no other added 

carbon other than polystyrene. Following this period, oxidative activity increased, but 

after 30 days, expression levels were similar to those measured in the beginning of 

culture. This suggests that the microorganism may have entered the death phase or the 

cells focusing on assimilating the oxidized compounds.  

When commercial EPS foam was incubated with the basidiomycete (Figure 3.2-5B), 

the enzymatic activity measured was much lower compared to PS film. In the case of 

EPS foam, maximum enzyme activity was observed after 10 days of cultivation, 

followed by a decline at 20 days; after which the activity fluctuated at the same levels 

through 30 days. The only exception to this pattern was observed in the case of EPS foam 

supplemented with OOMW, where enzymatic activity, although remaining low, 

gradually increased over the cultivation period. However, analyzing all the experimental 

datasets, the maximum activity measured is not as high as expected, given OOMW's 

known potential to induce oxidoreductase activity. The reduced enzymatic activity 

observed in EPS foam can be attributed to several factors, primarily its thickness. In 

contrast to the thin polystyrene film (0.1 mm), the thicker EPS foam (0.5 cm), hinders 

effective contact between the basidiomycete and the medium, delaying fungal growth 

and resulting in lower protein extraction after cultivation. Additionally, the penetration 

of fungal hyphae into the structure of EPS foam may cause protein entrapment within 

the sample, further reducing extraction yields from the medium. 
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Figure 3.2-5 Laccase activity (mUnits/mL of extracted enzyme) measured when A. biennis grew in 

presence of PS film (A) and EPS foam (B) over a period of 30 days. In some cases, OOMW was also 

added to boost protein expression towards phenolic-rich substrates. Standard deviation (SD) results 

were obtained from 3 biological replicates, each with 2 technical replicates. 

 

Comparing the activity results to other basidiomycetes mentioned in the literature, it 

can be concluded that laccases are commonly expressed in white- and brown-rot fungi 

such as P. chrysosporium, P. abolenes and A. bisporus, when grown in the presence of 

PS polymer (Hock et al., 2019; F. Wu et al., 2023). This fact was expected, since laccases 

are among the most important lignin-active enzymes expressed by basidiomycetes 

(Janusz et al., 2020). Another significant observation is that in the presence of PS or 

similar structures, like PS sulfonate, the basidiomycetes P. chrysosporium and Trametes 

hirsuta additionally secrete lignin-modifying enzymes such as LiP and MnP (Krueger et 

al., 2015; F. Wu et al., 2023), whereas, in our case, A. biennis is largely dependent on 

laccase activity (Zerva et al., 2023). 

At each interval, apart from enzyme activities, PS breakdown was assessed by first 

examining surface modifications, as these provide key indicators of the ongoing 

degradation process. EPS samples were not subjected to surface analysis, as fungal 

hyphae had penetrated the pores of the EPS foam material, which would have resulted 

in misleading results related to fungal biomass. More specifically, the surface of the PS 

films revealed substantial modifications upon 20- and 30- daysô treatments (Figure 

3.2-6a and Figure 3.2-6b). Samples removed after 10 days of cultivation were not 

analyzed, as the low enzymatic activity and limited biomass growth during this time 
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were not expected to yield significant results. The preliminary insights into the surface 

morphology of untreated and degraded PS films (Figure 3.2-6a) were achieved by 

optical microscopy. Surface deterioration and fissures are the initial and important 

indicators of polymer degradation, especially when it comes to microbial degradation, 

which mainly occurs through the surface erosion mechanism. From the micrographs 

presented in Figure 3.2-6, the surface erosion was visible by less pronounced marks 

from the extrusion process and quite clearly visible for the PS film when culture was 

supplemented with OOMW after 30 days of incubation, where sanded-like morphology 

was also observed (Figure 3.2-6a, C2).  

 

Figure 3.2-6 (a) Surface morphology and (b) 3D-AFM images of untreated PS film (A) and treated 

films after 20 days (B1) and 30 days (C1) of incubation. The surface morphology and AFM images of 

PS films from cultures supplemented with OOMW after 20 (B2) and 30 (C2) days of incubation is also 

shown. The inserted calculated RMS values were calculated based on equation (1); Values are 

presented as means Ñ standard deviation (SD) of three different points on the surface of the recorded 

PS films (n = 3). 

 

However, the more precise morphological changes of degraded PS samples were 

identified by AFM analysis (Figure 3.2-6b). Observation of untreated PS film revealed 

a relatively plane surface with few beads, as indicated by the light-yellow areas, which 

point to higher regions on the surface. After microbial treatment, the surface of PS films 

was significantly modified based on the calculated RMS. More specifically, in the 

presence of OOMW after 20 days of cultivation (Figure 3.2-6b, C1), holes and fissures 

were formed on the PS surface, while with prolonged time of exposure, the surface was 

quite eroded, which is in accordance with other literature reports (Taghavi et al., 2021).  

Regarding the RMS values (Figure 3.2-6), the surface roughness decreased 

significantly after 20 days of cultivation, showing a 38 % reduction after 30 days. This 

observation can also be supported by Debela et al., who noted that the filmôs surface 

becomes smoother due to microbial degradation (Debela et al., 2022). When correlating 
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the PS surface modification results with the oxidative enzyme activity described earlier, 

it is clear that the high levels of laccase expressed after 20 days of cultivation caused 

the most significant damage to the PS films. The decline in enzyme activity after 30 

days corresponds with the RMS results, as no significant changes were observed 

beyond 20 days of incubation. 

The FT-IR spectra of the control and treated samples were used to confirm the 

microbial degradation of the PS film. For the reasons mentioned before, EPS samples 

were not subjected to ATR analysis in this case either. Concerning the PS film spectra 

obtained, the recorded peaks were typical for PS. More specifically, characteristic peaks 

at 695 cmī1 and 752 cmī1 correspond to aromatic CïH bond, while peaks at 1450, 1492, 

and 1600 cmī1 indicate aromatic C=C bond stretching vibrations of the benzene ring 

(Figure 3.2-7). Furthermore, peaks at 2849 and 2919 cmī1 cɞrrespond to aliphatic Cï

H bond (H. R. Kim et al., 2024; Nayanathara et al., 2018).  

Analyzing the spectra, it was evident that the peak at 695 cmḍ1 underwent the most 

substantial intensity decrease, especially in PS samples removed from cultures 

supplemented with OOMW. In more detail, the peak intensity attributed to aromatic Cï

H bond decreased by 22 %, 48 %, and 61 %, after 10, 20 and 30 days, respectively, 

which is again consistent with laccase expression (Figure 3.2-5). Similarly, the peak 

intensity in cultures without OOMW had maximum decrease up to 20 %, just after 30 

days of incubation.  
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Figure 3.2-7 ATR-FTIR spectra of (A) untreated PS, and (B) PS samples incubated with A. biennis 

LGAM 436 for 10 (dark green line), 20 (red line), and 30 days (blue line). (C) Spectra of PS films from 

cultures supplemented with OOMW are also presented. The peak at 695 cm ĭ, corresponding to the 

aromatic CïH bond, is highlighted due to its significant decrease in intensity. (D1, D2) The intensity of 

PS samples between 1800 and 1540 cm ĭ is also shown in magnification. 

 

To better interpret the results, the CI was calculated (Arráez et al., 2019). As shown 

in Figure 3.2-7D1, 24D2, the absorbance at 1667 cmī1 is increased when compared to 

the untreated sample, a peak which corresponds to the formation of carbonyl groups 

due to oxidative modification (Nayanathara et al., 2018). Similar findings were also 

observed in our previous study (Zerva et al., 2023), as a new peak appeared slightly 

displaced at 1656 cmī1 after enzymatic action. Considering the CI, this showed only a 

modest increase (1.1-fold) after 10 days and then remained unchanged throughout the 
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remaining 20 days, irrespective of the presence of OOMW (Figure 3.2-8). This 

suggests that mycelial growth leads to the formation of carbonyl-containing 

intermediates, already from the first days of incubation, with no significant changes 

afterward. This could indicate that the microorganismôs ability to degrade PS is limited 

or that the oxidation process is primarily surface-level and slows down over time. 

 

Figure 3.2-8 Carbonyl index of PS film when incubated with A. biennis in presence (dashed line) or 

absence (solid line) of OOMW after 10, 20, and 30 days. 

The molecular weight of PS samples was measured at each point to assess the 

extent of degradation. GPC analysis of the PS film showed that ὓ , ὓ  and ὓ  

remained unchanged during the first 20 days of cultivation. However, after 30 days, all 

three values decreased by approximately 10% (Figure 3.2-9, Table 3.2-3), indicating 

a shift in the molecular weight distribution (MWD) towards lower molecular weights. 

This suggests that chain scission occurs throughout the polymer sample, with the 

expressed enzymes acting uniformly across the MWD, rather than selectively targeting 

the smallest or largest chains. This uniform action across the polymer chains also 

explains the lack of change in the Polydispersity Index (PDI). Notably, the molecular 

weights decreased by similar levels in both the presence and absence of OOMW, 

indicating that OOMW did not significantly enhance polymer downgrade. By 

correlating molecular weight results with the other measurements presented earlier 

(Figure 1-3), we can conclude that there is a delay between the peak enzyme expression 

and the reduction in PS molecular weight. High titers of laccase measured after 20 days 
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of cultivation resulted in a delayed molecular weight decrease just after 30 days, 

suggesting that oxidative modifications require more time to manifest in a measurable 

reduction in molecular weight. 

 

Table 3.2-3 Number average molecular weight (ὓ ) and weight average molecular weight (ὓ ) of PS film (A) and 

commercial EPS foam (B) during 30 days of cultivation 

(A) PS film 

Incubation time 

(days) 
Sample ὓ  (g/mol) ὓ   (g/mol) 

0 Untreated PS film 103027 214076 

10 
PS film 102131 ± 2185 211614 ± 2526 

PS film + OOMW 103833 ± 1188 213127 ± 798 

20 
PS film 105378 ± 921 215930 ± 1204 

PS film + OOMW 104752 ± 993 213165 ± 857 

30 
PS film 89775 ± 925 187975 ± 1583 

PS film + OOMW 91521 ± 3230 192812 ± 5074 

(B) EPS foam 

0 Untreated EPS foam 131854 242652 

10 
EPS foam 113794 ± 2081 234938 ± 1280 

EPS foam + OOMW 112980 ± 1504 232503 ± 430 

20 
EPS foam 109942 ± 2265 232003 ± 1728 

EPS foam + OOMW 106344 ± 1034 225233 ± 1386 

30 
EPS foam 110251 ± 724 233114 ± 2761 

EPS foam + OOMW 110316 ± 1035 232588 ± 371 

 

For the treated EPS foam,  ὓ  and ὓ  decreased by 13.7 and 3.2%, respectively, 

after just 10 days of cultivation, with no significant changes during the remaining 

incubation period, indicating that degradation ceased beyond this point (Table 3.2-3). 

The maximum reduction in ὓ , reaching 19 %, occurred after 20 days in the EPS 

sample supplemented with OOMW, whereas the maximum reduction in ὓ  was 

similar in both the presence and absence of OOMW, reaching 4.4%, also after 20 days 

of incubation (Figure 3.2-9). Regarding ὓ , OOMW appeared to enhance the cleavage 

of the longest polymer chains, as a 1.4% reduction was observed as early as 10 days in 

the OOMW-supplemented sample, while the maximum reduction (4.3 %) was recorded 

after 20 days, also in the EPS sample with OOMW supplementation (Table 3.2-3). 

Finaly, following the same pattern recorded in the PS film experiment, the maximum 
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molecular weight decrease of EPS foam was delayed compared to the day that the 

maximum enzyme activity was observed. 

These combined values suggest that in case of EPS, the downgrade process is not 

uniform across all polymer chains. Instead, it is preferentially affecting the smaller 

chains, with the longer, heavier chains been less affected, leading to a broader 

molecular weight distribution and a more heterogeneous sample (Figure 3.2-9C, 

Figure 3.2-9D). When comparing PS and EPS forms, it becomes clear that EPS is more 

readily impacted, but through a different mechanism. The pattern observed in EPS foam 

suggests that this material has more accessible, less-entangled polymer chains, while 

the longer, more entangled chains are more resistant to microbial attack. Over time, the 

sample shows increasing fragmentation, though the larger molecular weight chains 

degrade more slowly. This finding is particularly significant given that EPS foam is a 

major waste product, widely used in packaging and insulation, with very low recycling 

rates (Hidalgo-Crespo et al., 2022). The ability to downgrade EPS foam, even partially, 

not only highlights a promising pathway for waste management but also underscores 

the potential of fungal enzymes in addressing the challenging environmental issue.  

Considering other research studies, Wu et al., showed that the white rot fungus P. 

chrysosporium significantly degraded PS films when grown on low-carbon Potato 

Dextrose Agar plates. After 35 days of incubation at 30°C, the fungus reduced both the 

weight and molecular weight of the films by up to 20% and 33%, respectively. 

Additionally, as in our case, the PS film spectra revealed new peaks corresponding to 

hydroxyl and carbonyl groups, which increased the hydrophilicity of the material (F. 

Wu et al., 2023). The observed differences in the effect of P. chrysosporium on PS may 

be attributed to the different enzymatic machinery possessed by this fungus, but also to 

the fact that the growth medium used in their study boosted microorganism growth and 

enhanced response compared to the MM used in our experiment. 
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Figure 3.2-9 GPC chromatograms of (A) PS film, and (B) EPS foam incubated with A. biennis LGAM 

436 for 30 days and 20 days, respectively. Molecular Weight Distribution (MWD) of (C) PS film after 

30 days and (D) EPS foam after 20 days.  Untreated materials are shown with dashed lines, while 

treated PS and EPS materials are shown with black, solid lines. PS and EPS molecular weight from 

cultures supplemented with OOMW are shown with red solid lines. 

Regarding mass loss, the weight reduction of PS films across different samples 

showed large SD, while fungal hyphae had penetrated the pores of the EPS foam 

material. These factors collectively limited our ability to draw reliable conclusions from 

the weight loss measurements. 

 

3.3  Secretome analysis of potential plastic degraders 

After developing a novel screening method and confirming the depolymerizing 

potential of fungal secretome, the secreted proteins in presence of the inducers were 

identified. Secreted protein identification can lead to the discovery of important 

enzymes, making incremental progress toward plastic waste valorization, following 

effective green technologies.  
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3.3.1 Comparison of F. oxysporum secretomes for polyester degradation 

The secreted proteins revealed in presence of Impranil by the proteomics analysis 

were analyzed against known Fusarium proteomes. To choose a suitable proteome for 

Fusarium sp. IA2 all non-redundant Fusarium proteomes were downloaded from 

UniProt and the LC-MS/MS data of IA2 were searched against them with MaxQuant. 

The proteome of F. oxysporum f. sp. narcissi (UP000290540, 20595 sequences) resulted 

in the highest identification rate on the PSM and protein level. Moreover, this proteome 

was also among the best-matching ones for the F. oxysporum BPOP18 sample, so both 

Fusarium secretomes induced in presence of Impranil were searched against 

UP000290540. 

  Specifically, in the secretome of F. oxysporum BPOP18, 292 proteins were 

detected, from which 176 (60 %) were classified as extracellular and 17 (6 %) as 

membrane-bound. As Impranil degradation takes place extracellularly, the analysis 

mainly focused on the secreted proteins, in which several hydrolases such as lipases, 

cutinases, acetylesterases, carboxypeptidases, peptide hydrolases, and oxidoreductases 

were detected, and their role has been already associated with PU degradation (Magnin 

et al., 2020; Nikolaivits et al., 2021). Among the enzymes detected, a protease, a 

hydrolase, and 6 oxidoreductases belong to the 10 most abundant proteins. As mentioned 

in a similar study conducted by Zhang et al. (2022), the transcriptomic analysis in a 

Cladosporium halotolerans strain, revealed that the upregulated expressed genes in 

presence of Impranil DLN also encode cutinases, peroxidases, lipases, and hydrophobic 

surface binding proteins, with the latter possibly absorbed to hydrophobic Impranil 

forming complexes with the other hydrolases mentioned. Among the 25 oxidoreductive 

enzymes, which were identified in our case study, several peroxidases and tyrosinases 

are included, nevertheless, especially for tyrosinases, we assumed that their role in 

Impranil degradation can be supplementary since this enzyme mainly oxidizes phenolic 

compounds. However, concerning the virgin PU, these enzymes can modify its structure, 

as a previous report describes a laccase-mediated system from T. versicolor, which can 

degrade different PU materials by forming carbonyl groups (Magnin et al., 2021). 

Regarding the secretome of Fusarium sp. IA2, the analysis detected 70 proteins in 

total, from which 52 (74 %) were predicted to be extracellular or membrane-bound. 

Interestingly, 3 cutinases, a lipase, and a peptide hydrolase belong among the 10 most 

abundant detected enzymes. At this point, it is worth mentioning that proteases form 
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the largest group of the secreted enzymes, which is consisted of serine-type or metallo-

proteases with endo- and exo- activity (Ozsagiroglu et al., 2012; Skleniļkov§ et al., 

2020). Regarding the enzymes with esterolytic activity, only 7 were detected in the 

fungal secretome and were identified as cutinases, lipases, and carboxyl ester 

hydrolases.  

Surprisingly, in both Fusarium secretomes, proteases are dominant compared to the 

other enzymes identified (Figure 3.3-1). This discovery is of high significance since 

the detection of protease activity in culture mediums supplemented with a polyester-

polyurethane dispersion, such as Impranil DLN is not so frequently reported (Álvarez-

Barragán et al., 2016; Khruengsai et al., 2022; K. Zhang et al., 2022), even though 

proteases are referred to be more effective than esterases in PU degradation 

(Skleniļkov§ et al., 2020). In any case, the large number of the detected proteases can 

be justified, if we consider that the main product of the urethane bond hydrolysis after 

esterase or protease action is an amine (Magnin et al., 2020), so the secretion of 

enzymes with proteolytic activity is expected to be induced.   

 

Figure 3.3-1 Comparative analysis of the secreted enzymes in presence of Impranil in F. oxysporum 

BPOP18 (A) and Fusarium sp. IA2 (B).   

 

Overall, based on the enzymatic activities induced in presence of Impranil, it can 

be assumed that ether-based PU degradation, was caused after urethane bond cleavage. 

Simultaneously, the same enzymatic activities can degrade ester-based PU and the 

intermediate products can be subsequently utilized, providing a carbon source 

necessary for fungal growth. The esterase activity in Fusarium sp. IA2 culture 
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supernatant was not as high as in the case of F. oxysporum BPOP18, a fact which is 

also justified by the proteomics analysis, since proteases form the largest group in 

Fusarium sp. IA2 secretome. However, this does not necessarily mean that the PU 

degradation mechanism between these two Fusarium species substantially differs, as it 

seems that in any case, the complete degradation demands an enzymatic mixture, 

consisting of both esterases and proteases. Nevertheless, F. oxysporum BPOP18 was 

further selected for differential protein expression in order to identify potential 

biocatalysts for heterologous expression, as its higher esterase activity renders it a more 

suitable candidate with potential applications in the degradation of a wider range of 

polyesters.  

Regarding the differential protein expression of F. oxysporum BPOP18 grown in 

MM and Impranil® DLN-SD, samples collected after 40 and 66 hours of incubation 

were subjected to LCïMS/MS analysis. The 66-hour samples yielded slightly greater 

MS/MS spectral information and a higher protein identification rate, although both 

conditions produced comparable numbers of identified peptides.  

In total, 1,086 proteins were identified, of which 58% were predicted to be 

intracellular and 24% extracellular. Many of these proteins were likely involved in 

intracellular processes, such as ribosomal proteins and histones, possibly due to cell 

lysis during sample preparation (Bengtsson et al., 2016). Table 3.3-1 displays the 

abundance of various extracellular protein families detected in the secretome in the 

presence of Impranil. Notably, among these proteins, amidases, proteases, esterases, 

and oxidoreductases are enzymes known to have plastic-active members (Nikolaivits 

et al., 2021) 

 

Table 3.3-1 Abundance of extracellular protein families in our experiment and in the genome 

Protein family MS detected In genome % detected 

amidases 4 17 23.53 

esterases 32 127 25.2 

oxidoreductases 40 151 26.49 

proteases 54 159 33.96 

uncharacterized 111 653 17 
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As described above, the most abundant enzyme group, also in this case, was the 

proteases, constituting the highest percentage (33.96%), followed by oxidoreductases 

(33.96%) and esterases (25.2%) compared to the entire genome. On the other hand, 

uncharacterized proteins had the lowest percentage compared to the genome. These 

proteins could not be assigned to any specific protein family and lacked known protein 

domains, suggesting that this group may contain errors in gene models or represent 

novel protein sequences. 

Only 18 proteins were differentially abundant expressed and split equally between 

upregulated and downregulated (Figure 3.3-2). This small number is an indicator that 

the secretomes of these two timepoints have similar protein content and distribution of 

protein abundances.  

 

 

 

Figure 3.3-2 Volcano plot of the DE analysis. X-axis shows the log2 fold change of protein abundances 

between the two timepoints and y-axis the ïlog10 FDR adjusted p-value. With green are proteins with 

imputed group mean in one condition 
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Among the nine proteins that exhibited increased abundance at the 40-hour time 

point, three were identified as esterases (Table 3.3-2). No esterases were upregulated 

at the later time point, suggesting that these enzymes are primarily associated with the 

early response of the fungus to the ester-based Impranil substrate. At 66 hours, the 

differentially abundant proteins included two oxidoreductases and two proteins of 

unknown function (Table 3.3-2). Based on these findings, the selection of potential 

polyether-based PUïdegrading enzymes focused on those induced in the 66-hour 

secretomes, as enzymes active at this later stage are likely responsible for the enhanced 

degradation of polyether-type PU observed in Figure 3.2-3, or on proteins displaying 

consistently high abundance at both time points. Moreover, the identified proteins 

underwent a thorough search for homologs of plastic-active enzymes. Utilizing 

sequences from biochemically characterized plastic-active enzymes obtained from the 

Plastic-Active Enzymes Database (PAZy) (Buchholz et al., 2022), we conducted 

BLAST searches.  

 

Table 3.3-2 F. oxysporum BPOP18 enzymes selected after the differential expression analysis 

proteinId  Protein Class uniprot  Identifie

d 

peptides 

Identified 

PSMs 

theoretical

_trypsin_ 

peptides 

protein

_length 

MS_av

gAbd_t

1 

MS_avgA

bd_t2 

Cutinases 

g011918-R1 

Cutinase 

(FoCut5a) 
A0A2H3GLG6 

10 550 13 230 30,39 23,71 

g005596-R1 Cutinase W9JGM1 6 228 10 265 27,15 27,49 

g013034-R1 Cutinase W9JIS6 7 271 9 221 29,05 27,90 

g011490-R1 Cutinase X0CLG0 11 1223 15 234 33,01 26,80 

Amidases         

g003877-R1 

Intracellular 

amidase 
A0A2H3FXB8 

2 3 36 539 
 

20,97 

g015072-R1 AB hydrolase X0B838 10 225 19 310 26,92 27,68 

g007121-R1 

Neutral 

ceramidase 
X0CRT1 

2 4 40 748 
 

22,05 

g011422-R1 Amidohydrolase X0C5G0 4 44 18 326 24,90 25,82 

g011238-R1 Amidase A0A2H3GFJ3 2 3 34 585 22,41 
 

g003736-R1 

Imidazolonepropi

onase with urease 

domain 

A0A2H3HIC6 

1 1 34 656 24,44 
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Other esterases         

g004028-R1 Esterase (FoFaeC) 
A0A2H3G048 

1 2 25 558 
 

22,73 

g002120-R1 Carboxylesterase X0CRT7 6 28 22 584 25,33 16,44 

g008200-R1 Carboxylesterase X0BK26 9 33 22 600 23,09 24,63 

g005473-R1 Lipase B X0BZR1 3 7 20 467 
 

23,78 

Oxidoreductase         

g003332-R1 Tyrosinase  21 870 35 572 29,93 28,13 

g003744-R1 Tyrosinase  8 75 16 403 26,14 21,41 

g003469-R1 Tyrosinase  5 77 19 392 23,62 25,84 

g007967-R1 AA1_3  5 46 39 659 24,40 24,90 

g011740-R1 AA1_3  3 3 37 658 23,63 22,42 

g006615-R1 Peroxidase AA2  3 17 20 510 23,27 19,88 

g008742-R1 

FAD-linked 

oxidoreductase 
X0D6W6 

14 554 23 505 29,08 28,59 

g015052-R1 

FAD-linked 

oxidoreductase 
X0BR40 

26 692 30 495 29,62 28,34 

g003754-R1 

Intradiol ring-

cleavage 

dioxygenase 

X0CBB1 

3 19 9 370 
 

24,25 

g014040-R1 

Intradiol ring-

cleavage 

dioxygenase 

X0BZE8 

4 65 11 368 22,70 26,59 

Protease         

g015794-R1 Serine protease X0KSJ8 32 1817 34 659 30,78 31,30 

g008692-R1 

Serine 

carboxypeptidase 
X0D5G9 

2 7 27 676   24,44 

g002340-R1 

Secreted aspartic 

endopeptidase 
A0A2H3HTE9 

1 2 15 494 19,11 23,63 

g003039-R1 

Secreted aspartic 

endopeptidase 
A0A2H3GTQ6 

2 34 29 681 22,93 24,57 

g002870-R1 

Secreted aspartic 

endopeptidase X0CUX2 1 9 21 516 23,74 23,16 

g004532-R1 

Peptidase 

M3A/M3B 

A0A2H3HQQ9 

is identical but 

200 aa shorter 8 25 60 950 23,05 24,38 

     

Median Protein 

Intensity 25,78 24,71 
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According to this rationale, cutinase g011918, which was strongly induced during 

the early response to the polyester-based Impranil substrate, was selected as a candidate 

enzyme for the degradation of polyester-type polyurethane. This enzyme corresponds 

to the previously characterized PET-degrading cutinase FoCut5a (Dimarogona et al., 

2015), thus highlighting its potential as a versatile biocatalyst capable of acting on 

various polyester substrates. Moreover, FoCut5a shares 73% protein identity with 

g013034, which was the most abundant enzyme at the 40-hour time point and among 

the most abundant overall. A second cutinase, g011490, also exhibited significant 

sequence similarity to FoCut5a, sharing 67% identity, and was among the most 

abundant proteins detected in the secretome.  

Another enzyme selected for heterologous expression was the esterase g004028, 

detected exclusively in the 66-hour secretome, suggesting its involvement in later 

stages of polymer degradation. This enzyme is a tannase-like feruloyl esterase (FAE) 

previously described in the literature as FoFaeC (Dimarogona et al., 2020; Ferousi et 

al., 2023; Topakas et al., 2003) known to release hydroxycinnamic acids from 

hemicellulose and pectin by hydrolyzing ester bonds linking these acids to L-

arabinofuranose-containing polysaccharides (Topakas et al., 2007). The MHETase 

from Ideonella sakaiensis, the only known MHET-hydrolyzing esterase producing 

terephthalic acid (TPA) and ethylene glycol (Palm et al., 2019), also belongs to the 

FAE-like enzyme family (Knott et al., 2020) and is a structural homolog of FoFaeC,  

with a Z-score of 35.0 and a Root-Mean-Square Deviation (RMSD) of 2.6 ¡.(Ferousi 

et al., 2023). These structural and functional similarities further support g004028 as a 

promising candidate enzyme, as FoFaeC has also demonstrated activity toward other 

polyester substrates. 

Amidases and endopeptidases have been proposed as key enzymes involved in PU 

degradation (J. Liu et al., 2021). Accordingly, one abundant and reliably quantified 

secreted amidase, detected at both time points with multiple peptides, and one 

endopeptidase were selected as potential candidates for this mode of action. In addition, 

a serine protease which was among the most abundant proteins in all Impranil-induced 

secretomes and lacking homology with any previously characterized proteins was also 

selected. Finally, a highly abundant tyrosinase detected at the 66-hour time point was 

included, as members of this enzyme family have recently been reported to exhibit 

etherase activity (Oates et al., 2021). 

 



88 

 

3.3.2 Proteomics analysis of the secreted proteins in presence of lcAlk 

The extracellular fraction of Aspergillus sp. MM36 grown in the presence of MM/C16 

for three days and in presence of lcAlk for two and three days was collected in triplicates and 

subjected to LC-MS/MS analysis. The results were searched together against the proteome 

of Aspergillus transmontanensis (UP000325433, 14,200 sequences) with MaxQuant.  

A total of 20.7 % of the total MS/MS spectra were successfully assigned to peptides 

in the protein database, identifying 5,230 peptides that compiled 1,096 proteins. The 

growth of Aspergillus sp. MM36 in the presence of lcAlk for three days induced the 

richest secretome, which included almost all quantified proteins. Conversely, the 

second day showed the fewest proteins in the secretome. These results indicate a clear 

substrate- and time-dependent pattern of protein secretion, with only about half of the 

proteins being constitutively secreted under all three conditions (Figure 3.3-3).  

 

 

Figure 3.3-3 Venn diagram of protein quantification overlap between substrates 

 

Table 3.3-3 summarizes the abundance of major extracellular protein families in 

the secretomes of Aspergillus sp. MM36 and compares their representation to that 

predicted from the genome. Notably, amidases, proteases, esterases, and 

oxidoreductases were identified., which are known as plastic-active candidates 

(Nikolaivits et al., 2021). midases were the most underrepresented, with only a single 
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member detected in the secretomes, whereas proteases and oxidoreductases were the 

most abundant, a pattern consistent with that observed in the secretomes of F. 

oxysporum BPOP18 (Table 3.3-3). 

 

Table 3.3-3 Abundance of extracellular protein families in Aspergillus sp. MM36 secretomes and in the 

genome 

Protein family  MS detected In genome % detected 

amidases 1 12 8.33 

esterases 26 146 17.81 

oxidoreductases 27 149 18.12 

proteases 28 125 22.40 

uncharacterized 47 363 12.95 

 

Considering the enzymes whose activity can be attributed to lcAlk degradation, 

unspecific peroxygenases (UPOs) can be considered as potential candidates as 

extracellular heme proteins that catalyse various C-H oxyfunctionalization reactions 

using hydrogen peroxide as an oxygen donor (Faiza et al., 2019).  UPOs are classified 

in InterPro as members of the chloroperoxidase protein family (IPR000028) (Paysan-

Lafosse et al., 2023). The genome of Aspergillus sp. MM36 encodes five extracellular 

chloroperoxidases; among these only RU639_007575 was detected in our experiment 

and was induced in lcAlk_3d secretomes. RU639_007575 is a short UPO of 27.5 kDa 

that contains the characteristic PCP (Proline-Cysteine-Proline) amino acid motif for 

heme-binding, as well as the EHD (Glutamate-Histidine-Aspartate) motif. Moreover, 

the proteomics analysis revealed an increased production of four flavin adenine 

dinucleotide (FAD) dependent oxidoreductases; an enzyme which belongs to the AA7 

family of CAZy database (Table 3.3-4). Especially RU639_005614 is differentially 

abundant in lcAlk_3d compared to lcAlk_2d (Table 3.3-4). Another monooxygenase 

of interest is CYP505A3, secreted exclusively in lcAlk_3d. Members of the CYP505 

family of the cytochrome P450 monooxygenases are considered sub-terminal fatty acid 

hydroxylases, while CYP505E3 from A. terreus catalyses also the regioselective in-

chain hydroxylation of C10-C16 n-alkanes (Maseme et al., 2020). 

 

Table 3.3-4 Aspergillus sp. MM36 enzymes detected after the differential expression analysis 

proteinId Protein Class protein_length avgAbd_alk_3d logFC_alk_3d_c16_3d 
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RU639_012907 MCO AA1_3 589 27,66 3,53 

RU639_007412 MCO AA1 593 27,38 1,99 

RU639_007397 FAD binding 

reductase 

384 29,55 3,01 

RU639_005614 FAD oxidase AA7 501 28,55 3,50 

RU639_008204 Cytochrome nitrite 

reductase-like 

448 27,13 2,08 

RU639_006078 FAD oxidase AA7 486 25,90 3,87 

RU639_010859 FMN-binding split 

barrel 

289 25,26 2,74 

RU639_004506 Chloroperoxidase 240 24,43 2,48 

RU639_003644 FAD oxidase AA7 497 24,27 2,29 

RU639_005871 FAD oxidase AA7 502 24,21 1,61 

RU639_000184 Uncharacterized 338 31,59 2,03 

RU639_009399 Uncharacterized 361 29,67 3,40 

RU639_001757 Uncharacterized 154 29,58 2,37 

RU639_003363 Uncharacterized 129 28,80 2,53 

RU639_003650 Uncharacterized 113 28,79 4,40 

 

Another possible explanation for the LDPE modification after its treatment with 

the culture supernatant in presence of lcAlk can be also attributed to reactive oxygen 

species (ROS). Alkane hydroxylases overcome the low chemical reactivity of the 

alkanes by generating reactive oxygen species (ROS) (Rojo, 2009b), a strategy also 

proposed for PE oxidation (Zadjelovic et al., 2022).  Interestingly, a similar mechanism 

of LDPE degradation was also described in the case of the marine bacterium 

Alcanivorax sp., suggesting that several secreted oxidoreductases can generate 

extracellular ROS, although no homology with already characterized superoxide-

generating enzymes was found (Zadjelovic et al., 2022).  The proteome UP000325433 

of A. transmontanensis contains a transmembrane NADPH homologous to an oxidase 

of Aspergillus nidulans able to generate ROS (Lara-Ortíz et al., 2003). As observed not 

only by Zadjelovic et al. but also in our case study, the hypothesis of LDPE oxidation 

by ROS is also strengthened after detecting high induction of three superoxide 

dismutases in lcAlk_3d compared to lcAlk_2d. These enzymes help control ROS 

levels, protecting the fungus from oxidative stress and preventing enzyme inhibition (J. 

Zhang, Hao, et al., 2020).  

In addition, three members of the hydrophobic surface-binding protein A (HsbA) 

family (IPR021054) were identified with comparable abundance across conditions, one 
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of which contains a GPI anchor linking it to the cell wall. HsbA proteins have been 

implicated in long-chain fatty acid binding and storage (S. Liao et al., 2010)  and in 

mediating polymer degradation by recruiting cutinases to hydrophobic substrates such 

as PBSA (Ohtaki et al., 2006). Cerato-platanins, another family of surface-active 

proteins that reduce the hydrophobicity of plastics (Gao et al., 2020), were also 

detected; one of the two encoded cerato-platanins was constitutively secreted in all 

conditions. 

Overall, these findings highlight that Aspergillus sp. MM36 responds to long-chain 

alkanes through a coordinated oxidative and surface-modifying enzymatic system, 

combining ROS-generating enzymes, peroxidases, and hydrophobic surface-binding 

proteins. This integrated response likely enhances substrate accessibility and initiates 

oxidative polymer breakdown, underscoring the fungusôs potential in the degradation 

of hydrophobic plastics such as polyethylene. 

 

3.3.3  A. biennis key enzymes involved in PS fungal attack 

To study the genetic features underlying this capability and to facilitate subsequent 

proteomic analyses, we first performed whole-genome Illumina sequencing, assembly 

and annotation. The genome of A. biennis LGAM 436 comprises 809 scaffolds and is 

33.7 Mb long. It encodes 12,083 protein-coding genes, demonstrating 98 % 

completeness at the proteome level as per BUSCO analysis. The repeat content in the 

genome is 4.60 % based on RepeatMasker. There is only one other published genome 

of this species, the genome of A. biennis CIRM-BRFM 1778, with a genome size of 

33.1 Mb, proteome completeness of 96.6 %, and a repeat content of 4.57 % (Hage et 

al., 2021). 

In total 19.9 % of the MS/MS spectra were successfully assigned to peptides in the 

protein database, identifying 11,599 peptides that aggregated to 1,467 proteins. After 

applying a filter for proteins present in at least two replicates of any condition, 1,168 

proteins were reliably quantified. Of these, 33.8 % were predicted to be extracellularð

2.9 times higher than the proportion of extracellular proteins in the total proteome of A. 

biennis. 

 

The secretome composition across all samples was highly similar, with 85.5 % of 

quantified proteins shared across all three substrates (Figure 3.3-4).  
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Figure 3.3-4 Overlap of quantified proteins of A. biennis in the tested secretomes (glucose, PS film and 

EPS foam).  

 

This is not surprising, since plastics are known to be unable to act as inducers of 

the expression of lignocellulose-degrading enzymes, due to their inertness and high 

MW. Glucose had the fewest quantified proteins, with 11.2% been absent. When easily 

metabolizable compounds like glucose are available, filamentous fungi initiate carbon 

catabolite repression (CCR). This phenomenon has been observed in Ascomycetes, 

such as Aspergillus niger and Trichoderma reesei, where CAZyme synthesis is 

suppressed in the presence of glucose (Kiesenhofer et al., 2016). Whereas we did 

observe a reduction in the overall number of secreted proteins in the presence of 

glucose, this was not specific to CAZymes, since the portion of CAZymes absent in 

glucose samples was only 5.3 %. A similar reduction in the secretome of A. biennis was 

previously demonstrated in the presence of xylose (Zerva et al., 2023), another 

monosaccharide activating CCR (Prathumpai et al., 2004). 

The genome of A. biennis encodes 383 CAZymes, a number close to the median of 

386 found in the members of the Polyporales order available in Mycocosm (Grigoriev 

et al., 2014). Excluding glycosyltransferases, which are primarily intracellular or 

membrane-associated, 59.9% of the encoded CAZome was reliably quantified in the 

secretomes, despite the absence of lignocellulosic substrates. This suggests that many 
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secreted CAZymes are constitutively expressed and/or that glucose, a lignocellulose-

derived compound, may induce certain cellulolytic enzymes. Consistent with previous 

findings (Zerva et al., 2023), A. biennis secretes a wide array of CAZymes targeting all 

major components of lignocellulosic biomass, including cellulose, lignin, starch, pectin, 

and hemicelluloses such as xylan, mannan, xyloglucan, and ɓ-glucan (Figure 3.3-5) 

 

Figure 3.3-5 CAZymes encoded in the genome (blue bars) and quantified in the proteomic analysis 

(orange bars). A) Auxiliary activities (AA) at the subfamily level B) Carbohydrate esterases (CE) at the 

family level C) Polysaccharide lyases (PL) at the family level D) Accessory non-catalytic proteins, 

including carbohydrate-binding modules (CBM) and expansins (EXPN) E) Glycosyl hydrolases (GH) at 

the family level. 

 

Among CAZyme classes, auxiliary activity (AA) enzymes were the least 

represented, with only 40% detected. This pattern aligns with other white-rot fungi, in 
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which families such as AA14 are frequently absent (Kijpornyongpan et al., 2022). The 

AA9 LPMOs formed the largest AA family, comprising 19 membersðhigher than the 

median of 16 in Polyporalesðwith seven quantified in the secretomes (Figure 3.3-5). 

Although the direct involvement of LPMOs in plastic degradation remains unproven, 

their structural features, including hydrophobic surfaces and exposed active sites, may 

facilitate interactions with plastic substrates. LPMOs may thus act as hydrophobins, 

enhancing PETase performance during PET hydrolysis  (Corrêa et al., 2024). The 

expression of LPMOs may be induced by A. biennis, as an important part of the fungus 

potent oxidative system, secreted in response to the presence of recalcitrant polymeric 

materials in its environment.  

The AA families capable of oxidizing lignin C-C bonds, such as laccases and 

peroxidases, are of particular interest. Lignin resembles certain plastics like PS in that 

it is not hydrolyzable and possessing structural elements such as non-phenolic aromatic 

rings, CïC and various ether bonds. However, the redox potential required to break the 

C-C backbone of PS is considerably higher (Krueger et al., 2015).  

In this context, A. biennis secretes 15 peroxidases, including four AA2 family 

members, five cytochrome P450s, one chloroperoxidase, and three peroxiredoxins. 

Notably, two AA2 peroxidases, both annotated as manganese peroxidases (MnPs), 

were detected exclusively in PS-grown cultures (Figure 3.3-6). All AA2 enzymes in A. 

biennis are Mn-oxidizing, with no lignin or versatile peroxidases encoded in its 

genome. MnPs are considered ancestral ligninolytic peroxidases, capable of oxidizing 

phenolic lignin, and may contribute indirectly to PS degradation through redox 

mediators (Ayuso-Fernández et al., 2019). Furthermore, one membrane-bound P450 

monooxygenase (ABKN59_005814-R1) was detected only in the presence of PS 

(Figure 3.3-6). Given the known role of P450s in the oxidation of recalcitrant aromatic 

compounds, including lignin (Wolf et al., 2024), their activity is plausibly linked to the 

initial oxidative attack and hydroxylation of PS polymers. 
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Figure 3.3-6 Scatterplot of log2 protein intensities in PS film and EPS foam. CP: cerato-platanin; 

EXPN: expansin; MnP: manganese peroxidase 

 

Regarding AA1 laccases, A. biennis is a potent producer, since multiple laccases 

were detected, in all tested conditions. The A. biennis genome encodes nine laccases 

and laccase-like enzymes, all of which had detectable peptides in our experiment. 

However, four of these were not quantified due to shared peptides with other laccases, 

resulting in protein grouping where only the protein with the most peptides is quantified 

(Nesvizhskii & Aebersold, 2005). This phenomenon is prevalent among A. biennis 

laccases due to high sequence conservation, with members of the same protein group 

sharing more than 70 % amino acid identity. Notably, the two laccases discussed in 

Zerva et al. (Zerva et al., 2023) were the most abundant, with AbiLac2 among the top 

10 proteins in EPS foam and AbiLac1 among the top 20 in PS film (Figure 3.3-6). 

Considering all the other enzymes found to be secreted in the presence of PS, we may 

assume that laccases, and especially AbiLac1, are the main enzymes responsible for the 

oxidative damage to the PS polymer incurred from A. biennis, while the concerted 

auxiliary action of other oxidases may also facilitate degradation. Moreover, laccase 

activity was also measured in enzyme assays, and their expression was timely corelated 
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with the observed modifications in PS. Also, A. biennis encodes only one AA1_2 

ferroxidase, a trait shared by most Polyporales (Grigoriev et al., 2014). This ferroxidase 

was secreted under all three conditions. 

Aside from oxidases, the CAZy class with the highest representation comprised 

carbohydrate-binding modules (CBMs), of which 83.0% were quantified by mass 

spectrometry. The most abundant was the cellulose-binding CBM1 family, represented 

by 28 quantified members (Figure 3.3-5). The high abundance of CBMs reflected an 

overall upregulation of several glycoside hydrolases (GHs) in the presence of PS, 

including four GH5-CBM1, two GH6-CBM1, and two GH7-CBM1 cellulases; four 

GH10-CBM1 xylanases; a GH15-CBM20 and two GH13-CBM48 amylases; two 

GH18-CBM5 chitinases; a GH43-CBM35; and several carbohydrate esterases (CE1-, 

CE15-, and CE16-CBM1) as well as two AA9-CBM1 LPMOs. Although these 

enzymes primarily target lignocellulosic substrates rather than plastics, their 

enrichment contributes to the overall prevalence of polysaccharide-binding domains in 

the secretome. The possible involvement of CBMs in plastic degradation remains 

uncertain; however, the fusion of a CBM1 module to Thermobifida cellulosilytica 

cutinase has been shown to enhance its adsorption to hydrophobic PET surfaces, 

increasing hydrolytic activity by 3.8-fold (Ribitsch et al., 2013).  

Other non-catalytic proteins potentially involved in plastic interaction include 

hydrophobins, cerato-platanins (CPs), and expansins. Hydrophobins are small, secreted 

cysteine-rich proteins that facilitate fungal attachment to hydrophobic surfaces (J. Wu 

et al., 2023). The A. biennis genome encodes eight hydrophobins containing the 

characteristic PF01185 Pfam domainðapproximately half the number typically found 

in Polyporales genomes. Although none were detected by MS, the presence of 0ï2 

tryptic peptides in most sequences suggests that some may be expressed at low 

abundance. In contrast, cerato-platanins were highly expressed: of the five encoded 

CPs, four were secreted under all conditions, with ABKN59_002338-R1 being among 

the most abundant proteins detected (Figure 3.3-6). CPs are constitutively secreted, 

interact with hydrophobic materials, and can modulate surface properties; notably, a 

Trichoderma CP reduced PET surface hydrophobicity by up to 34% (Gao et al., 2020). 

Expansins also formed a prominent group of non-catalytic proteins, with 11 of the 

19 encoded members detected in all secretomes (Figure 3.3-5). Although expansins 

lack catalytic activity, they act as cell wallïloosening agents that disrupt cellulose 

aggregation, facilitating enzymatic access (Haddad Momeni et al., 2024). Given their 
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ability to disrupt crystalline and hydrophobic structures, expansins may hold potential 

as auxiliary proteins in the enzymatic degradation of synthetic polymers. 

The complex response of A. biennis to PS degradation was interpreted through a 

combination of material analyses and proteomic studies. PS degradation appears to 

occur in two distinct phases. In the initial phase, as indicated by enzyme assays, 

oxidative enzymes, primarily laccases, cause superficial modifications to the PS 

polymer, leading to the formation of carbonyl groups. Based on CI measurements, this 

stage reaches a plateau relatively quickly. Subsequently, other enzymes, potentially 

ring-opening dioxygenases, take over the modification process, targeting the aromatic 

ring and breaking CïC bonds. This second phase, following the initial oxidation, is 

closely associated with the decrease in molecular weight observed in GPC analysis. It 

is also important to note that non-catalytic proteins, such as hydrophobins, facilitate 

microbial attachment to the polymer surface, promoting PS functionalization. 

EPS foam was degraded more readily and to a greater extent by the fungus 

compared to PS films. This enhanced degradability can be attributed to the porous 

structure of EPS foam, including less tightly packed areas compared to PS film. 

Moreover, EPS foam has higher surface area (5.5 cm2) than PS film (1.0 cm2), 

promoting fungal colonization. At the same time, higher molecular weight of PS foam 

likely impedes enzymatic attack, probably counteracting the potential benefits of its 

larger surface area. Additionally, commercial EPS foam often contains additives, such 

as flame retardants, that can serve as carbon sources to support fungal growth and/or 

act as inducers of degradative enzyme expression.Ш 

Overall, the multi-omic and material analyses reveal that A. biennis employs a 

complex and coordinated enzymatic system to attack PS. The degradation process 

appears to occur in two sequential phases: an initial oxidative phase driven primarily 

by laccases, particularly AbiLac1 and AbiLac2, which introduce carbonyl groups and 

initiate superficial oxidation of the PS surface, followed by a secondary phase involving 

further aromatic-ring cleavage and CïC bond disruption, likely mediated by other 

oxidoreductases such as peroxidases and cytochrome P450 monooxygenases. Non-

catalytic proteins, including cerato-platanins, hydrophobins, and expansins, 

complement this oxidative machinery by facilitating fungal adhesion and increasing 

polymer surface accessibility. Among the detected enzymes, laccases emerged as key 

oxidative catalysts, both highly expressed and temporally correlated with the observed 

chemical modifications of PS. Considering their abundance, activity profile, and central 
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role in initiating PS oxidation, AbiLac1 was selected for heterologous expression and 

detailed biochemical characterization to evaluate its potential as a biocatalyst for 

oxidative degradation of polystyrene and other recalcitrant polyester materials. 

 

3.4  Expression, purification and characterization of novel 

biocatalysts revealed in proteomic analysis of F. oxysporum 

secretome 

Based on the known amino acid sequences of the enzymes subjected to 

heterologous expression, the molecular weight, molar extinction coefficient at 280 nm 

(Ů280), and theoretical isoelectric point (pI) were computed in silico using ProtParam 

(ExPASy, Swiss Institute of Bioinformatics) (Waterhouse et al., 2018). The results are 

summarized in Table 3.4-1. 

 

Table 3.4-1 In silico properties of the expressed enzymes (ProtParam, ExPASy) 

Enzyme Molecular weight (kDa) Ů280 (M ĭĿcm ĭ) Theoretical pI 

Amidase 37.0 56,045 6.18 

Tyrosinase 63.7 118,970 9.16 

Protease 75.9 78,560 5.57 

Endopeptidase 71.1 66,935 5.34 

 

Additionally, three-dimensional structural models of the enzymes were generated 

using SWISS-MODEL, ExPASy resources, and the AlphaFold algorithm (DeepMind) 

(Varadi et al., 2022). Predicted models were compared with experimentally determined 

structures deposited in the RCSB Protein Data Bank (RCSB PDB). 

Initially, each enzyme sequence was queried against the NCBI BLAST database to 

identify homologous proteins with high sequence coverage and low E-values (Camacho 

et al., 2009). Candidate homologs with suitable structural data were then retrieved from 

the RCSB PDB for comparative analysis. This workflow enables visualization of the 
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query enzyme and assessment of structural similarity to experimentally solved 

homologs. Where an appropriate homolog is available in a substrate-bound (co-

crystallized) state, alignment of the two sequences and structures can be used to infer 

the putative location of the active site in the enzyme under study. 

 

3.4.1 Tyrosinase from F. oxysporum BPOP18 

The tyrosinase structure displays a complex fold comprising Ŭ-helices and ɓ-

sheets. Amino-acid segments highlighted in orange indicate regions with lower model 

reliability according to the prediction algorithm (Figure 3.4-1). Sequence alignment 

against the SwissProt database identified the tyrosinase from the fungus A. bisporus 

H97, exhibiting 31.50% sequence identity with an E-value of 1e-47. This enzyme has 

a molecular mass of 63.5 kDa, very close to that of the tyrosinase examined here (63.7 

kDa). 

 

In A. bisporus H97 tyrosinase, two copper ions serve as cofactors; one interacts 

with His56, Cys79, His81, and His90, and the other with His250, His254, Phe278, and 

His282 (Waterhouse et al., 2018). Sequence alignment revealed that the corresponding 

residues are fully conserved in the F. oxysporum enzyme, suggesting a similar copper-

binding architecture and catalytic mechanism (Figure 3.4-2). 

Figure 3.4-1 Tyrosinase structure according to Alpha fold algorithm 
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Figure 3.4-2 Structural depiction of the examined tyrosinase (cyan), the A. bisporus H97 tyrosinase 

(green), and the copper ions (red spheres) that act as cofactors in the crystallized tyrosinase. Red boxes 

indicate representative structural similarities between the two proteins. 

 

Structural superposition of the two enzymes (Figure 3.4-2) highlights several 

regions of strong spatial similarity, particularly around the catalytic copper-binding 

centers. Furthermore, detailed sequence alignment (Figure 3.4-3) confirmed complete 

identity of the residues responsible for copper coordination, supporting a conserved 

catalytic mechanism between the F. oxysporum and A. bisporus tyrosinases. 

Collectively, these results indicate that the F. oxysporum tyrosinase shares high 

structural and functional homology with the crystallographically characterized A. 

bisporus H97 enzyme, maintaining the same bimetallic copper-binding motif that 

defines the active site of fungal tyrosinases. 
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Figure 3.4-3 Alignment of the sequences of the examined tyrosinase (top) and the A. bisporus H97 

tyrosinase (bottom). Residues coordinating the first copper ion are shown in red and those coordinating 

the second copper ion in blue.  

 

After tyrosinase expression in transformed P. pastoris X33 cells for 5 days, the 

culture supernatant was concentrated and purified as described in ñ2.11 Protocols for 

cell recombination and heterologous enzyme expression and purificationò of the 

document. The fractions exhibiting the highest activity toward catechol (Appendix 

Figure 2) were selected, pooled, and subsequently analyzed for purity. In addition to 

the enzymeôs catalytic activity on catechol, the isolated tyrosinase was also 

characterized based on its molecular weight. The calculated molecular weight, derived 

from its known amino acid sequence, was approximately 64 kDa. SDS-PAGE analysis 

revealed two faint bands (Figure 3.4-4), a fact which is consistent with the low protein 

concentration of the purified sample. Interestingly, neither of the two detected bands 

corresponded exactly to the theoretical molecular weight; however, the sum of the 

molecular weights of the two bands was approximately 62 kDa, which closely matches 

the expected molecular weight.  

The presence of two bands indicates that the enzyme likely undergoes proteolytic 

processing, producing two polypeptides of unequal size. A similar proteolytic 

activation mechanism has been reported for the tyrosinase of A.s bisporus H97, with 

which the F. oxysporum enzyme shows high sequence similarity. The A. bisporus 

tyrosinase is expressed initially as an inactive precursor, which upon proteolytic 
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cleavage yields the active enzyme with approximately 33% lower molecular weight 

than the pro-form (Mauracher et al., 2014). Given the high degree of sequence 

homology between the two tyrosinases, it is plausible that the F. oxysporum enzyme 

exhibits a comparable activation process, thereby explaining the presence of two bands 

whose combined molecular mass corresponds to theoretical value. 

As mentioned before, the significant homology and structural identity of A. 

bisporus and F. oxysporum tyrosinase strongly supports that both enzymes operate via 

an identical catalytic mechanism, and further comparative studies may reveal additional 

functional and biochemical similarities between them. 

 

 

 

 

 

 

 

 

 

 

 

The optimum pH of tyrosinase activity was determined through enzyme assays 

using catechol as a substrate over a pH range of 3.5ï10.0. Relative activity was 

calculated as the ratio of the activity at each pH value to the maximum observed 

activity. The results showed that the optimal pH for tyrosinase activity was 8.5 in 50 

mM Tris-HCl buffer (Figure 3.4-5). All assays were performed in triplicate, yielding 

low standard deviations, which confirmed the reproducibility of the measurements. It 

Figure 3.4-4 SDS-PAGE of tyrosinase expressed by F. oxysporum BPOP18. Two faint bands in 42 and 20 kDa are shown in red 

frame  

~42kDa 

~20kDa 
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is also noteworthy that the relative activity remained practically unchanged when 

different buffer systems were used. 

 

 

Using the same substrate, the optimum temperature for catalytic activity was 

determined (Figure 3.4-6). The enzyme exhibited maximum activity at 40 °C, whereas 

at higher temperatures, a progressive decline in activity was observed due to enzyme 

denaturation. 
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Figure 3.4-5 Optimum pH of tyrosinase activity within the range of pH 3.5 to 10.0, determined using 

catechol as substrate. Enzyme assays were performed in different buffer systems: citrateïphosphate 

buffer for the pH range 3.5 to 6.0 (shown in diamonds), phosphate buffer for the range 6.0 to 8.0 (shown 

in triangles), and TrisïHCl buffer for the range 8.0 to 10.0 (shown in squares) 
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Figure 3.4-6 Optimum temperature for tyrosinase catalytic activity, determined using catechol as 

substrate. Enzyme assays were conducted over a temperature range of 10 to 60 ÁC. 

 

Given the potential biotechnological applications of tyrosinase, its thermal stability 

was experimentally evaluated across a temperature range of 4ï50 °C. The enzyme was 

incubated at each temperature for 24 hours, after which the residual activity was 

determined using catechol as substrate (Figure 3.4-7). 

The enzyme stored at 4 °C served as the reference sample. As expected, increasing 

the incubation temperature resulted in a gradual loss of activity, primarily due to 

thermal denaturation. Nevertheless, at all temperatures except 50 °C, the enzyme 

displayed an almost stable activity profile after an initial sharp decline during the first 

four hours of incubation. At 15 °C, the relative activity decreased by approximately 

27% within the first four hours but remained stable between 6 and 24 hours at around 

71% of the initial value, demonstrating good thermal stability under mild conditions. 

In contrast, at 30 °C and 40 °C, the final relative activities were reduced to 41% and 

24%, respectively, indicating that the enzyme is not particularly stable at moderate 

temperatures and gradually loses its activity as the temperature increases. 

20%

35%

70%

92%

100%

69%

58%

19%

0%

10%

20%

30%

40%

50%

60%

70%

80%

90%

100%

0 10 20 30 40 50 60

%
R

e
la

ti
v
e

 A
c
ti
v
it
y

Temperature( )



105 

 

 

3.4.2 Amidase from F. oxysporum BPOP18 

The three-dimensional structure of the amidase, as predicted using SWISS-

MODEL (Waterhouse et al., 2018), ExPASy, and the AlphaFold algorithm (DeepMind) 

(Varadi et al., 2022), is illustrated in Figure 3.4-8. Regions shown in blue indicate areas 

where the algorithm exhibits high confidence regarding the spatial arrangement of 

amino acid residues, whereas regions in light orange correspond to areas with lower 

confidence (score < 0.5), suggesting potential structural variability. 
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Figure 3.4-7 Optimum temperature of tyrosinase catalytic activity determined using catechol as substrate. Enzyme 

assays were performed over a temperature range of 4 to 50 ÁC. The figure shows activity profiles at different incubation 

temperatures: 4 ÁC (white circles), 15 ÁC (black diamonds), 30 ÁC (black squares), 40 ÁC (black triangles), and 50 ÁC 

(black circles) 
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Figure 3.4-8 Predicted three-dimensional structure of the amidase. Regions shown in blue indicate 

areas where the algorithm exhibits high confidence, whereas regions in light orange correspond to 

areas with lower confidence (score < 0.5) 

  

Subsequently, a search was performed to identify an enzyme with significant 

sequence homology whose crystallographic structure had been resolved in complex 

with its substrate, in order to elucidate the active site of the examined amidase. The 

enzyme meeting these criteria was the 2-pyrone-4,6-dicarboxylic acid hydrolase from 

the aerobic, Gram-negative bacterium Sphingomonas paucimobilis, identified through 

the SwissProt database. This enzyme belongs to the large family of amidohydrolases, 

and its substrate is 2-pyrone-4,6-dicarboxylic acid (Hobbs et al., 2012) (Figure 3.4-9). 
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The hydrolase exhibited 25.46% sequence identity with the amidase and an E-value of 

7eï23, indicating that the observed similarity is highly significant. As shown in Figure 

41, the overall structures share extensive similarity, particularly in regions containing 

Ŭ-helices that display notable overlap. Furthermore, sequence alignment combined with 

substrateïenzyme interaction analysis revealed corresponding amino acids in the 

amidase, showing considerable structural resemblance (Figure 3.4-10). 

 

 

Figure 3.4-9 Representation of the amino acids forming the active site of the 2-pyrone-4,6-dicarboxylic 

acid hydrolase (blue) bound to its substrate (green), compared with the corresponding residues of the 

amidase identified through sequence alignment (red) 



108 

 

 

Figure 3.4-10 Representation of the amino acids forming the active site of the 2-pyrone-4,6-dicarboxylic 

acid hydrolase (blue) bound to its substrate (green), compared with the corresponding residues of the 

amidase of F. oxysporum BPOP18 (red). 

 

Structural analysis of the hydrolase revealed that its active site comprises eight 

amino acids. Sequence alignment with the amidase demonstrated that four of these 
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residues are conserved between the two enzymes (Figure 3.4-11).

 

Figure 3.4-11 Sequence alignment of the F. oxysporum amidase (top) and the 2-pyrone-4,6-dicarboxylic 

acid hydrolase (bottom). Red boxes indicate amino acids forming the hydrolase active site and their 

corresponding residues in the amidase. 

 

Expression of amidase was also performed in P. pastoris X33 cells after 5 days of 

incubation, and the culture supernatant was concentrated and purified with IMAC as 

described in ñ2.11 Protocols for cell recombination and heterologous enzyme 

expression and purificationò of the document. Following IMAC purification, the 

amidase was identified based on its molecular weight by SDS-PAGE (Figure 43). The 

theoretical molecular mass of amidase, as calculated bioinformatically, was 36.98 kDa 

(å37 kDa). Due to deviation from the theoretical molecular weight was observed: the 

major band corresponded to approximately 48 kDa, i.e., about 11 kDa higher than 

expected. This suggests that the amidase may undergo glycosylation during expression. 

To verify this hypothesis, the enzyme was incubated with Endo H, a glycosidase that 

cleaves oligosaccharides from glycoproteins. The reaction was carried out at 37 °C for 

one hour following enzyme denaturation at 100 °C to expose glycosylation sites and 

facilitate deglycosylation. (Figure 3.4-12). 
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The molecular weight of Endo H is 29 kDa, corresponding to the faint band 

observed in the second lane of the gel (Figure 3.4-12). Just above this band, a second, 

more intense band appeared at approximately 35 kDa, corresponding to the 

deglycosylated amidase, which closely matches the predicted 37 kDa. In the first lane, 

the untreated amidase sample displayed the heavier 48 kDa band. These results confirm 

the occurrence of glycosylation of the amidase during expression by the host organism. 

To assess its applicability toward PU degradation, it was necessary to determine 

the optimum pH of amidase activity. The enzyme was tested using a variety of 

substrates, including: 

¶ Casein 

¶ p-Nitrophenyl acetate (pNPA) 

¶ p-Nitroacetanilide (pNAA) 

¶ Acetamide 

¶ L-BAPNA 

Figure 3.4-12 SDS-PAGE analysis of amidase before and after deglycosylation with Endo H. Left: purified 

amidase (~48 kDa); Right: amidase after Endo H treatment showing the deglycosylated form (~35 kDa) and 

the Endo H enzyme (~29 kDa) 
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¶ Impranil® DLN-SD 

Except for Impranil® DLN-SD, which presented technical difficulties in 

absorbance measurement due to its suspension nature, no catalytic activity was detected 

with any of the other substrates. Additional activation protocols were tested for 

potential inactive enzyme forms, including short incubation at pH 3.0 for one minute at 

0 °C and at pH 4.5 in sodium acetate buffer containing DTT for one hour at 37 °C. 

However, no catalytic activity was observed even at high protein concentrations. 

Therefore, enzyme activity was evaluated using the Impranil® DLN-SD 

suspension. Activity was expressed as the enzymeôs ability to clarify the suspension, 

measured by the reduction in OD  relative to control samples, in which no enzyme 

was added.  

 

Table 3.4-2 Optimum pH of amidase measured using ImpranilÈ DLN-SD as a substrate 

pH Relative Activity (%) Error 

CPi ï 3.5  0% 0% 

CPi ï 4.0 45% 3% 

CPi ï 4.5 100% 3% 

CPi ï 5.0 81% 6% 

CPi ï 6.0 56% 5% 

NaPi ï 6.0 39% 3% 

 

It was determined that the optimum pH for amidase activity is 4.5 in CPi buffer 

(Table 3.4-2). Enzymatic activity was also tested at more neutral and basic pH values 

(Ó7.0); however, only negligible activity with large experimental errors was observed. 

It should be noted that Impranil DLN-SD, due to the nature of the substrate, presented 

certain technical challenges in the turbidity measurements, as flocculent aggregates 

were formed after incubation with amidase. To ensure reliable readings, these 

aggregates had to be dispersed by vigorous vortexing prior to measurement. This 

phenomenon may have slightly affected the reproducibility of the experiment. 
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3.4.3 Cutinase and feruloyl esterase from F. oxysporum BPOP18 

Cutinase (FoCut5a) (Dimarogona et al., 2015) and feruloyl esterase (FoFaeC) 

(Dimarogona et al., 2020; Ferousi et al., 2023; Topakas et al., 2003) have been 

extensively characterized in terms of its catalytic activity, three-dimensional structure, 

and optimal reaction conditions. In the present study, FoCut5a and FoFaeC were 

expressed in transformed E. coli and P. pastoris cells as described in section 2.10 and 

purified using IMAC. Each pure enzyme was also tested by SDS-PAGE, to be further 

used in enzymatic reactions using different polymers (Figure 3.4-13). As shown in 

Figure 44, the FoCut5a protein band appears slightly below 25 kDa, consistent with the 

theoretical molecular weight prediction (23 kDa). Regarding, the theoretical molecular 

weight of FoFaeC, as calculated from its amino acid sequence, is approximately 62 

kDa. However, on SDSïPAGE, the enzyme migrated slightly above the expected 

molecular weight. This deviation is likely attributed to post-translational glycosylation 

occurring during heterologous expression in P. pastoris, a common phenomenon 

observed for secreted fungal enzymes expressed in yeast systems.  

According to the above cited literature reports, FoCut5a exhibits optimal catalytic 

activity at pH 8.0 and 40 °C, while FoFaeC displays an optimum around pH 7.0 and 50 

°C, conditions under which both enzymes demonstrate notable stability and efficiency 

toward their respective ester substrates.  
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Figure 3.4-13 SDS-PAGE analysis of FoCut5a (left) and FoFaeC (right)  

 

3.4.4 PU Degradation using enzyme cocktail  

During the proteomic analysis of F. oxysporum cultivated in the presence of 

Impranil DLN-SD, proteases and endopeptidases were identified as highly abundant 

enzymes potentially involved in urethane bond cleavage, as mentioned in ñ3.3.1 

Comparison of F. oxysporum secretomes for polyester degradationò. However, 

attempts to heterologously express selected protease candidates in recombinant hosts 

were unsuccessful, likely due to folding, activation, or post-translational processing 

requirements commonly associated with fungal proteases. 

To overcome this limitation and to further investigate the contribution of 

proteolytic activity to polyurethane degradation, a commercially available serine 

protease (Savinase®) was employed as a model proteolytic biocatalyst. Savinase, 

derived from Bacillus subtilis, has been previously reported in the literature for its 

involvement in polyester degradation, particularly PLA (Nenadoviĺ et al., 2025; Oda et 

al., 2000), and exhibits broad substrate specificity toward peptide and amide bonds. 

Given the structural similarity between urethane linkages and peptide bonds, Savinase 
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was considered a suitable surrogate enzyme to evaluate the potential role of proteolysis 

in polyurethane depolymerization. 

The commercial protease was therefore incorporated into enzyme cocktail 

formulations and tested both individually and in combination with other recombinant 

enzymes. Its contribution to polymer degradation was assessed through gravimetric 

analysis, GPC, and HPLC, enabling evaluation of mass loss, molecular weight 

reduction, and formation of soluble degradation products. The experimental design 

included five reactions assessing individual enzyme activity and three reactions 

evaluating dual synergistic combinations, as presented in the Table above (Table 

3.4-3). 

Table 3.4-3: Experimental design of PU degradation reactions 

Single-enzyme reactions 

Amidase at pH 5.0 

Tyrosinase at pH 8.0 

Cutinase (FoCut5a) at pH 8.0 

Savinase at pH 5.0 

Savinase at pH 8.0 

Synergistic reactions 

Savinase + Amidase at pH 5.0 

Savinase + Tyrosinase at pH 8.0 

Savinase + Cutinase (FoCut5a) at pH 8.0 

 

3.4.4.1 Synergistic Action of Savinase and Cutinase (FoCut5a) 

Savinase exhibited the highest PU degradation efficiency compared to cutinase, 

resulting in a weight reduction of 7.7% ± 3.8%. Cutinase also promoted polymer 

degradation, yielding a 5.1% ± 1.0% decrease in mass (Table 3.4-4). However, when 

the two enzymes were added together, no enhancement of degradation was observed 

compared to their individual effects, indicating the absence of a positive synergistic 

interaction. 

GPC analysis further supported this observation, as the combined Savinaseï

cutinase treatment resulted in reductions of approximately 2.0% in both Mn and Mw, 

values essentially identical to those obtained with Savinase alone. In contrast, cutinase 

alone induced a smaller decrease in molecular weight (approximately 1%) (Table 

3.4-4), confirming its comparatively lower depolymerization efficiency under the tested 
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conditions. Overall, the molecular weight distribution data did not demonstrate any 

synergistic improvement resulting from enzyme co-application. 

HPLC analysis provided additional insight into the degradation pattern. A new 

peak, detected at 210 nm and eluting at 9ï9.5 minutes, was observed in both the 

Savinaseïcutinase combination and the cutinase sample (Appendix Figure 4). 

Interestingly, this peak was approximately threefold more intense in the cutinase-

treated sample, suggesting a higher accumulation of the corresponding soluble 

degradation product. In contrast, Savinase alone did not generate any additional 

detectable peaks relative to the control, indicating that the formation of this product is 

primarily associated with cutinase activity. 

Table 3.4-4 Effect of enzymatic treatment on PU molecular weight and mass reduction (Savinaseï

Cutinase case study). 

Enzymes Weight decrease (%) Mn reduction (%)  Mw reduction (%)  

Savinase ï Cutinase 2.0 ± 0.5 2.0 ± 0.5 2.1 ± 0.0 

Savinase 7.7 ± 3.8 2.0 ± 0.3 2.1 ± 0.6 

Cutinase (FoCut5a) 5.1 ± 1.0 0.7 ± 0.1 1.0 ± 0.6 

 

3.4.4.2 Synergistic Action of Savinase and Tyrosinase 

As expected, tyrosinase alone did not induce measurable PU weight loss, consistent 

with its oxidative rather than hydrolytic mode of action. The combination of Savinase 

and tyrosinase resulted in a 6.6% ± 0.0% reduction in mass, a value slightly lower than 

that obtained with Savinase alone (7.7% ± 3.8%) (Table 3.4-5), indicating that no 

enhancement of macroscopic degradation was achieved through co-application. 

GPC analysis revealed a subtle difference at the molecular level, as Savinaseï

tyrosinase treatment led to a 3.9% ± 0.7% reduction in Mn, which was higher than that 

observed for Savinase alone (2.0%), suggesting improved depolymerization of lower-

molecular-weight fractions. In contrast, the reduction in Mw was only 0.4% ± 0.1% 

under synergistic conditions, compared to 2.1% ± 0.6% for Savinase alone (Table 

3.4-5). These findings indicate differential effects on polymer fractions of varying sizes, 

with the combined treatment preferentially affecting smaller chains, while Savinase 

alone appears more effective toward higher-molecular-weight fractions. 

HPLC analysis further supported these observations. A new peak eluting at 9.5 

minutes and detected at 210 nm was observed in the Savinaseïtyrosinase reaction, 
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corresponding to the same retention time previously detected in the Savinaseïcutinase 

system, albeit with lower intensity (Appendix Figure 5). This suggests formation of a 

similar soluble degradation product, but in smaller quantities. No additional peaks were 

detected in samples treated with Savinase or tyrosinase individually, confirming that 

product formation under these conditions is associated with enzyme co-application. 

 

Table 3.4-5 Effect of enzymatic treatment on PU molecular weight and mass reduction (SavinaseïTyrosinase case 

study). 

Enzymes Weight decrease (%) Mn reduction (%)  Mw reduction (%)  

Savinase ï Tyrosinase 6.6 Ñ 0.0 3.9 Ñ 0.7 0.4 Ñ 0.1 

Savinase 7.7 Ñ 3.8 2.0 Ñ 0.3 2.1 Ñ 0.6 

Tyrosinase ~0 0.1 Ñ 0.1 0.4 Ñ 0.6 

 

3.4.4.3 Synergistic Action of Savinase and Amidase 

The Savinaseïamidase combination, evaluated at pH 5.0, resulted in a 3.4% ± 0.0% 

reduction in PU mass. Savinase alone induced a higher weight loss (6.8% ± 2.0%) 

(Table 3.4-6), whereas amidase alone exhibited negligible effect. The slight mass 

decrease observed in the control samples (approximately 1%) was attributed to 

experimental handling during sample processing and drying. Despite the moderately 

acidic conditions, Savinase retained substantial catalytic activity. However, no 

enhancement of degradation was observed upon co-application with amidase at the 

gravimetric level, indicating the absence of a positive synergistic effect in terms of total 

mass loss. 

GPC analysis revealed a different trend at the molecular scale. The combined 

Savinaseïamidase treatment resulted in reductions of 4.4% ± 1.0% in Mn and 2.4% ± 

1.1% in Mw (Table 3.4-6), values higher than those obtained with Savinase alone 

(3.5% ± 0.1% and 1.5% ± 0.3%, respectively) (Table 3.4-6). Amidase alone induced 

only marginal changes in molecular weight. These findings suggest that, although 

overall mass loss remained limited, polymer chain scission occurred more extensively 

in the combined treatment. The discrepancy between gravimetric and molecular data 

indicates that the degradation products generated likely remained insoluble and 

therefore were not removed during processing. 
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HPLC analysis further supported these results, as no new soluble peaks were 

detected compared to the control samples. This observation suggests that, under these 

conditions, degradation products were not released into the aqueous phase, remaining 

instead associated with the residual polymer matrix. 

 

Table 3.4-6 Effect of enzymatic treatment on PU molecular weight and mass reduction (SavinaseïAmidase case 

study). 

Enzymes Weight decrease (%) Mn reduction (%)  Mw reduction (%)  

Savinase ï Amidase 3.4 Ñ 0.0 4.4 Ñ 1.0 2.4 Ñ 1.1 

Savinase 6.8 Ñ 2.0 3.5 Ñ 0.1 1.5 Ñ 0.3 

Amidase ~0 0.6 Ñ 0.2 0.2 Ñ 0.2 

 

 

3.4.5 Application of Cutinase (FoCut5a) in other polyesters 

Among the recombinant enzymes derived from F. oxysporum, cutinase exhibited 

the highest depolymerization efficiency when applied individually. In contrast to 

amidase and tyrosinase, which showed negligible gravimetric effects on PU, cutinase 

consistently promoted measurable polymer hydrolysis, confirming its direct catalytic 

contribution to ester bond cleavage. Proteomic data further supported its functional 

relevance, as cutinase was identified among the most highly expressed 

carboxylesterases in the secretome of F. oxysporum cultivated in the presence of the 

ester-based polyurethane dispersion Impranil DLN-SD. 

Considering that agar plate screening demonstrated the ability of F. oxysporum to 

grow on several polyester substrates and given the high abundance of cutinase under 

polyester-inducing conditions, this enzyme is likely a major contributor to the fungusô 

polyester-degrading capacity. 

Based on these combined observations FoCut5a was selected for further evaluation 

against additional polyesters, including PLA, PHB, PBS, as well as amorphous and 

crystalline PET. FoCut5a efficiency was assessed gravimetrically by determining 

percentage weight loss relative to untreated controls. As shown in the table below 

(Table 3.4-7), in the case of aliphatic polyesters, FoCut5a exhibited pronounced 

depolymerization activity, highlighting its strong preference for accessible ester 
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linkages within flexible polymer backbones. The highest hydrolytic efficiencies were 

observed for PCL, which underwent an almost complete mass reduction (98.9 ± 1.0%), 

and PBS (77.0 ± 2.9%), whereas more moderate weight losses were recorded for PLA 

(16.0 ± 2.8%) and PHB (8.5 ± 2.0%). The markedly higher degradation of PCL and 

PBS compared to PLA and PHB suggests that polymer chain flexibility, lower steric 

hindrance, and increased ester bond accessibility significantly influence enzymatic 

efficiency.  

In the case of ether-based polyurethane, the increased enzyme concentration 

(almost 250- fold higher), did not result in higher degradation yields, when compared 

to the previous experiment (Table 3.4-4). Specifically, FoCut5a induced a 5.8 ± 0.6% 

weight reduction under the higher enzyme load, a value comparable to the 5.1 ± 1.0% 

decrease observed previously when only 4 ɛM of enzyme were used. Therefore, no 

significant improvement in hydrolysis was achieved despite the substantially increased 

enzyme amount. It should be noted that in both cases the tested substrate was ether-

based PU. Regarding PET, FoCut5a also exhibited relatively low activity. Amorphous 

PET showed a 3.5 ± 1.6% weight decrease, whereas crystalline PET presented a lower 

reduction of 2.1 ± 0.1%, indicating limited depolymerization under the tested 

conditions. 

Table 3.4-7 Gravimetric degradation of different polyesters by FoCut5a 

Polymer Weight decrease (%) ± SD 

PCL  98.9 ± 1.0 

Ether-based PU 5.8 ± 0.6 

PLA 16.0 ± 2.8 

PHB 8.5 ± 2.0 

PBS 77.0 ± 2.9 

PET (amorphous) 3.5 ± 1.6 

PET (crystalline)  2.1 ± 0.1 

 

Taken together, these findings confirm that FoCut5a displays broad substrate 

specificity toward synthetic polyesters, with clear preference for aliphatic and less-

ordered materials, while retaining detectable activity toward aromatic PET and PU.  
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Nevertheless, gravimetric polymer degradation assays are labor-intensive, time-

consuming, and require relatively large quantities of material. For this reason, a more 

rapid and sensitive screening approach was required to evaluate polyester-degrading 

potential at a higher throughput level. Consequently, the next series of experiments 

employed novel synthetic substrates structurally designed to mimic polyester repeat 

units. This strategy enabled fast functional screening of crude secretomes and enzyme 

variants, providing a practical tool for assessing esterolytic activity prior to more 

demanding bulk polymer degradation experiments. 

 

3.5  Alternative approach for chemo-enzymatic plastic 

degradation: PET as a case study 

Although the development of soluble model substrates enabled rapid functional 

screening of PET-active enzymes, improving bulk polymer degradation efficiency 

remains a major challenge. One of the principal barriers to efficient PET hydrolysis is 

its intrinsic hydrophobicity, high crystallinity, and limited surface accessibility, which 

collectively restrict enzyme adsorption and catalytic turnover. In this respect, plastic 

degradation resembles the hydrolysis of natural lignocellulose, where complex, 

insoluble, and hydrophobic polymers require coordinated enzymatic and 

physicochemical strategies for efficient breakdown. In natural systems, fungi overcome 

similar structural constraints through the synergistic action of hydrolytic and oxidative 

enzymes together with amphiphilic molecules such as hydrophobins and other 

biosurfactants, which modify substrate surface properties and enhance enzymeï

substrate interactions (da Silva et al., 2021; He et al., 2024; Ru et al., 2020). Notably, 

hydrophobins have been shown to increase the affinity of cutinases toward hydrophobic 

polyester surfaces, resulting in improved degradation yields (Takahashi et al., 2005, 

2015).  

Inspired by these natural biomass-degrading mechanisms and considering that 

many plastic-active enzymes originate from lignocellulose-degrading microorganisms 

(R. Wei & Zimmermann, 2017; Zerva et al., 2021), we sought to investigate whether 

mimicking such cooperative systems could enhance PET hydrolysis. While enzyme 

cocktails have been previously employed to improve polymer depolymerization and 

intermediate conversion (Mrigwani et al., 2022; Sun et al., 2024; Yoshida et al., 2016), 

the combined use of enzymatic systems together with surface-active molecules 
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represents an underexplored strategy. Therefore, PET was again selected as a case study 

to evaluate a chemo-enzymatic approach in which enzyme mixtures were applied in the 

presence of synthetic surfactants, aiming to improve enzyme adsorption, increase 

surface accessibility, and ultimately enhance monomer release. 

 

3.5.1 The rationale behind the selection of biocatalysts and surfactants for 

polymer degradation 

The selection of the enzymes presented in this study was made not only on their 

natural proficiency in degrading plant biomass, but also, in some cases, on previous 

literature reports highlighting their potential in PET degradation. Specifically, FoCut5a 

could hydrolyze a PET model substrate, BHET and semi-crystalline PET fabrics, 

releasing TPA and MHET, suggesting promise for PET degradation (Dimarogona et 

al., 2015; Kanelli et al., 2015). At the same time, given that TPA can be upcycled into 

value-added products (Araujo et al., 2024; Esmail et al., 2022; P. Liu et al., 2022), 

different esterases such as FoFaeC, MtFae1, and StGE2 were supplemented to the 

reaction mixture to test their potential at increasing TPA yield. Regarding FAEs, such 

as FoFaeC and MtFae1, these enzymes can naturally hydrolyze ester bonds involved in 

the cross-linking between hemicelluloses and/or hemicellulose and lignin. 

Interestingly, in recent years, some of these enzymes have been repurposed for 

synthetic polymer degradation and are considered ideal candidates for enhancing TPA 

yields (Knott et al., 2020; Nikolaivits et al., 2022; Palm et al., 2019; Perez-Garcia et al., 

2023), with FoFaeC standing out as a structural homolog to the MHETase from 

Ideonella sakaiensis (IsMHETase; (Ferousi et al., 2023)). However, itôs important to 

highlight that although both FoFaeC (type C FAE) and MtFae1 (type B FAE) belong 

to the FAE superfamily, the latter enzyme, MtFae1, is classified as a carbohydrate 

esterase of family 1 (CE-1) in the Carbohydrate Active Enzymes database (CAZy) 

(http://www.cazy.org/) (Drula et al., 2022), according to Topakas et al. (Topakas et al., 

2012). Unlike the typical type C FAEs found in the tannase superfamily, such as 

FoFaeC and IsMHETase, MtFae1 structurally diverges, sharing high homology with 

acetyl xylan esterases (Crepin et al., 2004). 

In addition to FAEs, GEs play a crucial role in the degradation of hemicellulose, 

targeting the ester bonds between lignin and glucuronic acid moieties on 

glucuronoxylan of hemicellulose. Despite the similar natural role of both FAEs and 
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GEs in assisting lignocellulose degradation contributing to the separation of lignin and 

hemicellulose, there are only scarce reports about GEs potential for plastic degradation 

(Taxeidis et al., 2024). The unexplored potential of both StGE2 and MtFae1 for 

breaking down synthetic polymers, was the main reason for selecting these enzymes 

for PET degradation, marking a significant advancement in the search for novel 

biocatalysts. 

To further emulate the mechanism employed by fungi to express biosurfactants, 

(Sui et al., 2023), nonionic (Triton-X), anionic (SDS) and cationic (CTAB) chemical 

surfactants were added in the reaction mixture. Like biosurfactants, chemical 

surfactants have been reported to act in a related manner, enhancing enzyme 

performance, especially when catalyzing hydrophobic substrates like plastics (Eberl et 

al., 2009). Research has indicated that surfactants alter the surface charge of the 

polymers causing either enzyme attraction or repulsion. This phenomenon can lead to 

effective results only when the enzyme charge is opposite to that of the materialôs 

surface (Furukawa et al., 2018). For these reasons, our experimental design tested 

different surfactants to determine the most suitable one.  

 

3.5.2 Elucidating enzyme mode of action for PET hydrolysis using model 

substrates 

Before investigating the enzyme potential in PET hydrolysis, synthetic PET model 

substrates (Djapovic et al., 2021) were utilized to validate the enzymesô capability to 

recognize and cleave ester bonds within the PET structure. As shown in Figure 3.5-1A, 

FoCut5a had minor activity on MTPA, while BHET was completely converted to 

MHET and TPA in a ratio of 3:1. According to former reports, other cutinases from F. 

solani and Thermobifida fusca exhibited high activity against BHET releasing MHET 

and TPA, with the latter being formed only after complete hydrolysis of BHET 

to MHET (Eberl et al., 2009). 

Regarding the methyl substituted substrates M(HET)1 and M(HET)2, the cutinase 

action resulted in MTPA as the main hydrolysis products in both cases. In more detail, 

M(HET)1 was cleaved to MHET (13 % of total products), TPA (9 % of total products) 

and MTPA (78 % of total products), implying that the enzyme preferentially cleaves 

MTPA rather than MHET moieties (Figure 3.5-1A). Following the same hydrolysis 

pattern, M(HET)2 was hydrolyzed towards MTPA (47 %) and BHET (3 %), which was 
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further hydrolyzed to MHET (38 %) and TPA (12 %), as shown before (Appendix 

Figure 6). Absence of M(HET)1 again verifies that the enzyme has higher affinity 

towards MTPA moiety.  

Comparing M2(HET)1.5 and M(HET)2, which both consist of two terephthalate 

units, the enzyme activity is almost 40-fold lower in the di-methylated substrate 

(Appendix Figure 8 and Appendix Figure 7, respectively). Analysis of the enzymatic 

mechanism revealed that substrate hydrolysis releases MTPA and M(HET)1, and the 

latter is further cleaved to MTPA or MHET, showcasing the enzymeôs versatility. 

In the case of substrates with three terephthalate units, namely M2(HET)2.5, and 

M(HET)3, the enzymatic activity decreases even further, with M(HET)3 appearing to 

be more hydrolysable by FoCut5a. Both M2(HET)2.5 and M(HET)3 substrates are 

converted to MTPA and MHET (Appendix Figure 9 and Appendix Figure 10, 

respectively), while TPA detection can be attributed mainly after hydrolysis of MHET.
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Figure 3.5-1 Concentration of hydrolysis products detected after treating the synthetic model substrates with FoCut5a (A), FoFaeC (B), MtFae1 (B), and StGE2 (D). Reactions performed at 

30꜡ÁC for 24꜡h. Control reactions (without enzyme) are marked with -C, while enzymatic reactions are marked with -R after the name of the synthetic model substrate. Abbreviations of compounds: 

TPA, terephthalic acid (dark grey bars); MTPA, monomethyl terephthalate (dark grey bars with diagonal lines); BHET, bis(2-hydroxyethyl) terephthalate (black bars); MHET, mono-(2-

hydroxyethyl) terephthalate (light grey bars); M(HET)1, 1-(2-hydroxyethyl)ī꜡4-methylterephthalate (light grey bars with diagonal lines); M(HET)2, monomethyl bis(2-hydroxyethyl 

terephthalate); M2(HET)1,5, ethylene glycol bis(methyl terephthalate); M2(HET)2,5, 1,4-benzenedicarboxylic acid, 1,4-bis[2-[[4-(methoxycarbonyl)benzoyl]oxy]ethyl] ester; M(HET)3, 

monomethyl tris(2-hydroxyethyl terephthalate). Dashed line; left part at mM and right part at ɛM Y-axis scale.
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The two FAEs, FoFaeC and MtFae1, even though they belong to different enzyme 

families, they seem to have the same catalytic behavior (Figure 3.5-1B and Figure 

3.5-1C, respectively), since both enzymes release mostly TPA, regardless of the 

substrate they hydrolyze (Appendix Figure 11 - Appendix Figure 15). In the case of 

MtFae1, also some MTPA was detected, suggesting that unlike FoFaeC, MtFae1 shows 

preference for the ethyl group (Appendix Figure 16 - Appendix Figure 20). Regarding 

StGE2, as depicted in Figure 3.5-1D, this enzyme appears to exhibit much lower 

activity on the tested PET model substrates, compared to the other enzymes, with 

MTPA and MHET being the most abundant products detected (Appendix Figure 21 - 

Appendix Figure 25). Additionally, analyzing the detected hydrolysis products from 

the longer-chain and less-soluble substrates (Djapovic et al., 2021), such as M(HET)2, 

M2(HET)2.5 and M(HET)3, it was revealed that StGE2 firstly removed the MTPA 

groups, and subsequently recognizes and cleaves the MHET moieties that comprise the 

final products of the hydrolysis. This implies that the enzyme does not function like 

MHETases, as observed with FAEs, but rather exhibits a hydrolysis mode of action like 

that of FoCut5a. 

 

3.5.3 FoCut5a hydrolyzes different PET materials  

The hydrolysis potential of PET materials with varying crystallinity and 

morphology, including amorphous PET film (xc 0%), amorphous PET powder (xc 5%) 

and semi-crystalline PET powder (xc 41%) (Nikolaivits et al., 2022) was tested using 

FoCut5a as a biocatalyst.  

As shown in Figure 3.5-2, the cutinase can degrade all PET materials releasing 

mostly TPA and MHET. Comparing the hydrolysis yield of amorphous PET film and 

powder, the amount of degradation products was significantly different. More 

specifically, in the case of amorphous PET powder, approximately 42 ɛM of water-

soluble products were detected, whereas in PET film, almost half of that amount was 

released. This contradiction can be attributed to the much lower surface area of PET 

film compared to PET powder, leading to the exclusion of this material from the 

subsequent tests described below. Regarding amorphous and semi-crystalline powder, 

the product release was also divergent, with only 20 ɛM of PET degradation products 

detected in the case of semi-crystalline powder, further confirming that amorphous 

polymers are more susceptible to degradation (Maurya et al., 2020). Concerning 
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product ratio, MHET consistently emerged as the primary degradation product, 

constituting 69 % to 81 % of total products, while TPA ranged from 20 % to 30 %, with 

only trace amounts of BHET detected. 

 

Figure 3.5-2 Amount (ɛM) of BHET (black bars), MHET (light grey bars) and TPA (dark grey bars) 

released after treating amorphous PET film (xc 0 %), amorphous PET powder (xc 5 %) and semi-

crystalline PET powder (xc 41 %) with FoCut5a. The PET hydrolysis products were detected though 

HPLC chromatography after a 3-day treatment of PET at 40 ÁC. No degradation products were detected 

in control reactions (absence of enzymes). Values are presented as means Ñ standard deviation (SD) of 

three replicates (n=3). The letter(s) above the bars indicate(s) no statistical difference between total 

detected products. 

 

3.5.4 Synergistic degradation of PET in the presence of surfactants 

The hydrolysis of PET oligomers by the FAEs and GEs coupled with their various 

modes of action sparked interest in studying different enzyme mixtures with FoCut5a 

cutinase to cooperatively degrade amorphous PET powder. Building upon the 

knowledge that FoCut5a releases MHET as the main product of PET hydrolysis 

(Figure 3.5-2) and FAEs produce TPA as the end product of PET oligomer hydrolysis 

(Figure 3.5-1), the enzymatic reactions were supplemented with FAEs to convert 

MHET to TPA, thereby increasing the TPA yield.  

Regarding the supplementation of surfactants, their concentrations were selected 

based on former reports studying the interaction between surfactants and cutinases 

homologous to FoCut5a (Arnling Bååth et al., 2022; S. Chen et al., 2010). More 

specifically, the effect of different concentrations of Triton-X (0.06 to 0.6 % w/v) and 

SDS (0.02 to 0.2 % w/v) on the activity of F. solani cutinase,  a close homologue to 

FoCut5a (Dimarogona et al., 2015), has been already studied by Chen et al. with Triton-
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X showing negligible impact, whereas SDS significantly disrupting cutinaseôs stability, 

even at the lowest concentrations (S. Chen et al., 2010). Regarding the cationic 

surfactant, the performance of Thermobifida fusca cutinase (TfC) in PET hydrolysis, 

seems to be enhanced in the presence of 0.07 % (w/v) CTAB (Arnling Bååth et al., 

2022). To put these findings into perspective, we selected to treat PET materials in 

presence of 0.1 % (w/v) Triton-X or CTAB, facilitating this way a direct comparison 

between the two surfactants, while SDS concentration did not exceed 0.02 % (w/v), due 

to its previously observed negative impact on the activity of a highly homologous 

cutinase to FoCut5a.  

In Figure 3.5-3, it is depicted that the complementary action of the cutinase and 

FAEs led to the complete conversion of MHET to TPA in all the conditions studied, 

without, however, enhancing the overall degradation of the bulk polymer. This can be 

attributed to the minor activity of FAEs on PET polymer, as evidenced in the respective 

control reactions. Moreover, the modest increase in total hydrolysis products yielded 

by FoCut5a and FAEs can imply that cutinase is not inhibited by MHET, otherwise the 

cutinase performance would be higher. However, it's important to note that despite 

MtFae1 structural difference from FAEs found in the tannase superfamily, it exhibits 

MHETase activity. To the best of our knowledge, this is the first report to mention 

MHETase activity in an esterase belonging to CE-1 family of CAZy database, sharing 

high homology with acetyl xylan esterases.  

The cooperation of FoCut5a with the StGE2, also resulted in a lower or similar 

amount of hydrolysis products compared to FoCut5a alone in both absence of surfactant 

and in the presence of Triton-X and SDS. Additionally, it is observed that StGE2, failed 

to convert MHET to TPA in almost all conditions tested, a finding aligning with the 

aforementioned results on the model substrates. The non-detection of hydrolysis 

products in all the studied conditions, even though StGE2 showed a similar mode of 

action to that of FoCut5a, leads us to consider that this enzyme may cleave ester bonds 

of PET structure via an endo mode of action. According to previous studies, in such 

cases, the reaction rate is reported to be much lower as there are fewer attack sites for 

the enzyme, resulting in longer-chain, insoluble products (Schubert et al., 2024). 

Focusing on surfactantsô contribution in PET hydrolysis, it was shown that 

FoCut5a released 1.3- and 2.3-fold higher amount of degradation products in presence 

of Triton-X and SDS, respectively, compared to the absence of surfactant, proving that 

the latter is the most efficient surfactant for this enzyme-substrate system at the 
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concentrations tested (Figure 3.5-3). Surprisingly, in the presence of these surfactants 

the released product composition was also dramatically changed with TPA accounting 

for more than 90 % of total products, even when FoCut5a was the only enzyme in the 

reaction mixture. This observation implies that under these conditions cutinase interacts 

also with MHET, leading to ester bond hydrolysis and TPA release. On the other hand, 

in the presence of CTAB the enzymes were almost deactivated, resulting in much lower 

amount of released products. 

Considering the complementary enzymatic interactions, in the presence of SDS, 

FoCut5a - FoFaeC and FoCut5a - MtFae1 resulted to almost 140 and 80 ɛM of total 

products, respectively, amounts 1.9- and 1.2-fold higher compared to cutinase alone, 

whereas StGE2 did not enhance the PET degradation yield. Additionally, when 

FoFaeC, MtFae1 and StGE2 were individually added to the reaction mixture, they could 

degrade amorphous PET powder, releasing 26, 6 and 4 ɛM of water-soluble products, 

respectively, a result that was not observed in the absence of surfactants. On the 

contrary, when CTAB was added to the reaction mixture, esterases alone could release 

modest amounts of TPA and MHET reaching up to 3.5 ɛM, while in presence of Triton 

no products were detected.   

 

Figure 3.5-3 Effect of different surfactants in the degradation of amorphous PET powder. Amorphous 

PET powder was treated with FoCut5a, the three esterases and their combined action. The amount (ɛM) 

of BHET, MHET and TPA (black, light grey and dark grey bars, respectively) was detected though HPLC 
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chromatography after a 3-day treatment of PET at 40 ÁC. No degradation products were detected in 

control reactions (absence of enzymes) or when using esterases alone in presence of Triton-X. Values are 

presented as means Ñ standard deviation (SD) of three replicates (n=3). The letter(s) above the bars 

indicate(s) no statistical difference between total detected products. 

 

3.5.5 Improved degradation of semi-crystalline PET with FoCut5a-FoFaeC 

system in the presence of SDS  

After selecting SDS as the most efficient surfactant, its impact was also 

investigated on semi-crystalline PET hydrolysis. The degradation of crystalline PET 

poses a significant challenge for enzymatic recycling, particularly given that most PET 

waste, including the PET found in most plastic bottles, is highly crystalline (xc>25 %) 

(García, 2022).  

As illustrated in Figure 3.5-4, the presence of SDS notably enhanced the 

performance of FoCut5a in PET hydrolysis, resulting in the release of nearly 38 ɛM of 

water-soluble products; a 1.6-fold increase compared to reactions lacking the 

surfactant. Regarding the complementary effect of FoCut5a and the other esterases, a 

similar trend to that of amorphous PET was observed (Figure 3.5-4). Specifically, in 

the absence of surfactant, the combinations of FoCut5a-FoFaeC and FoCut5a-MtFae1 

led to the complete conversion of MHET to TPA, but overall yielding slightly lower 

degradation products. 

In the presence of SDS, FoCut5a-FoFaeC system demonstrated significant 

improvement in PET degradation, exceeding 48 ɛM of PET products, an amount almost 

2.5-fold higher compared to the same enzyme mixture without surfactant. This 

observation was also evident in the case of amorphous PET, suggesting that SDS 

enhances the performance of these enzymes, leading to more extensive degradation. 

Another notable finding concerns FoCut5a and StGE2 combination, which in absence 

of surfactant significantly enhanced the degradation yield in semi-crystalline PET by 

up to 1.4-fold compared to FoCut5a alone. This result contrasts with the performance 

observed with amorphous PET, highlighting the potential different effect of StGE2 

depending on the polymer's crystallinity. 
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Figure 3.5-4 Effect of 0.02 % (w/v) SDS in the degradation of semi-crystalline PET powder. Semi-

crystalline PET powder was treated with FoCut5a, the three esterases and their combined action. The 

amount (ɛM) of BHET, MHET and TPA (black, light grey and dark grey bars, respectively) was detected 

though HPLC chromatography after a 3-day treatment of PET at 40 ÁC. No degradation products were 

detected in control reactions (absence of enzymes). Values are presented as means Ñ standard deviation 

(SD) of three replicates (n=3). The letter(s) above the bars indicate(s) no statistical difference between 

total detected products. 

 

Regarding the superiority of SDS in FoCut5a-PET catalytic system, this can be 

justified based on the enzyme structure and the occurring electrostatic interaction 

between PET, surfactant, and enzyme. More specifically, SDS and generally anionic 

surfactants can electrostatically interact with positively charged groups from either 

lysine, arginine or histidine (Holmberg, 2018). Ƚn proximity to the FoCut5a active site, 

there is a positively charged region consisting of Arg55, Lys59 and Lys63 (Dimarogona 

et al., 2015), which has been shown to be crucial for PET hydrolysis (related to ñregion 

1ò of Thermobifida cellulosilytica cutinases (Herrero Acero et al., 2013). This finding 

could potentially describe how SDS and FoCut5a interact enhancing enzyme catalysis 

by either loosening the enzyme structure or facilitating the enzyme and substrate 

binding. 

Following critical evaluation of the results, it can be concluded that this study 

provides valuable feedback on a new strategy for increased PET degradation. However, 

https://www.sciencedirect.com/topics/biochemistry-genetics-and-molecular-biology/histidine
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several limitations should be noted that must be further tested and optimized. To begin 

with, different synthetic surfactants may have varying effects on enzyme-polymer 

interactions, warranting more tests to determine optimal surfactant types and 

concentrations. Another critical point that should be further studied includes different 

enzyme/substrate ratios, as optimizing these ratios could significantly enhance 

degradation yields. 

 

3.6  Novel Substrates for Enzymatic screening to facilitate 

metagenomic analysis: PET as case study 

The previous experimental workflow, which relied on agar plate screening, 

secretome analysis, heterologous expression, purification, and gravimetric polymer 

degradation assays, although highly informative, proved to be time-consuming and 

material intensive. Bulk polymer assays require extended incubation times and 

relatively large substrate quantities, limiting their suitability for rapid evaluation of 

crude secretomes or large enzyme libraries. Therefore, the development of sensitive, 

soluble model substrates was followed as a complementary strategy to enable fast, high-

throughput functional screening. 

Within this framework, PET was selected as the model polymer for substrate 

design. Although FoCut5a exhibited only moderate gravimetric activity toward PET 

compared to more readily hydrolyzed aliphatic polyesters such as PCL and PBS, PET 

remains one of the most environmentally relevant and industrially abundant synthetic 

polyesters. Its aromatic backbone, high crystallinity, and intrinsic resistance to 

enzymatic hydrolysis make it a structurally demanding substrate. Therefore, the 

capacity to detect even low levels of PET-related esterolytic activity is particularly 

valuable when aiming to identify enzymes with potential industrial applicability. 

By using PET as a case study, the newly developed model substrates were 

specifically designed to mimic structurally complex aromatic polyester motifs. This 

strategy enables the early detection of enzymes capable of acting on recalcitrant 

polyester structures before proceeding to labor-intensive solid polymer assays. In this 

context, the transition from traditional bulk degradation experiments to sensitive 

model-substrate screening does not replace established methodologies; rather, it 

represents a logical methodological evolution toward a more efficient enzyme 
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discovery pipeline that effectively bridges crude secretome analysis with recombinant 

enzyme validation. 

 

3.6.1 Selection of candidate enzymes and their ability to degrade 

amorphous PET   

The PET-degrading enzymes used in this study have been previously investigated 

for their activity on PET substrates, exhibiting varying degrees of hydrolytic efficiency. 

This variability provides a suitable framework for evaluating the performance of the 

labeled model substrates in differentiating enzyme candidates according to their PET-

degrading ability. More specifically, PET hydrolases LCCICCG, IsPETase, and MoPe 

exhibit different performances in PET depolymerization, allowing their correlation with 

the labeled substrates. Additionally, FoFaeC is a representative tannase-like FAE 

(Dimarogona et al., 2020; Ferousi et al., 2023; Topakas et al., 2003) that can release 

hydroxycinnamic acids from hemicellulose and pectin, hydrolyzing the ester bond 

with L-arabinofuranose-containing polysaccharides.(Topakas et al., 2007) IsMHETase 

from I. sakaiensis is the only known MHET esterase, yielding TPA and ethylene 

glycol.(Palm et al., 2019) Despite the low sequence identity shared between FoFaeC 

and IsMHETase (27% for 82% coverage), IsMHETase also belongs to FAE-like 

enzymes(Knott et al., 2020) and is a structural homolog of FoFaeC with a Z-score of 

35.0 and a Root-Mean-Square Deviation (RMSD) of 2.6 ¡.(Ferousi et al., 2023) 

FoFaeC was selected as an intriguing candidate not only because it could be possibly 

assayed when conducting functional screening tests for PETases, but also due to this 

enzymeôs capacity to hydrolyze PET oligomers yielding TPA.(Nikolaivits et al., 2022) 

Apart from FoFaeC, enzymes hydrolyzing natural polymers were also selected in this 

study, considering the structural and chemical similarities shared between natural and 

synthetic polymers.(C. C. Chen et al., 2020) Glucuronoyl esterases are carbohydrate 

esterases that have been reported to hydrolyze ligninïcarbohydrate ester bonds in 

lignin-carbohydrate complexes.(Zong et al., 2022) To the best of our knowledge these 

enzymes have never been tested in synthetic polymer degradation. On the contrary, 

lipases have long been reported to hydrolyze petroleum-based polyesters(Tokiwa & 

Suzuki, 1977), exhibiting degrading activity on poly(Ů-caprolactone) (PCL)(Mohanan 

et al., 2022; Tokiwa & Suzuki, 1977), polyethylene succinate (PES)(Mohanan et al., 

2022), and PET fabrics and films.(Eberl et al., 2009) Especially for the A. niger lipase 
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used in this study, according to Ion et al., this enzyme acts as a BHETase, hydrolyzing 

BHET to MHET and TPA, with the conversion of MHET to TPA being a time and 

enzyme concentration-dependent process.(Ion et al., 2021) In pursuit of evaluating a 

crude enzyme preparation against labeled substrates, the culture supernatant from F. 

oxysporum BPOP18 (FusIm) induced by Impranil® DLN-SD was also employed.  

All the above-mentioned enzymes were tested for their degrading activity on 

amorphous PET and the amount of TPA and MHET released is depicted in Figure 

3.6-1. Treatment of PET powder with equivalent amounts of known polyesterases, led 

to considerable amounts of monomer release approaching 450 mg/mg enzyme for 

LCCICCG, while the corresponding amount in the case of MoPE was almost 300-fold 

lower. Conversely, FoFaeC, A. niger lipase, StGE2, and FusIm demonstrated negligible 

PET degradation activity, releasing no more than 0.54 mg of degradation products per 

mg of enzyme (Figure 3.6-1). These findings serve as a benchmark for evaluating the 

efficacy of the labeled substrates in distinguishing PET hydrolases from general ester-

cleaving enzymes, classifying, at the same time, PET hydrolases based on their 

performance on the polymer.  

 

Figure 3.6-1 Amount (mg/mg enzyme) of MHET (grey bars) and TPA (white bars) released after treating 

amorphous PET powder with pure enzymes and a crude enzyme mixture. The PET oligomers were 

detected though HPLC chromatography after a 3-day treatment of PET at 30 ÁC. No degradation 

products were detected in control reactions (absence of enzymes). 
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3.6.2 Fluorogenic model substrates potential for assaying PET-degrading 

activity 

The kinetic characteristics of the different PET hydrolases were determined on the 

fluorescent substrates, where the results revealed variations in their catalytic efficiency 

(kcat/KM). For example, in mUPET1 and mUPET2, the catalytic efficiency ranged from 

7.5 to 20.8 M-1s-1 and 4.1 to 9.0 M-1s-1, respectively (Figure 3.6-2). In contrast, the 

other esterases exhibited significantly lower catalytic efficiencies, as the highest kcat/KM 

value was 9-fold lower in mUPET1 and 25-fold lower in mUPET2 compared to the 

least efficient PET hydrolase (Figure 3.6-2A, Figure 3.6-2B).  
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Figure 3.6-2 Catalytic efficiency (kcat/KM) of each enzyme on mUPET1 (A), mUPET2 (B), and mUPET3 

(C). The star symbol (*) indicates no statistical difference between values. 

When mUPET3 was used as a substrate, the catalytic efficiencies determined 

ranged from 0.06 to 0.6 Mï1 sï1, which were up to 280-fold lower compared to the other 

fluorescent substrates (Figure 3.6-2C). All enzymes displayed similar kcat/KM values, 

except for LCCICCG that exhibited the highest catalytic efficiency, which was up to 10-

fold greater than those of the other enzymes. This finding suggests that mUPET3 might 

be able to differentiate highly efficient PET hydrolases, whereas enzymes with little or 

no activity on PET, like StGE2, have negligible activity on this substrate, which does 

not allow the calculation of kinetic constants. 

In the context of this study, the turnover number (kcat) was also calculated (Table 

3.6-1). The kcat of IsPETase on mUPET1 was found to be 1.5- and 1.7-fold higher 

compared to those of LCCICCG and MoPE, respectively, reaching almost 0.5 × 10ï4 sï1. 

However, a different trend was observed for mUPET2, since the kcat of MoPE was up 

to 2.4-fold higher than those of LCCICCG and IsPETase, whose turnover numbers 

remained relatively consistent, as those before. In general, it is important to note that 

the kcat values of enzymes with PET-degrading activity are at least 34- and 76-fold 

higher in mUPET1 and mUPET2, respectively, compared to those of the best-

performing esterase. 

Furthermore, when examining mUPET3, LCCICCG exhibited the maximum kcat, 

which was 4.5- and 13-fold higher than IsPETase and MoPE, respectively (Table 

3.6-1). This reaffirms earlier observations regarding the kcat/KM values (Figure 3.6-2), 

highlighting the superior catalytic efficiency of LCCICCG for PET degradation. It is 

noteworthy that the determined turnover numbers for this substrate were at least 10-

fold lower than those of mUPET1 and mUPET2. The reduced turnover rates can be 

attributed to the fact that kcat defines the release rate of the fluorescent moiety, and since 

mUPET3 contains four ester bonds, the cleavage of that specific bond has a slower rate. 

Regarding the KM values, these can be generally described by the following 

correlation, KM(mUPET3)> KM(mUPET2)> KM(mUPET1) (Table 3.6-1). This pattern could be 

the result of the elevated hydrophobicity when the substrate size increases and/or the 

fact that bulkier substrates exhibit greater steric hindrance leading to reduced enzyme 

affinity. Based on this observation, the KM values of LCCICCG were significantly 

impacted in comparison to their corresponding values in mUPET1, since its KM was 
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increased by 4.5- and 13.4-fold for the hydrolysis of mUPET2 and mUPET3 substrates, 

respectively. 

Regarding StGE2 and A. niger lipase, the affinity of the glucuronoyl esterase was 

among the highest in mUPET1 and mUPET2, whereas the affinity of A. niger lipase 

was the greatest in mUPET2 and mUPET3 (Table 3.6-1). Although these enzymes 

exhibit significantly high affinity for these substrates, probably due to esterasesô 

preference for PET oligomers, neither their catalytic efficiency nor PET powder 

degradation establishes them as potential PET degraders. Besides, it is known that these 

enzymes can hydrolyze the ester bond within the PET oligomers without necessarily 

having the capability to extensively degrade the PET polymer itself.(Herrero Acero et 

al., 2011; Pérez-García et al., 2021) Due to these reasons, KM cannot be considered an 

indicator that can be correlated with enzyme performance on PET polymer, so an 

enzyme selection should not rely only on this kinetic parameter.  

 ND- not determined 

Table 3.6-1: KM constant (ɛM) and kcat (s-1) of each enzyme on mUPET1 (A), mUPET2 (B) and 

mUPET3 (C).  
(A) mUPET1 KM (ɛM) kcat (s-1) 

LCCICCG 1.6 ± 0.1 3.4 x 10-5 ± 0.1 x 10-5 

IsPETase 6.7 ± 0.6 5.0 x 10-5 ± 0.2 x 10-5 

MoPE 1.9 ± 0.1 3.0 x 10-5 ± 0.1 x 10-5 

StGE2 0.7 ± 0.1 5.7 x 10-7 ± 0.1 x 10-7 

A. niger lipase 5.7 ± 0.5 8.7 x 10-7 ± 0.1 x 10-7 

(B) mUPET2 KM (ɛM) kcat (s-1) 

LCCICCG 7.2 ± 0.7 5.8 x 10-5 ± 0.2 x 10-5 

IsPETase 9.3 ± 0.8 3.8 x 10-5 ± 0.1 x 10-5 

MoPE 15.6 ± 1.5 1.4 x 10-4 ± 0.1 x 10-5 

StGE2 4.7 ± 0.4 3.4 x 10-7 ± 0.1 x 10-7 

A. niger lipase 1.0 ± 0.1 5.0 x 10-7 ± 0.1 x 10-7 

(C) mUPET3 KM (ɛM) 
 

kcat (s-1) 

LCCICCG 21.7 ± 2.8 1.3 x 10-5 ± 0.1 x 10-5 

IsPETase 34.1 ± 5.5 2.8 x 10-6 ± 0.3 x 10-6 

MoPE 17.4 ± 2.1 9.9 x 10-7 ± 0.5 x 10-7 

StGE2 ND ND 

A. niger lipase 0.6 ± 0.1 5.6 x 10-8 ± 0.2 x 10-8 
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Considering all the aforementioned kinetic parameters, each substrate can give 

important information, allowing screening and sorting of the studied enzymes based on 

their efficiency. Especially for mUPET1 and mUPET2, these substrates could identify 

the enzymes with activity on PET (Figure 3.6-2), as their kcat and kcat/KM values were 

up to 400- and 137-fold higher than those of the other enzymes tested. Regarding 

mUPET3, the corresponding values proved that this substrate could identify and 

differentiate highly efficient PET hydrolases such as LCCICCG, not to mention that the 

esterases with imperceptible activity on PET polymer had either low or no activity on 

this substrate; a piece of useful evidence as interference of insufficient hydrolases can 

be avoided. 

3.6.3 Limitations using labeled substrates for screening PET-hydrolases  

The newly designed and synthesized labeled substrates have been demonstrated as 

novel tools for assaying the PET-degrading activity of characterized enzymes, as they 

can rapidly identify PET-degrading candidates and even differentiate those with high 

activity on PET. Aiming to understand any potential limitations that the labeled 

substrates would pose, the class of PET oligomer-degrading enzymes was investigated. 

This investigation was motivated by a previous study wherein a novel enzyme called 

PET46 was discovered through a sequence-based metagenome search for PETases. 

PET46 shares structural similarities with feruloyl esterases and exhibits the ability to 

hydrolyze MHET, BHET, and synthetic PET oligomers, including 3PET. However, its 

activity on PET polymer was significantly lower when compared to benchmark 

enzymes such as IsPETase and LCC (Perez-Garcia et al., 2023). In this context, we also 

assessed the ability of the labeled substrates to differentiate between FAEs/MHETases 

and PETases. Similar observations were also observed in our case, as FoFaeC showed 

874-fold, 5-fold, and 9-fold greater catalytic efficiency on mUPET1, mUPET2, and 

mUPET3, respectively, when compared to the next best-performing enzyme (Table 

3.6-1 and Table 3.6-2). The results obtained in our study demonstrate that FAEs can 

also generate false-positive indications, a fact that should be considered when using 

mUPET substrates. This limitation may also apply to MHETases considering the high 

similarity in mode of action to FAEs. 

The remarkably high catalytic efficiency of FoFaeC compared to those of the other 

enzymes tested, alongside the similar KM values found in mUPET substrates despite 

their structural diversity, implies a plausible mechanism whereby FoFaeC 
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preferentially recognizes and cleaves the fluorogenic moiety of the substrate. To further 

examine this hypothesis, FoFaeC was also assayed with 4-mU- and p-NPhOH-

octanoate, which is a substrate specified for measuring lipase activity. Interestingly, the 

catalytic efficiency determined using 4-mU-octanoate as a substrate was more than 

100,000-fold higher compared to that obtained using p-NPh-octanoate, although the 

enzyme should in theory recognize the acyl moiety of each substrate. Furthermore, 

the KM values of mUPET1, mUPET3, and 4-mU-octanoate did not exhibit statistically 

significant differences, indicating similar substrate affinities. Similarly, the KM of 

mUPET2 fell within a similar range, but on the other hand, the KM value of p-NPh-

octanoate was significantly higher. All of these findings collectively indicate that this 

specific enzyme effectively cleaves the 4-mU moiety, highlighting the limitations of 

assaying FAEs/MHETases, with 4-mU-labeled substrates. Simultaneously, the much 

lower affinity and catalytic efficiency of FoFaeC toward the p-NPhOH moiety is an 

observation that will be explored in greater depth within this study, since the utilization 

of substrates with alternative labeling may potentially enable the differentiation 

between FAEs/MHETases and actual PETases. 

 

Table 3.6-2 KM constant (ɛM), kcat (s-1), and kcat/KM (M-1 s-1) of FoFaeC on mUPET substrates, 4-mU-octanoate, and p-

NPh-octanoate 

Substrate KM (ɛM) kcat (s-1) kcat/KM (M -1 s-1) 
 

mUPET1 1.7 x 10-3 ± 0.1 x 10-3 a 30.0 x 10-3 ± 0.4 x 10-3 18.0 x 103 ± 1.2 x 103 

mUPET2 7.5 x 10-3 ± 0.6 x 10-3 3.8 x 10-4 ± 0.1 x 10-4 51.0 ± 4.6 

mUPET3 2.2 x 10-3 ± 0.3 x 10-3 a 11.0 x 10-6 ± 0.4 x 10-6 5.3 ± 0.7 

4-mU-octanoate 1.9 x 10-3 ± 0.3 x 10-3 a 2.1 x 10-3  ±  0.1 x 10-3 12.0 x 102 ± 1.8 x 102 

p-NPh-octanoate 7.7 x 10-1 ± 0.7 x 10-1 8.5 x 10-6 ± 0.2 x 10-6 1.1 x 10-2  ± 0.1 x 10-2 

a:  the values exhibit no statistically significant difference 

 

Taking all the above into account, it is noteworthy that fluorescent substrates serve 

as a valuable tool for the rapid identification and assessment of enzymes with PETase 

activity. Particularly, these labeled substrates are well-suited for screening mutant 

libraries or characterizing engineered PETases, providing valuable insights into enzyme 

performance as they can promptly evaluate their activity on PET. Moreover, these 

substrates enable determination of kinetics without the requirement for additional 
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secondary analyses, thereby making the screening process more efficient. However, it 

should be mentioned that the same compounds are not recommended when screening a 

metagenomic library since the possible presence of FAEs/MHETases can result in 

false-positive indications, necessitating subsequent tests using PET polymer. 

In addition to quantifying the enzymatic activities of various 4-mU PET analogues, 

a quick qualitative assay can be conducted using a 96-well microplate under room 

temperature conditions and UV light exposure (Figure 3.6-3). However, attempts to 

develop an agar-plate-based screening assay utilizing the 4-mU PET analogues for 

direct assessment of an E. coli mutant library were unsuccessful. One possible 

explanation for this outcome is the inability of the labeled substrates to penetrate the 

intracellular space and undergo hydrolysis by the recombinantly expressed enzymes. 

Hence, it is advisable to utilize an enzyme-secreting expression host for the 

establishment of an agar plate assay screening. 

 

Figure 3.6-3 Qualitative assay using 100 ɛɀ of mUPET2 as a substrate. The reactions were conducted 

in a total volume of 100 ɛL, using 0.1 M phosphate buffer at pH 7. After the addition of 10 ɛL of each 

enzyme, the plate was left to incubate for 30 seconds at room temperature before being exposed to UV 

light. 

 

3.6.4 Use of a chromogenic substrate for PETase activity screening  

As shown by the kinetic results, mUPET3 proved superior in the identification of 

enzymes with high PET-degrading activity compared with the other fluorogenic 

substrates. Additionally, the reduced binding affinity of FAE toward the p-NPhOH 
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moiety (Table 3.6-2) prompted us to synthesize a new substrate (p-NPhPET3), akin to 

mUPET3, wherein 4-mU was replaced with p-NPhOH as a chromophore (Figure 

2.13-2D). The hydrolysis of p-NPhPET3 can be easily assayed by vis spectroscopy, a 

fact that makes its use more laboratory-friendly, not to mention that it is partially 

insoluble under assay conditions, resembling the hydrophobic and insoluble structure 

of PET. 

At this point, another notable benefit of UV/vis spectroscopy is its capability to 

assay a broader range of enzyme preparations, including the microbeôs exoproteome. 

This exoproteome (or secretome) is another source for discovering novel PETases, 

although screening with fluorescent substrates is often restrictive according to the 

principles of fluorescence microscopy. More specifically, screening crude enzymes 

derived from culture supernatants can interfere with a fluorescent assay, since 

compounds with significant biological activity can be fluorescent themselves or act as 

a quencher.(Simeonov & Davis, 2004) For example, secondary metabolites, such as 

flavonoids, contribute the most to background fluorescence interfering with the 

fluorescence emission of 4-mU (Kongkamnerd et al., 2011). In the case of whole-cell 

screening, it should be considered that NADPH fluorescence wavelength bands 

(excitation range 320-380 nm, emission range, and 420-480 nm) overlap with those of 

4-mU (Cannon et al., 2021; Simeonov & Davis, 2004). 

For all these reasons, the screening assay utilizing p-NPhPET3 included not only 

purified enzymes but also FusIm; the induced secretome of F. oxysporum, wherein 

various enzymes including lipases, cutinases, and carboxypeptidases have been 

identified (Taxeidis et al., 2023). These enzymes have putative PETase activity 

(Tournier et al., 2023), therefore FusIm was also included in our study and tested with 

p-NPhPET3. As shown in Figure 3.6-4, FoFaeC could extensively hydrolyze p-

NPhPET3 exceeding 13 units/mg enzyme, verifying again the conclusion that FAEs 

present particularly high activity on these substrates. Regarding the other enzymes, the 

activity of LCCICCG, IsPETase, and MoPE was approximately 2- to 4-fold higher than 

that of StGE2, which exhibited the highest activity among A. niger lipase and FusIm, 

reaching 0.45 units/mg enzyme. Furthermore, the activity of FusIm showed no 

statistical difference compared to StGE2, while the activity of A. niger lipase fluctuated 

at the same level, indicating that the p-NPhPET3 substrate could successfully 

differentiate PET hydrolases from the ester-cleaving enzymes. However, it is worth 

noting that FusIm is a crude enzyme preparation, leading to a lower ratio of enzymes 
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with actual PETase activity, a fact which potentially underestimates its ability in PET 

hydrolysis. 

 

Figure 3.6-4 Specific activity (Units/mg enzyme) of various enzymes on p-NPhPET3. The star symbol 

(*) indicates no statistical difference between values. 

  

Despite the need for a centrifugation step prior to analysis, p-NPhPET3 stands out 

as a useful tool for effectively sorting enzymes based on their PET-degrading ability 

and allows the screening of both pure and crude enzymes obtained from culture 

supernatants. Considering the limitations above, both chromogenic and fluorogenic 

substrates can be used not only for determining the activity of putative PETases but 

also as screening tools in high-throughput assays for molecular evolution studies. Also 

in this case, we observed that the performance of PET hydrolases mirrors that of real 

PET, with LCCICCG emerging as the most efficient candidate for PET hydrolysis when 

assessed with the chromogenic substrate. Regarding the other ester-cleaving enzymes, 

both glucuronoyl esterase StGe2 and A. niger lipase demonstrated comparable levels of 

PET degradation performance and exhibited similar activity in p-NPhPET3, 

whereas FusIm displayed a minimal impact on PET degradation despite its activity 

being comparable to that of StGe2. This discrepancy may be attributed to the presence 
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of other enzymes within the induced secretome, particularly feruloyl esterases, as 

previously discussed in a study by Taxeidis et al (Taxeidis et al., 2023). 

Overall, these substrates offer significant advantages in terms of time efficiency 

and cost-effectiveness as they can reliably and directly determine enzymes with PETase 

activity. Particularly during enzyme screening, which involves numerous candidates, 

the substrates can be inexpensively synthesized, significantly reducing both the cost 

and time required compared to HPLC analysis. Notably, this assay enables kinetic 

measurements of up to 96 samples, offering a substantial advantage over HPLC, which 

at the same time can only measure a single time point of one sample. 

Moreover, this screening assay demands smaller enzyme amounts compared to 

PET degradation studies due to the high sensitivity of fluorescence, also providing 

initial insights into enzyme performance and subsequently reducing reaction times for 

PET degradation. Finally, considering the high costs associated with purchasing and 

maintaining the HPLC infrastructure, the economic feasibility of substrate synthesis 

becomes even more evident, as this method can eliminate the large number of samples 

needed to be measured with liquid chromatography, further highlighting the advantages 

of the assay. 

 

3.7  Closed loop of plastic degradation: A simulation study of PET 

blends with other polymers 

Despite advances in enzymatic depolymerization and improved screening 

methodologies, plastic materials ultimately enter complex waste streams where 

efficient separation is not always feasible. In practice, polymers rarely exist as pure 

fractions; instead, post-consumer waste increasingly consists of mixed (petro-

bio)plastic systems due to the growing incorporation of biodegradable polymers into 

conventional recycling streams. Managing plastic pollution remains one of the most 

pressing societal and environmental challenges, with nearly 79% of plastic waste 

accumulating in landfills or natural environments, while only a minor fraction is 

effectively recycled (Geyer et al., 2017; L. Wang et al., 2023). Although PET is often 

considered among the most circular plastics, mechanical recycling is severely limited 

by contamination and polymer incompatibility, whereas chemical recycling remains 

energy- and environmentally intensive (G Schyns et al., 2021; Thiounn & Smith, 2020). 
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At the same time, the rapid expansion of bioplastics such as PLA and thermoplastic 

starch (TPS) further complicates existing recycling infrastructures, as these materials 

are frequently co-disposed with fossil-based plastics, forming mixed streams that are 

technically and economically difficult to separate (Rosenboom et al., 2022). Failure to 

properly sort such materials often results in incineration or landfilling, undermining 

circularity efforts (Kulas et al., 2023). Therefore, developing alternative end-of-life 

strategies capable of handling mixed plastic waste without extensive pre-sorting is of 

critical importance. 

In order to achieve plastic circularity, the present study proposes an alternative end-

of-life management strategy aimed at preventing incineration or landfilling of mixed 

plastics by demonstrating a biotechnological route for the degradation of mixed (petro-

bio)plastic material (i.e., PETïTPS), followed by bio-upcycling into high added-value 

bacterial nanocellulose (BNC). In our pursuit of a more sustainable option for such 

mixed plastic waste streams, this work was structured into three main stages, as 

illustrated in Figure 3.7-1. 

Building upon the enzymatic strategies described in the previous sections, the first 

stage involved enzymatic depolymerization of mixed PETïTPS materials using 

commercially available enzymes and the benchmark PET hydrolase LCCICCG. 

Thermostable cutinases such as LCCICCG have demonstrated high efficiency toward 

PET and, notably, exhibit activity toward biodegradable polyesters including PCL, 

PBS, PHB, and PLA (Makryniotis et al., 2023), making them attractive candidates for 

mixed plastic treatment. The second stage focused on the identification and 

quantification of the degradation products followed by the microbial bioconversion of 

the resulting hydrolysates into BNC, a high-performance bio-based polymer with 

exceptional mechanical properties and broad application potential (Navya et al., 2022). 

Through this integrated approach, enzymatic depolymerization was directly coupled 

with biological upcycling, establishing a closed-loop model for mixed plastic 

valorization. This strategy bypasses the need for costly sorting, reduces secondary 

waste generation, and demonstrates the feasibility of transitioning from a linear disposal 

model toward a circular bio-based plastic economy 
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Figure 3.7-1 Schematic detailing the main stages of the proposed biotechnological route for the end-

of-life management of mixed plastic waste: a) preparation of a model mixed (petro-bio)plastic (PET-

TPS) system; b) biodegradation of mixed (petro-bio)plastics resulting in low-cost starting materials; 

and c) bio-upcycling of low-cost waste-derived materials into new high-value eco-polymers. 

 

3.7.1 Enzymatic hydrolysis of the mixed PET-TPS films 

The fabrication and physicochemical characterization of the PETïTPS materials 

were performed by project collaborators at Technological University of the Shannon 

(TUS), Ireland. A concise summary of the methodology and key material properties is 

provided in section ñ2.16 Biodegradation of the mixed PET-TPS materialsò for 

completeness, while the full experimental details and dataset are reported in Araujo et 

al. (Araujo et al., 2024). 

To investigate the breakdown of the mixed PET-TPS samples, we selected LCCICCG 

and AMY as these enzymes show great performance in PET degradation (Tournier et 

al., 2023)  and starch hydrolysis (Miğek & Lamkiewicz, 2022).  Given that there are no 

similar materials mentioned in the literature, the enzyme/substrate ratio utilized was 

almost 80 times lower than whatôs usually mentioned in low crystallinity PET 

degradation (Tournier et al., 2023), significantly contributing to the feasibility and 

viability of the process. 

The degradation of prepared mixed (petro-bio)plastic films was determined by 

analyzing the percentage enzymatic depolymerization of PET-TPS films in comparison 

to that of neat PET. Post-enzymatic degradation amounts of BHET, MHET, and TPA 

were determined via HPLC analysis, while the amount of total reducing sugars released 

in the reaction medium was monitored using the DNS method. Finally, the synergism 

between LCCICCG and AMY was calculated to further examine the performance of the 

combined enzymatic treatment in the biodegradation of mixed PET-TPS materials. 

LCCICCG has a known optimal temperature at around 70 ÁC (Tournier et al., 2020), while 
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AMY shows a wide temperature range from 20 to 70 ÁC (Tomasik & Horton, 2012). 

Here, we sought to investigate the impact of the temperature on the synergistic effect 

of LCCICCG/AMY to convert mixed PET-TPS plastics into their basic building blocks 

by performing degradation tests at three different temperatures, i.e. 30, 50, and 70 ÁC.  

The degradation of the mixed PET-TPS materials was initially studied at 30 °C 

(Figure 3.7-2a). The enzymatic decomposition of samples occurred mostly due to 

AMY action, an expected result considering the low activity of LCCICCG at this 

temperature (Shirke et al., 2018). Enzymatic depolymerization was below 20% for all 

samples in the reaction systems containing AMY and LCCICCG/AMY, except when the 

PET-TPS40 material was degraded by LCCICCG/AMY and a maximum 

depolymerization of 30.1 ± 0.9% was observed. The enzymatic degradation of PET-

TPS films was further confirmed by detecting and quantifying degradation products 

from the hydrolysis reaction, from which TPA, MHET, and BHET were detected as 

PET intermediate products. As expected, the total amount of PET intermediates 

released was very low at 30 °C, around only 0.01 mg·mLī1, or in some cases not 

detected at all (Figure 3.7-2b). This clearly indicated that this temperature is not 

favorable for any enzymatic treatment investigated for the mixed PET-TPS plastic. 

Nevertheless, PET-TPS40 had the highest amount of reducing sugars among all 

degraded films at 30 °C (Figure 3.7-2c), increasing from 1.43 ± 0.1 mg·mLī1 after 

AMY treatment to 3.0 ± 0.2 mg·mLī1 when both enzymes were combined in the 

LCCICCG/AMY treatment, which indicated a synergistic decomposition effect. This 

finding was clearly shown by DS = 2.0 for PET-TPS40, which was the highest value 

observed at 30 °C (Figure 3.7-2d). 
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Figure 3.7-2 Enzymatic degradation study on the mixed PET-TPS films using AMY, LCCICCG, and 

LCCICCG/AMY at 30 : (a) Enzymatic decomposition (%) calculated from the total degradation products 

(BHET, MHET, TPA, and reducing sugars); (b) Total PET products released detected by HPLC analysis; 

(c) Reducing sugars detected via the DNS method; and (d) Comparison of degree of synergism (DS) for 

the different mixed PET-TPS samples. DS was calculated from the total decomposition by LCCICCG/AMY 

in relation to each individual enzymatic treatment. Reactions were carried out for four days under 

constant agitation (1200 rpm) using 30 ɛg of AMY, 0.12 ɛg of LCCICCG, or a combination of both 

enzymes in 0.1 M phosphate buffer, pH = 7. The concentration of 100% PET-TPS degradation products 

is equivalent to 10 mg·mL-1. Tests were carried out in triplicate; error bars represent the standard 

deviation of the mean values. 

Then, the degradation reaction of the mixed PET-TPS films was studied at 50 °C. 

As it can be clearly seen in Figure 3.7-3a, the overall performance of the enzymatic 

treatments was improved with the temperature increase, indicating that both AMY and 

LCCICCG enzymes are active at 50 °C. The improved degradation was attributed to the 

activation of LCCICCG, as demonstrated by a 15% depolymerization of neat PET film 

treated with only LCCICCG. Moreover, the combined LCCICCG/AMY treatment 

synergistically improved the enzymatic decomposition of the PET-TPS films, with 

depolymerization rates up to 31%. This was supported by an increase in the total 

concentration of TPA, MHET, and BHET released from PET-TPS films after the 

LCCICCG/AMY treatment at 50 °C, which ranged from 1.9 to 2.3 mg·mLī1 (Figure 
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3.7-3b). Reducing sugars were detected in all treatment scenarios at 50 °C, however 

this was limited to only 1.3 mg·mLī1 was detected for PET-TPS40 treated with AMY 

alone (Figure 3.7-3c). As suggested above, increased enzymatic depolymerization was 

correlated with the enzymatic degradation synergy for the mixed PET-TPS films, 

particularly for the PET-TPS10 sample that showed a DS = 1.5 (Figure 3.7-3d). 

 

Figure 3.7-3 Enzymatic degradation study on the mixed PET-TPS films using AMY, LCCICCG, and 

LCCICCG/AMY at 50 : (a) Enzymatic decomposition (%) calculated from the total degradation products 

(BHET, MHET, TPA, and reducing sugars); (b) Total PET products released detected by HPLC analysis; 

(c) Reducing sugars detected via the DNS method; and (d) Comparison of degree of synergism (DS) for 

the different mixed PET-TPS samples. DS was calculated from the total decomposition by LCCICCG/AMY 

in relation to each individual enzymatic treatment. Reactions were carried out for four days under 

constant agitation (1200 rpm) using 30 ɛg of AMY, 0.12 ɛg of LCCICCG, or a combination of both 

enzymes in 0.1 M phosphate buffer, pH = 7. The concentration of 100% PET-TPS degradation products 

is equivalent to 10 mg·mL-1. Tests were carried out in triplicate; error bars represent the standard 

deviation of the mean values. 

Finally, the enzymatic degradation of the mixed PET-TPS films treated with AMY, 

LCCICCG, and LCCICCG/AMY was assessed at 70 ÁC. It was clear that this temperature 

exhibited the best overall biodegradation results in our study (Figure 3.7-4), which 

correlated to improved enzymatic activity for both enzymes at temperatures exceeding 

60 ÁC (Ruiz et al., 2011; Tournier et al., 2020). As expected, LCCICCG alone showed an 

improved performance of 53.5 Ñ 0.1% enzymatic decomposition for neat PET film at 
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70 ÁC. Similarly, this enzyme increased the degradation of the mixed PET-TPS films 

from around 19% at 50 ÁC up to 32% at 70 ÁC, as depicted in Figure 3.7-4a. Most 

importantly, the synergistic action of LCCICCG/AMY was evident at 70 ÁC, at which a 

significant improvement in depolymerization was noted for all mixed PET-TPS 

samples. The combined LCCICCG/AMY action remarkably increased enzymatic 

decomposition percentages to 56, 60, 70, and 77% for the mixed PET-TPS5, PET-

TPS10, PET-TPS30, and PET-TPS40 materials, respectively. Compared to the LCCICCG 

single treatment, the LCCICCG/AMY synergistic action exhibited a 2.0-, 1.9-, 2.2-, and 

2.6-fold increase in enzymatic decomposition. Thus, this was a clear evidence of the 

synergism promoted by the dual-enzyme preparation on the depolymerization of the 

mixed (petro-bio)plastic samples. Moreover, this exceptional overall performance was 

attributed to a noteworthy boost observed for degradation products released during the 

hydrolysis reaction deriving from both PET and TPS counterparts in the mixed (petro-

bio)plastic materials. 

 The detection of total PET intermediate products (TPA, MHET, and BHET) is 

shown in Figure 3.7-4b. AMY does not degrade PET, so no release of TPA, MHET or 

BHET was observed. It can be noted that the PET degradation products released from 

the neat PET film remained practically the same after both LCCICCG and LCCICCG/AMY 

treatments at around 5.2 mgĿmLī1, which was equivalent to a 56% PET conversion. 

However, it is evident that the presence of this enzyme in the LCCICCG/AMY treatment 

had an important role in synergistically increasing the total mixed PET-TPS film 

conversion. The addition of AMY to the LCCICCG enzyme led to an increase in the total 

amount of reducing sugars (Figure 3.7-4c).  



149 

 

 

Figure 3.7-4 Enzymatic degradation study on the mixed PET-TPS films using AMY, LCCICCG, and 

LCCICCG/AMY at 70 : (a) Enzymatic decomposition (%) calculated from the total degradation products 

(BHET, MHET, TPA, and reducing sugars); (b) Total PET products released detected by HPLC analysis; 

(c) Reducing sugars detected via DNS method; and (d) Comparison of DS for the different mixed PET-

TPS samples. Tests were carried out in triplicate; error bars represent the standard deviation of the mean 

values. 

As expected, the amount of total reducing sugars detected for the mixed PET-TPS40 

film after enzymatic treatment with AMY at 70  increased to 1.74 Ñ 0.1 mgĿmLī1. 

Notably, when PET-TPS40 was treated with LCCICCG/AMY, the amount of total 

reducing sugars surged to 3.24 Ñ 0.3 mgĿmLī1, a highest in the extent of saccharification 

among all enzymatic treatments. The identification of reducing sugars provides insights 

into the simultaneous degradation of the mixed PET-TPS materials, and proves that the 

synergistic action of these enzymes is of vital importance in order to achieve higher 

degradation yields. Regarding DS of LCCICCG/AMY at 70 , it varied from 1.4 to 1.8, 

with the highest value observed in the case of PET-TPS30 (Figure 3.7-4d). It is worth 
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noting that the DS does not appear to be influenced by the temperature, with similar 

values observed at 30 (Figure 3.7-2d) and 50  (Figure 3.7-3d). However, the overall 

enzymatic depolymerization showed a strong correlation with the reaction temperature 

change, indicating optimal enzymatic activity of LCCICCG/AMY at 70 . These results 

emphasize the significance of utilizing enzymatic combinations to enhance the recovery 

of depolymerization products from mixed (petro-bio)plastic waste, which could then be 

used as low-cost starting materials for the sustainable production of new synthetic or 

bio-based polymers.  

The yield of PET intermediates TPA, MHET, and BHET resulting from the 

enzymatic degradation of the neat PET and mixed PET-TPS films was examined at 50 

and 70  (Figure 3.7-5). The total amount of detected products at 30  was 

approximately 200- and 500-times lower than at 50 and 70 , respectively, thus it was 

intentionally neglected in the interest of calculating the yield of hydrolysis products. 

TPA was the main PET degradation product for all mixed PET-TPS samples treated by 

LCCICCG, from which between 69ï100% and 80ï100% TPA was detected at 50 and 70 

, respectively (Figure 3.7-5a, c). Interestingly, the treatment of mixed PET-TPS films 

with LCCICCG/AMY resulted in slightly higher TPA yields in comparison to LCCICCG 

alone, from which minimum TPA yields of 94% (PET-TPS30 at 50 , Figure 3.7-5b) 

and 86% (PET-TPS5 at 70 , Figure 3.7-5d) were measured. Such findings were 

correlated to the synergistic action of the dual-enzymatic treatment that simultaneously 

promoted the degradation of the mixed (petro-bio)plastics, where the increased 

degradation of TPS by AMY enabled the polymer chains of PET to become more easily 

accessible for the LCCICCG hydrolytic action, thus increasing the TPA yield. 
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Figure 3.7-5 Yield of PET degradation products (%) detected by HPLC analysis of the neat PET and 

mixed PET-TPS films: (a) LCCICCG and (b) LCCICCG/AMY treatments at 50 ; (c) LCCICCG and (d) 

LCCICCG/AMY treatments at 70 . 

As suggested by the FTIR and DSC results for the mixed PET-TPS films prior to 

biodegradation studies, the increase of TPS content mixed in PET has resulted in a 

decrease in the Xc. The reduced crystallinity of the starting PET-TPS films before 

enzymatic degradation enabled the enhancement of biocatalytic activity (Figure 

3.7-4a), resulting in 77% decomposition of the PET-TPS40 material, which showed the 

lowest crystallinity value (Xc = 26%, Table 2.16-1), in contrast with a 56% 

depolymerization observed for the neat PET film (Xc = 37%, Table 2.16-1), showing a 

correlation between the mixed materialsô low crystallinity and their susceptibility to 

enzymatic degradation. Upon biocatalytic treatment with LCCICCG/AMY, noticeable 

changes in the CI and Xc values were observed (Table 3.7-1). A rise of up to 5% in Xc 

in the neat PET samples treated with AMY or LCCICCG was noted. In contrast, no 

significant difference in crystallinity was observed between the non-treated control and 






































































































